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Abstract 

The preservation of genetic information stored in DNA is constantly challenged by exogenous and 

endogenous stress, such as UV radiation, mutagenic chemicals and reactive oxygen species. To 

maintain genomic integrity, cells have evolved very efficient mechanisms to sense and repair induced 

DNA damage. One major sensor is the enzyme poly(ADP-ribose) polymerase 1 (PARP1). Upon DNA 

damage recognition, it catalyzes the formation of poly(ADP-ribose) (PAR), which leads to the 

recruitment of repair factors and thus significantly contributes to the repair of DNA lesions. Protein 

recruitment is mainly mediated via non-covalent PAR-protein interactions. Several PAR binding 

modules have been identified within proteins, with PAR binding motifs (PBMs) being the most 

abundant ones. At the same time, however, they are the least characterized modules due to the 

absence of regular secondary structure elements. Dysfunctions in PARP1-dependent PARylation 

sensitize cells to DNA damaging agents increasing the risk for cancer development. Therefore, the 

detailed understanding of the molecular mechanisms can provide new opportunities for cancer 

therapy. Yet, structural studies of proteins involved in PAR synthesis and PAR binding are challenging 

due to their common multi-domain structures paired with flexible regulatory regions. 

During this thesis, an attenuated total reflection Fourier-transform infrared (ATR-FTIR) spectroscopic 

approach was developed, which allows the study of large and flexible biomolecules in a time-

dependent manner and under near-physiological conditions (Krüger et al., 2018). This approach 

included, on the one hand, the modification of the crystal surface with polyethylene glycol (PEG) linkers 

to prevent unspecific protein adsorption. On the other hand, the molecules of interest were site-

specifically immobilized at the PEG-modified surface via the biotin-streptavidin interaction to enhance 

the local surface concentration and thus improve the signal-to-noise ratio even at low analyte 

concentrations. Therefore, it offers an excellent platform to study the molecular mechanisms of non-

covalent PAR-protein interactions as well as PARP1-dependent PARylation. Combined with other 

biochemical as well as biophysical techniques, including size exclusion chromatography (SEC), 

differential scanning fluorimetry (DSF) and circular dichroism (CD) spectroscopy, new aspects in the 

field of PARylation could be revealed. Besides access to protein secondary structures and structural 

changes upon interactions, insights into binding mechanisms, binding kinetics and the enzymatic 

reaction of PARylation were obtained. 

One part of this thesis comprises the detailed analysis of the molecular mechanism of the non-covalent 

interaction of PAR and the tumor suppressor protein p53 (Fischbach, Krüger et al., 2018/ Krüger et al., 

2019). Even though several studies suggested an interplay between p53 and PAR, the binding 

mechanism was largely unknown. Three PBMs, which potentially mediate the high affinity to PAR, had 

been identified via peptide analysis. In this study, however, it could be shown that in the context of 

the full-length protein, those potential PBMs do not contribute significantly to the non-covalent PAR 

binding, but that PAR binding is instead mainly mediated via the C-terminal domain (CTD) of p53. The 

intrinsically disordered CTD is a regulatory domain and can modulate DNA binding and transcriptional 

activity of p53. Investigating the role of the CTD with regards to DNA binding, a positive regulatory 

function could be confirmed. Moreover, secondary structure analysis of p53 bound to DNA suggests 

that the CTD not only forms disordered structures, but probably also adopts helical or β-turn 

structures. Furthermore, by examining the p53-PAR interaction it could be confirmed that p53 exhibits 

a PAR chain length-dependent binding with higher affinities for long chains. But, the absence of 

structural changes of p53 binding to various PAR chain lengths suggests that only affinities and not 

binding mechanisms are affected by chain length. The analysis of the interplay of DNA and PAR binding 
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demonstrated that PAR is the preferential binding partner of p53. Moreover, distinct structural 

changes of p53 could be resolved, which point towards specific binding mechanisms. While DNA 

binding is mainly mediated via the DNA binding domain (DBD) and results in a compact structure of 

p53, PAR binding is mainly mediated via the CTD, keeping p53 in a rather loose structure. Combined, 

these data demonstrate the central regulatory function of p53’s CTD, which controls the dynamic 

interplay of DNA and PAR binding. Moreover, as the CTD can be considered a PBM-like region, first 

insights into the mechanisms of PBM-PAR interactions on a molecular and structural level were 

provided. 

Another part of this thesis deals with the molecular mechanisms of PARP1-dependent PARylation. By 

adjusting the ATR-FTIR spectroscopic approach, real-time monitoring of all steps including PARP1 

activation by binding to DNA damage models, NAD+ substrate binding, PAR formation and dissociation 

of PARP1 from DNA, was achieved (Krüger et al., manuscript). Thus, information on kinetic parameters, 

structural changes of PARP1, as well as information on the enzymatic reaction were obtained.  

Spectroscopic monitoring of PARylation after induction by NAD+ revealed that formation of PAR and 

dissociation of PARP1 from DNA positively correlate. Moreover, the efficiencies and kinetics of those 

processes were determined by the substrate availability and by the type of DNA strand break, being 

most efficient at DNA nicks and 3’ phosphorylated ends. Furthermore, upon addition of NAD+ small 

but distinct structural changes of PARP1 could be resolved, pointing towards an allosteric binding 

mechanism of NAD+. Similar structural changes were observed upon binding of pharmacological PARP 

inhibitors, suggesting analogous allosteric binding mechanisms. Furthermore, the detailed analysis of 

various PARP1 variants (PARP1\WT, PARP1\G972R, PARP1\Y986H, PARP1\Y986S), which had been 

shown to produce PAR of different chain lengths and branching frequencies, gave insights into the 

structure-function relationship of PARP1 (Rank, Krüger et al., manuscript). All single amino acid 

exchanges significantly altered the enzymatic reaction and resulted in the formation of shorter PAR 

chains. Moreover, it could be demonstrated that residue Y986 plays a central role in the branching 

reaction. While exchange to serine only slightly increased the occurrence of branching sites within PAR 

(1.7-fold), exchange to histidine drastically altered the branching frequency (16-fold). Investigating the 

effects of the mutations on the structure and enzymatic activity of PARP1 revealed that a reduced 

thermodynamic stability of PARP1 correlates with a reduced enzymatic activity. Therefore, a strong 

dependence of structure and function of PARP1 can be assumed. Due to the altered enzymatic activity 

with regards to initiation, elongation and branching, those variants not only provide insights into the 

enzymatic mechanisms, but also offer an ideal model system to define the biological significance of 

PAR heterogeneity, which is so far mainly unknown. 

In summary, this study reveals the dynamic molecular mechanisms underlying PARP1-dependent 

PARylation and PAR-protein interactions. The combination of biochemical, as well as biophysical 

approaches, which were established during this thesis, not only enables a detailed analysis of different 

aspects of PARylation, but also provides an ideal toolbox to investigate versatile biological mechanisms 

in future studies.   
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Zusammenfassung 

Die Erhaltung der in der DNA gespeicherten genetischen Information wird ständig durch exogenen und 

endogenen Stress wie UV-Strahlung, erbgutverändernde Chemikalien und reaktive Sauerstoffspezies 

herausgefordert. Zur Aufrechterhaltung der genomischen Integrität haben Zellen daher sehr effiziente 

Mechanismen für die Erkennung und Reparatur von induzierten DNA-Schäden entwickelt. Ein 

Hauptsensor ist das Enzym Poly(ADP-Ribose) Polymerase 1 (PARP1). Bei der Erkennung von DNA-

Schäden katalysiert es die Bildung von Poly(ADP-Ribose) (PAR), was zur Rekrutierung von 

Reparaturfaktoren führt und somit erheblich zur Reparatur von DNA-Schäden beiträgt. Die 

Proteinrekrutierung wird hauptsächlich über nicht-kovalente PAR-Protein-Wechselwirkungen 

vermittelt. Innerhalb von Proteinen wurden mehrere PAR-Bindungsmodule identifiziert, wobei PAR-

Bindungsmotive (PBMs) am häufigsten vorkommen. Gleichzeitig sind sie jedoch aufgrund von 

fehlenden regelmäßigen Sekundärstrukturelementen, die am wenigsten charakterisierten Module. 

Störungen in der PARP1-abhängigen PARylierung sensibilisieren Zellen für DNA-schädigende 

Substanzen und erhöhen somit das Risiko für die Krebsentstehung. Das detaillierte Verständnis der 

molekularen Mechanismen kann daher neue Möglichkeiten für die Krebstherapie eröffnen. 

Strukturuntersuchungen von Proteinen, die an der PAR-Synthese und der PAR-Bindung beteiligt sind, 

sind jedoch schwierig, da diese häufig eine Multi-Domänenstruktur mit flexiblen regulatorischen 

Bereichen aufweisen. 

Während dieser Doktorarbeit wurde eine ATR-FTIR (Attenuated Total Reflection Fourier-Transform 

Infrared) spektroskopische Methode entwickelt, welche die Untersuchung von großen und flexiblen 

Biomolekülen zeitabhängig und unter nahezu physiologischen Bedingungen ermöglicht (Krüger et al., 

2018). Diese Methode umfasst zum einen, die Modifikation der Kristalloberfläche mit 

Polyethylenglycol (PEG) Linker um die unspezifische Proteinadsorption zu verhindern. Zum anderen 

wurden die zu untersuchenden Moleküle spezifisch an der PEG-modifizierten Oberfläche über die 

Biotin-Streptavidin Interaktion immobilisiert um die lokale Oberflächenkonzentration zu erhöhen und 

somit das Signal-zu-Rauschen Verhältnis auch bei niedriger Analytkonzentration zu verbessern. 

Dadurch wurde eine exzellente Plattform zur Untersuchung der molekularen Mechanismen der nicht-

kovalenten PAR-Bindung, wie auch der PARP1 abhängige PARylierung, geschaffen. Durch die 

Kombination mit weiteren biochemischen und biophysikalischen Methoden, wie SEC (Size Exclusion 

Chromatography), DSF (Differential Scanning Fluorimetry) und CD (Circulardichroism) Spektroskopie, 

konnten neue Aspekte auf dem Gebiet der PARylierung aufgedeckt werden. Neben dem Zugang zu 

Proteinsekundärstrukturen und strukturellen Änderungen durch Interaktionen, konnten auch 

Einblicke in Bindungsmechanismen, Bindungskinetiken und in die enzymatische Reaktion der 

PARylierung gewonnen werden. 

Ein Teil dieser Dissertation behandelt die detaillierte Analyse der molekularen Mechanismen der nicht-

kovalenten Interaktion von PAR und dem Tumorsuppressor-Protein p53 (Fischbach, Krüger et al., 

2018/ Krüger et al., 2019). Auch wenn mehrere Studien auf ein Wechselspiel zwischen p53 und PAR 

hindeuteten, waren die Bindungsmechanismen weitestgehend unbekannt. Drei PBMs, welche 

potentiell die hohe Affinität an PAR vermitteln, wurden durch Peptidanalysen identifiziert. In dieser 

Studie konnte jedoch gezeigt werden, dass im Kontext des Volllängenproteins, diese PBMs nicht 

signifikant zur nicht-kovalenten PAR Bindung beitragen, sondern dass die PAR-Bindung hauptsächlich 

über die C-terminale Domäne (CTD) vermittelt wird. Die intrinsisch ungeordnete CTD ist eine 

regulatorische Domäne, welche die DNA Bindung und die transkriptionelle Aktivität von p53 

modulieren kann. Bei der Untersuchung der CTD und ihrer Funktion bei der DNA Bindung, konnte eine 
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positiv regulatorische Funktion bestätigt werden. Darüber hinaus deutete die Sekundärstrukturanalyse 

von p53, welches an DNA gebunden war, darauf hin, dass die CTD vermutlich nicht nur ungeordnete 

Strukturen aufweist, sondern auch helikale und β-Turn Strukturen annehmen kann. Des Weiteren 

konnte durch die Untersuchung der p53-PAR Interaktion bestätigt werden, dass p53 eine PAR 

Kettenlängen-abhängige Bindung, mit höherer Affinität an lange Ketten, aufweist.  Die Abwesenheit 

von strukturellen Änderungen von p53 bei der Bindung an verschiedene PAR-Kettenlängen deutet aber 

darauf hin, dass nur Bindungsaffinitäten und nicht Bindungsmechanismen durch die Kettenlänge 

beeinflusst werden. Die Analyse des Wechselspiels von DNA und PAR Bindung zeigte, dass PAR der 

bevorzugte Bindungspartner von p53 ist. Darüber hinaus konnten bestimmte strukturelle Änderungen 

von p53 aufgelöst werden, welche auf spezifische Bindungsmechanismen hindeuten. Während die 

DNA Bindung hauptsächlich über die DNA Bindedomäne (DBD) vermittelt wird und zu einer kompakten 

Struktur von p53 führt, wird die PAR Bindung vor allem über die CTD vermittelt, wodurch p53 in einer 

eher lockeren Struktur gehalten wird. Zusammen betrachtet verdeutlichen diese Daten die zentrale 

regulatorische Funktion der CTD, die das dynamische Wechselspiel von DNA und PAR Bindung steuert. 

Da die CTD als eine PBM-ähnliche Region betrachtet werden kann, konnten darüber hinaus erste 

Einblicke in die Mechanismen der PBM-PAR Interaktion gewonnen werden. 

Ein weiterer Teil dieser Dissertation beschäftigt sich mit den molekularen Mechanismen der PARP1-

abhängigen PARylierung. Durch die Anpassung der ATR-FTIR spektroskopischen Methode wurde die 

Echtzeit-Beobachtung aller Schritte erreicht, einschließlich der PARP1 Aktivierung durch Bindung an 

DNA-Strangbruchmodelle, die NAD+ Substrat Bindung, die PAR-Bildung und die PARP1 Dissoziation von 

der DNA (Krüger et al., Manuskript). Dadurch konnten Informationen zu kinetischen Parametern, 

strukturellen Änderungen, wie auch Informationen zur enzymatischen Reaktion gewonnen werden. 

Die spektroskopische Nachverfolgung der PARylierung nach Induktion durch NAD+ zeigte, dass die 

Bildung von PAR und die Dissoziation von PARP1 von der DNA eine positive Korrelation aufweisen. 

Darüber hinaus waren die Effizienz und die Kinetik dieser Prozesse von der Substratverfügbarkeit und 

von der Art des Strangbruchs bestimmt, wobei die Prozesse an DNA Einzelstrangbrüchen und 3’-

phosphorylierten Enden am effizientesten waren. Außerdem konnten bei der Zugabe von NAD+ kleine 

aber bestimmte Strukturänderungen von PARP1 aufgelöst werden, welche auf einen allosterischen 

Bindemechanismus von NAD+ hindeuten. Ähnliche Strukturänderungen wurden bei der Bindung von 

pharmakologischen PARP Inhibitoren beobachtet, was für einen analogen allosterischen 

Bindungsmechanismus spricht. Die detaillierte Analyse verschiedener PARP1-Varianten (PARP1\WT, 

PARP1\G972R, PARP1\Y986H, PARP1\Y986S), von denen gezeigt wurde, dass sie PAR unterschiedlicher 

Kettenlänge und Verzweigung erzeugen, gab darüber hinaus Einblicke in die Struktur-Funktions-

Beziehung von PARP1 (Rank, Krüger et al., Manuskript). Der Austausch einzelner Aminosäuren 

veränderte signifikant die enzymatische Reaktion aller Varianten und resultierte in der Bildung 

kürzerer PAR-Ketten. Es konnte außerdem gezeigt werden, dass Y986 eine zentrale Rolle in der 

Verzweigungsreaktion spielt. Während ein Austausch zu Serin nur leicht das Auftreten von 

Verzweigungsstellen innerhalb von PAR erhöhte (1,7-fach), führte ein Austausch zu Histidin zu einer 

drastischen Veränderung der Verzweigungsfrequenz (16-fach). Die Untersuchung des Effekts der 

Mutationen auf die Struktur und enzymatische Aktivität von PARP1 zeigte, dass eine reduzierte 

thermodynamische Stabilität mit einer reduzierten enzymatischen Aktivität korreliert. Deshalb kann 

eine starke Abhängigkeit zwischen Struktur und Funktion von PARP1 angenommen werden. Durch die 

veränderte enzymatische Aktivität hinsichtlich Initiation, Elongation und Verzweigung, geben diese 

Varianten nicht nur Einblicke in die enzymatischen Mechanismen, sondern stellen auch ideale 
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Modellsysteme für die Untersuchung der biologischen Signifikanz der PAR-Heterogenität dar, welche 

bisher weitestgehend unbekannt ist. 

Zusammenfassend betrachtet, zeigt diese Studie die dynamischen molekularen Mechanismen auf, 

welche der PARP1-abhängigen PARylierung und den PAR-Protein-Wechselwirkungen zugrunde liegen. 

Die Kombination von biochemischen, wie auch biophysikalischen Methoden, welche während dieser 

Doktorarbeit etabliert wurden, ermöglicht nicht nur die detaillierte Analyse verschiedener Aspekte der 

PARylierung, sondern bietet auch eine ideale Toolbox um vielseitige biologische Mechanismen in 

zukünftigen Studien zu untersuchen.  
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1. State of the art 

1.1. ADP-ribosylation 

Post-translational modifications (PTMs) are essential for the transduction of external stimuli to cellular 

outcomes. They regulate activity, localization and interactions of proteins with other molecules, 

including proteins, nucleic acids and cofactors. ADP-ribosylation is a PTM, which plays a role in a wide 

range of cellular processes, such as genome maintenance, cell cycle control, transcription and cell 

death [65]. It involves the conjugation of monomers (mono(ADP-ribosyl)ation (MARylation)) or 

polymers (poly(ADP-ribosyl)ation (PARylation)) of ADP-ribose units onto target proteins (Figure 1.1). 

The enzymatic reaction involves cleavage of the substrate NAD+, resulting in the formation of ADP-

ribose, which is attached to target proteins, and nicotinamide, which is released. Initiation of ADP-

ribosylation can occur at various amino acids, including glutamate, aspartate, serine, lysine, arginine 

and cysteine [34, 36, 65, 354]. What defines target specificity is mainly unknown. Yet, there are some 

indications that specificity is mediated via distinct binding partners [36, 58, 102]. Repeated cleavage 

of NAD+ results in the formation of PAR, which can reach up to 200 subunits. Chain elongation is 

performed via 2’-1’’-glycosidic ribose-ribose bonds between ADP-ribose units [246]. Every 20-50 ADP-

ribose units also branching sites, resulting in 2’’-1’’ glycosidic bonds can be inserted [245, 295, 301]. 

Thus, PAR is a very heterogenic polymer. Being a nucleic acid-like polymer, it has the potential to form 

secondary structures via base stacking interactions and hydrogen bonds. Yet, controversial studies 

exist. While earlier studies applying UV/Vis and CD spectroscopy postulate an α-helical fold [243, 244], 

more recent NMR spectroscopic data suggest the absence of any regular structure [311].  

Besides covalent modification of proteins, proteins can also interact non-covalently with MAR/PAR and 

thereby sense and modulate the signal. Several ADP-ribose binding modules have been identified, 

where only three are structurally well characterized. This includes the PBZ, WWE domains and 

macrodomains (Figure 1.1). While PBZ and WWE domains recognize only polymers of ADP-ribose, 

 

Figure 1.1. ADP-ribose binding modules. Proteins can be covalently modified with ADP-ribose units at several amino acids. MARylated 

or PARylated proteins are recognized by distinct ADP-ribose binding modules. While binding mechanisms of macrodomains, WWE 

domains and PBZ domains are well characterized, recognition of PAR by PBMs is largely unknown. Adapted  from [206].      
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macrodomains can also bind to monomers. The PBZ motif was found in a number of eukaryotic 

proteins, involved in the DNA damage response and checkpoint regulation [4]. Besides stacking 

interactions between a conserved tyrosine residue and adenine, specificity is mainly reached via 

recognition of the distal ribose and the pyrophosphate of the adjacent ADP-ribose unit [4, 28]. A recent 

study suggested that the tandem PBZ motifs of APLF specifically recognize branched sites within PAR 

[50]. Loss of the second PBZ switched PAR recognition from the branched to the linear chain. This is 

first evidence that branching might have distinct regulatory functions within cells. The WWE domain is 

named after the three most conserved residues. It was mainly identified in proteins containing an E3 

ligase or PAR catalytic domain and was therefore suggested to play a role in ubiquitylation and 

PARylation [19]. Binding is mediated via iso-ADP-ribose including the β-phosphate of one ADP-ribose 

unit and the α-phosphate of the following ADP-ribose unit [28, 359]. Macrodomains can bind more 

varied substrates including, besides the terminal residue of PAR and MARylated proteins, also ADP-

ribose metabolites [27]. Some macrodomains also exhibit catalytic activity. Binding is achieved through 

stacking interactions with the adenine ring, which is strengthened by interactions with the 

pyrophosphate. Specificity is reached by hydrogen bonding with the distal ribose unit. Several 

proteomic approaches took advantage of this high affinity binding and used the Af1521 macrodomain 

to enrich MARylated and PARylated proteins and thereby identify ADP-ribosylation targets [34, 65, 

150]. A less characterized PAR binding module is the PAR binding motif (PBM) (Figure 1.1). It comprises 

a 20 amino acid sequence containing two conserved regions: a cluster rich in basic amino acids and a 

pattern of hydrophobic amino acids interspersed with basic residues [98, 278]. An in silico analysis 

identified more than 800 proteins harboring this motif, making it the most abundant PAR binding 

module [28, 100]. Many PBM containing proteins are involved in the DNA damage response and DNA 

repair such as DNA ligase III, XRCC1, xeroderma pigmentosum group A complementing protein (XPA) 

and the tumor suppressor protein p53 [278]. The affinity of the PAR-PBM interaction can be very high 

(nanomolar range), depending on PAR chain length as well as the binding protein [81]. Affinity is likely 

mediated via electrostatic attractions between the positively charged PBM and the negatively charged 

PAR chain. Yet, structural data are missing so far, mainly due to the high flexibility of both binding 

partners. More recent emerging PAR binding modules comprise the FHA, OB-fold, PIN domain, RRM, 

SR and KR repeats, RGG repeats and BRCT domain [332]. They contain sequence elements, which on 

the one hand have high affinity for PAR and on the other hand contribute to nucleic acid or PTM 

interactions.   

Not only proteins can be a target of covalent ADP-ribosylation. Several biochemical and mass 

spectrometric analysis demonstrated the modification of DNA termini in vitro [32, 253, 329]. 

Moreover, a recent study analyzed purified genomic DNA from PARG-depleted HeLa cells and provided 

first evidence for the presence of DNA-PAR adducts in live cells [371].  

1.2. PARP family 

MARylation and PARylation are performed by members of the poly(ADP-ribose) polymerase family. 

This family comprises 17 members with distinct structural domains, subcellular localizations, functions 

and catalytic activities. While only four can catalyze the formation of polymers (PARP1, 2, 5a, 5b), 11 

add single ADP-ribose units (PARP3, 4, 6-8, 10-12, 14-16) and 2 are catalytically inactive (PARP9, 13) 

[206]. Targets of ADP-ribosylation are mainly PARPs themselves (automodification). The catalytic 

domain of many PARPs contains a conserved H-Y-E motif. Even though all PARPs that can generate PAR 

contain a glutamate in the third position, it is not the sole indicator of catalytic activity. Besides this 

catalytic triad, other structural components might determine activity. Accordingly, the deficiency of 
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polymerase activity of PARP3 and 4, which contain the glutamate residue, might be explained by a 

distinct structure of the donor loop [354]. In all other MARylating PARPs, the glutamate residue is 

exchanged by a hydrophobic amino acid such as isoleucine, leucine or tyrosine. Inactivity of PARP9 and 

13 might be caused by the loss of the conserved histidine residue [115, 354]. Not only PAR chain 

elongation is distinct for different PARP family members, but also the formation of branching points. 

A recent study suggested that besides PARP1, mainly PARP2 mediates branched PARylation in 

response to DNA damage [50]. 

1.3. PARP1 

PARP1 is the founding member of the PARP family and was discovered more than 50 years ago [47]. It 

is mainly responsible for cellular PAR levels upon genotoxic stress. Together with PARP2 and PARP3, it 

belongs to the DNA-dependent PARPs, where binding to several types of DNA strand breaks stimulates 

catalytic activity. Recruitment of PARP1 to sites of DNA damage is one of the first events in the DNA 

damage response. The resulting PARylation functions as a scaffold for protein recruitment and 

contributes to the repair of single-/double-strand breaks and bulky lesions, stabilization of replication 

forks and chromatin modifications [290]. Automodification of PARP1 triggers dissociation from DNA 

and thus allows accessibility of other repair factors to sites of DNA damage [192, 254]. PARP1 is the 

dominant member of the PARP family in the DNA damage response. Still, it has some shared and 

overlapping functions with PARP2 [121, 141, 235, 290]. The redundancy of both enzymes is 

demonstrated by the embryonic lethality of mice lacking PARP1 and PARP2 and the viability of mice 

lacking only one of both enzymes [235].  

1.3.1. Structure and allosteric activation 

PARP1 has a multi-domain structure consisting of three zinc finger domains (Zn1, 2, 3), a breast cancer 

susceptibility protein-1 C terminus (BRCT) domain, a conserved Trp-Gly-Arg (WGR) domain and a 

catalytic domain, which is composed of a helical domain (HD) and the ADP-ribosyltransferase (ART) 

domain (Figure 1.2A). Zn1, Zn3, the WGR domain and the catalytic domain are essential for robust 

DNA-dependent activation, while Zn2 and the BRCT domain are negligible [191]. Even though the 

crystal structure of the full-length protein is still missing, combinations of individual domains gave 

insights into their functions on a molecular level. Recognition and binding of PARP1 to DNA strand 

breaks is mediated via Zn1, 2 and 3. The binding mechanism was solved by crystal and NMR structures 

of the Zn domains in complex with different DNA strand breaks [10, 78, 157, 193, 195]. While Zn1 is 

crucial for binding to single- and double-strand breaks, Zn2 mainly contributes to single-strand break 

binding and is not essential for DNA-dependent activation of PARP1. Zn3 mainly promotes interdomain 

contacts. Its structure is unrelated to the structure of Zn1 and 2 [197]. No clear preference of PARP1 

for the type of strand break has been observed so far. In contrast, PARP2 and PARP3 are mainly 

activated by DNA breaks harboring a 5’ phosphate group [192].  BRCT domains are often found in DNA 

repair and checkpoint proteins. Hence, they were proposed to play a central role in PARP1-protein 

interactions [216]. Proteolytic analysis suggested that they are the major site of automodification [153, 

260]. However, a semi-quantitative mass spectrometric approach determined major automodification 

within the linker regions between BRCT/WGR and WGR/HD domains [97]. The WGR domain has direct 

contact to DNA and promotes interdomain contacts [191]. The HD is an autoinhibitory domain. It 

consists of six α-helical domains, which form a hydrophobic core. A recent study using a non-

hydrolysable NAD+ analogue could show that under non-activated conditions, it blocks access of NAD+ 

to the catalytic center of the ART domain [198]. Activation of PARP1 upon DNA binding occurs via a 
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multi-domain allosteric switch (Figure 1.2B) [68, 79, 191, 198]. It results in structural distortions of the 

HD, which are promoted by interdomain contacts between Zn1, Zn3 and the WGR domain, and thereby 

allows access of NAD+. Accordingly, deletion of HD leads to constitutively active PARP1 [68]. Besides 

the allosteric activation mechanism upon DNA binding, also evidence for reverse allostery was given 

[198]. This included structural changes of PARP1 at the DNA binding surface upon NAD+ binding, 

increasing affinity for DNA damage. This study also provided the first crystal structure of human 

catalytic domain in complex with an NAD+ analogue [198]. Controversial data exists regarding the 

mode of action of PARP1. While earlier data suggested a dimeric action and as a consequence 

PARylation in trans [233, 277], more recent studies including structural data, biophysical analysis and 

also a cell-based assay, support the notion of a monomeric action and thus PARylation in cis [79, 191, 

209, 214, 226, 321]. Interestingly, recent work analyzing full-length PARP1 via electron microscopy 

indicated a dimer formation of PARP1, but in the absence of DNA [166].   

1.3.2. Catalytic reaction 

Binding and processing of NAD+ occurs in the ART domain (Figure 1.2A and Figure 1.3A).  The donor 

site within the ART domain, which positions the donor ADP-ribose for the transferase reaction, is well 

characterized. It contains a nicotinamide-binding pocket, a phosphate binding site and an adenine-

ribose binding site. Here, also the conserved H-Y-E motif is located. In contrast, less is known about 

the acceptor site, as structural data is mainly missing so far. All knowledge derives from the crystal 

structure of a NAD+ analogue bound to a proposed acceptor site of chicken PARP1 [301]. The catalytic 

mechanism of PARylation was proposed by sequence similarities between PARP1 and several ADP-

ribosylating toxins [227], combined with mutagenesis and crystal structures (Figure 1.3B) [9, 295, 300, 

301]. Catalytic reaction of PARP1 can be categorized into three steps: initiation, elongation and 

branching. E988 was suggested to mediate initiation by facilitating a nucleophilic attack by an acceptor 

amino acid residue at the nicotinamide-ribose bond [227]. However, as mutations of E988 did not 

 

Figure 1.2. Allosteric activation of PARP1 upon binding to sites of DNA damage. (A) Structural model of full-length PARP1 bound to a 

single-strand break. Combination of crystal and NMR structures of individual domains. Adapted from [189]. (B) Proposed mechanism for 

allosteric regulation of PARP1. Adapted from [189]. 
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completely abrogate initiation, it was suggested that acceptor residues may act as intrinsic 

nucleophiles [295]. In contrast, E988 is essential for elongation and branching. During elongation, it 

mediates the correct positioning of the substrate by forming hydrogen bonds with the ribose of the 

acceptor adenosine and the adenosine of NAD+. Thereby, it promotes the nucleophilic attack. During 

branching, it functions in a similar manner, but activates the other ribose of the distal ADP-ribose unit 

[227, 301]. A detailed mechanism for the branching reaction was proposed according to the crystal 

structure of an NAD+ analogue bound to chicken PARP1 [301]. Analysis of the electron density map 

revealed that while pyrophosphates of the acceptor ADP-ribose are tightly bound via several PARP1 

residues including Y986, interactions with the adenine moiety are much weaker. Combined with an 

open cleft of PARP1 on both sites, it was concluded that branching occurs by flipping the acceptor PAR 

chain 180°. Interestingly, the PARP1 mutant Y986H shows an increased branching frequency, 

suggesting that stronger interactions with the acceptor pyrophosphates promote branching [295].    

1.4. PARP inhibitors 

The central role of PARP1 and PARP2 in the DNA damage response renders them interesting targets 

for cancer therapy. Several PARP inhibitors have been developed. The most extensively studied ones, 

which are already approved by the FDA or which are now in later-stage clinical trials, include olaparib, 

niraparib, rucaparib, veliparib and talazoparib. They all mimic the nicotinamide moiety and bind to 

 

Figure 1.3. Catalytic reaction mechanism of PARP1. (A) ART fold of PARP1 bound to a non-hydrolysable NAD+ analogue. Location of 

acceptor site is based on crystal structure of chicken PARP1 [301]. Adapted from [189]. (B) Proposed catalytic reaction mechanism for 

initiation, elongation and branching. The conserved H-Y-E motif is highlighted in red. Adapted from [9].   
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PARPs at the nicotinamide binding pocket within the catalytic domain. While veliparib and niraparib 

were shown to selectively inhibit PARP1 and PARP2, olaparib, rucaparib and talazoparib were shown 

to be more potent inhibitors of PARP1, but less selective [333]. Most clinical trials put emphasis on the 

treatment of breast and ovarian cancers in patients harboring breast cancer (BRCA)  1 and 2  germline 

mutations. This is based on the concept of synthetic lethality. BRCA1/2 are tumor suppressors and are 

important for homologous recombination. But, while the mutations alone are not lethal, combination 

with PARP inhibition triggers cell death. Initially, only the loss of repair capacity was thought to mediate 

this phenomenon. However, rising evidence suggests an additional effect: PARP trapping, where 

inhibited PARP enzymes are trapped on damaged DNA [127, 254, 322]. Interestingly, trapped PARP1-

DNA complexes are more cytotoxic than the deletion of PARP1 [254, 255]. Two potential mechanisms 

are currently discussed. On the one hand, an allosteric binding mechanism was suggested, where 

inhibitor binding results in structural changes at the DNA binding surface and thereby stabilizes DNA 

binding. This is similar to the mechanism, which was proposed for NAD+ binding (Figure 1.2B) [198]. 

This theory was mainly suggested, as the inhibitor potency does not linearly correlate with the trapping 

effect [254]. A recent study, performing molecular dynamics of PARP1 in the presence of various PARP 

inhibitors, revealed structural changes and rearrangements in domains, which might promote 

enhanced DNA binding affinity [179]. Yet, structural data are missing so far. In contrast, biochemical 

and cellular evidence exists, indicating that trapping is mainly due to inhibition of catalytic activity [48, 

132]. The catalytic inhibition prevents PARylation-dependent dissociation from DNA and consequently 

traps PARP on damaged DNA. Besides the mono-therapeutic treatment of cancers with HR repair 

deficiencies, PARP inhibitors have the potential to be applied in combination with conventional cancer 

treatments, such as chemotherapy and radiation therapy [231].       

1.5. PAR degrading enzymes 

Cellular PAR levels are highly dynamic. In HeLa cells, they reach maxima approximately 5 min after 

H2O2 treatment. This is followed by a fast decrease and already after 30 min, basal levels are reached 

again [289]. Poly(ADP-ribose) glycohydrolase is the enzyme, which is mainly responsible for the 

degradation of PAR. It hydrolyzes the glycosidic bonds and thereby releases ADP-ribose units. 

Exoglycosidase as well as endoglycosidase activity have been proposed [39, 40, 124], where the 

processive action was strongly dependent on PAR chain length [124]. Crystal structure of PARG, 

incorporating the PAR substrate, revealed that it probably acts predominantly as an exoglycosidase, 

where the balance between exo- and endo-activity is affected by the PAR/PARG ratio [26]. The catalytic 

domain of PARG contains an ADP-ribose binding domain [317]. Still, it is only able to process the 

cleavage of PAR chains and not the removal of mono-ADP-ribose from proteins [317]. The importance 

of the turnover of PAR becomes evident by the drastic effects of PARG depletion. Depletion of PARG 

in cells makes them hypersensitive to genotoxic stress [59, 242] and depletion of PARG in mice results 

in embryonic lethality [165]. Mono-ADP-ribosylation can be reversed by several enzymes, including 

family members of the ADP-ribose hydrolases (ARH1 and 3) and of the macrodomain-containing ADP-

ribose enzymes, such as terminal ADP-ribose protein glycohydrolase 1 (TARG1) and macrodomain-

containing proteins 1 and 2 (MACROD1 and 2) [206, 262]. Each enzyme shows distinct specificity. ARH1 

possesses activity towards ADP-ribosylated arginines [186, 250]. ARH3 has a bifunctional role. On the 

one hand, it is able to remove serine ADP-ribosylation and on the other hand, it has similar activity to 

PARG and can cleave glycosidic bonds within PAR. However, it cannot compensate the loss of PARG 

[165]. MACROD1 and MACROD2 specifically catalyze the removal of ADP-ribose from acidic residues 

[144]. It was suggested that MACROD2 can remove ADP-ribose from PARP1 and thereby restores its 
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catalytic activity, as MACROD2 deletions cause impaired PARP1 activity and chromosome instability in 

colorectal cancer [304, 305]. Several enzymes were described, which can only partly remove ADP-

ribosylation. This includes members of the nucleoside diphosphates linked to moiety-X (NUDIX) 

superfamily, as well as ectonucleotide pyrophosphatase/phosphodiesterase 1 (ENPP1) [66, 266, 268].  

1.6. The tumor suppressor p53 

p53 is the so called ‘guardian of the genome’ [188]. Somatic mutations in the TP53 gene are one of the 

most frequent alterations in human cancers and occur in almost every type of cancer [264].   

1.6.1. Structure 

p53 is a multi-domain protein, consisting of a transactivation domain (TAD), a proline-rich region (PRR), 

a DNA binding domain (DBD), a tetramerization domain (TD) and a C-terminal domain (CTD) (Figure 

1.4A and B) [147]. The TAD is essential for transcriptional activity of p53. It mediates gene expression 

by binding to transcriptional cofactors and components of the transcriptional machinery [147, 324]. 

Even though it is intrinsically disordered in an unbound state, disorder-to-order transitions could be 

shown upon binding to various partner proteins [35, 71, 86, 183, 281]. The DBD is essential for 

sequence-specific DNA binding. It consists of a central immunoglobulin-like β-sandwich scaffold, a 

loop-sheet-helix motif and two loops, which form the DNA binding surface (Figure 1.4C). A 

tetrahedrally coordinated zinc ion stabilizes the structure [54]. Zinc chelation disrupts the architecture 

of the DBD and results in similar phenotypes like mutant forms of p53 [236]. Tetramerization is 

essential for the function of p53 as tumor suppressor. It is important for site-specific DNA binding, 

posttranslational modifications and protein-protein interactions [152]. The TD is made up by a dimer 

of dimers. Each subunit consists of a β-strand, followed by an α-helix, which are connected via a turn. 

The primary dimers are formed via an antiparallel intermolecular β-sheet and helix-packing 

interactions. The secondary dimers are stabilized by hydrophobic interactions between those helices 

[56]. The CTD is a regulatory domain and modulates p53 activity at various instances, including DNA 

 

Figure 1.4. Structure of p53. (A) Schematic representation of the multi-domain structure of p53. (B) SAXS model of full-length p53 in its 

unbound (left) and DNA-bound state (right). Adapted from [148]. (C) Crystal structure of DBD bound to DNA. Residues, which are hotspot 

mutations in cancer and which are essential for DNA contacts, are highlighted. Adapted from [148].   
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binding, cofactor recruitment and potentially nuclear sublocalization to RNA factories (Figure 1.5A-C) 

[324]. Like the TAD, the CTD is disordered in an unbound state, but can form regular structures upon 

binding to other proteins [251, 302, 324].  

Despite more than fifty years of research, the structure of the full-length protein has not been solved. 

This is due to some limitations of conventional methods applied in structural biology: p53 is too flexible 

for crystallography, too big for NMR spectroscopy and still small for cryo-electron microscopy. Yet, 

some attempts have been made. Via a multi-technique approach applying NMR spectroscopy, small 

angle x-ray scattering (SAXS), computations and electron microscopy, it could be shown that full-length 

p53 has an open, cross-shaped structure with the TD at its center and a pair of loosely coupled DBD 

dimers at the ends. Upon DNA binding, the structure closes around the DNA and becomes more 

compact (Figure 1.4B) [147, 334]. A chemical cross-linking and mass spectrometric approach was in 

agreement with this SAXS model, but suggested a more compact form of the tetramer [20].    

1.6.2. DNA binding 

Genome-wide mapping of p53 transcription factor binding sites revealed that most p53 response 

elements consist of consecutive half-sites without spacers between them [360]. Crystal structure of 

p53 core domain bound to a full consensus site revealed that this binding is a cooperative self-

assembling process, which induces small structural changes of p53, as well as of DNA. Those structural 

changes occur mainly in the L1 loop of p53 and at local base-pairs within the B-form DNA [51]. This 

induced fit mechanism, involving the conformational switch of the L1 loop, might explain the observed 

independent regulation of DNA binding affinities and DNA binding off-rates [75, 274]. While earlier 

data suggested a negative regulatory function of the CTD with regards to sequence-specific DNA 

binding [138], more recent data support a positive regulatory function (Figure 1.5A). Besides allowing 

fast sliding along DNA, it is also important in binding to and transactivation of downstream promotors 

[201, 202, 232, 326]. Peptide studies suggest an ionic interaction of the CTD with DNA, which is mainly 

mediated via Lys373, Lys381, Lys382. Acetylation of those residues weakens binding affinity [94].  

 

 

Figure 1.5. Regulatory function of p53’s CTD. (A) The CTD - a positive regulator of DNA binding. It allows fast scanning of DNA and 

increases binding stability. Adapted from [324]. (B) The intrinsically disordered CTD can adopt regular structures upon binding to binding 

partners. Adapted from [324]. (C) The CTD potentially regulates sublocalization to RNA factories. Adapted from [324]. 
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1.6.1. Modes of regulation 

Being a transcription factor, p53 

regulates the expression of a wide 

range of genes. Within the human 

genome, more than 4000 p53 

binding sites that regulate the 

expression of more than 500 genes 

have been identified [360]. Those 

genes are involved in several 

cellular processes, including e.g. 

cell-cycle arrest, senescence, 

apoptosis, repair of genotoxic 

damage and cell survival [350]. 

Under non-stressed conditions, 

cellular levels of p53 protein are 

very low. This is caused by the 

continuous proteasomal degradation of p53 by the E3 ligase mouse double minute 2 homolog (MDM2) 

(Figure 1.6). Upon various types of stress signals, cellular p53 levels become stabilized. This includes 

e.g. activation of oncogenes, DNA damage or nutrient deprivation. The classical model of activation 

includes three rate-limiting steps: stabilization of p53 mediated by phosphorylation (ATM, ATR, CHK1, 

CHK2), sequence-specific DNA binding and interaction with the transcriptional machinery, which 

induces target gene activation (Figure 1.6) [21, 176]. One prominent example is the activation of cyclin-

dependent kinase inhibitor (CDKi) p21, which is critical for p53-mediated cell cycle arrest and 

senescence [1].    

The regulation of p53, including DNA binding, target-gene selection, stability and overall function, is 

influenced by several post translational modifications (PTMs). More than 300 PTMs of p53 have been 

identified by mass spectrometry [70] and the type of PTM was shown to be dependent on the type of 

DNA damage [18]. The best studied PTMs of p53 are phosphorylation and acetylation. Phosphorylation 

is mainly found within the TAD. This includes phosphorylation of Ser15, which is mediated by ATM and 

ATR and is essential for cell cycle arrest. In contrast, acetylation is mainly found in the CTD at several 

lysine residues. Yet, the molecular mechanism of this process is still not completely understood. 

Further PTMs include e.g. ubiquitination and methylation. It is suggested that different PTMs of p53 

impact each other and perform considerable crosstalk [116]. 

1.6.2. p53 and cancer 

Most somatic mutations found in the TP53 gene are missense mutations located within the DBD. Even 

though mutations were identified in almost every codon of the DBD, 25% are found at 6 hotspots, 

including amino acids R175, G245, R248, R249, R273, and R282 (Figure 1.4C) [273, 370]. Those 

mutations have several impacts on the function of p53 and can be classified into two groups: mutations 

affecting amino acids that are critical for contacting DNA (e.g. R248 and R273) and mutations disrupting 

the structure of the DBD (e.g. R175, G245, R282, and R249) [30, 264, 370]. In both cases, binding to 

the consensus sequence and transcriptional activity are impaired. Additionally, dominant negative 

effects of mutant p53 proteins can drive tumor formation. This includes the formation of tetramers 

with p53 WT [240, 241] or oncogenic activity of mutant p53 proteins in cells lacking p53 WT [41, 370]. 

 

Figure 1.6. Classical model of activation of p53. Under unstressed conditions cellular 

p53 levels are low due to proteasomal degradation. Upon several stress signals post-

translational modifications of p53 result in its stabilization and transcriptional 

activation. Adapted from [21]. 
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Therefore, p53 does not only lose its purpose of tumor suppression but may also gain new functions 

(GOF mutants). The central role of p53 in tumor suppression is also reflected by Li-Fraumeni syndrome 

patients. Those patients carry a germline mutation in the TP53 gene and have a higher risk of 

developing a wide range of early-onset cancers. Interestingly, more pronounced effects are observed 

for missense p53 mutations in comparison to deletion mutations supporting the GOF of mutant p53 

[38]. Therefore, strategies are developing to restore p53 function and thereby induce tumor cell death 

and elimination. Two compounds, which can reactivate mutant p53 protein, are now tested in clinical 

trials [44].   

1.6.3. p53 and PAR 

Several studies suggest an interplay between p53 and PAR, as well as PARP1. It was proposed that 

PARP1 and p53 interact to maintain genomic integrity, as the additional deficiency of PARP1 in p53-

deficient mice increased tumorigenesis [336]. Moreover, mouse cells lacking PARP1 showed a 

defective induction of p53 [3] and inhibition of PARP1 in human cells resulted in a delayed induction 

of p53 responsive genes in response to ionization radiation [366]. Additionally, several studies  

identified p53 as a substrate for covalent attachment of ADP-ribose and PAR [180, 234, 315, 349, 363]. 

Hence, an extensive covalent PARylation of p53 was observed during apoptosis in human 

osteosarcoma cells. Here, a decrease in PARylation correlated with induction of the apoptosis related 

responsive genes Bax and Fas [315]. 

Three potential PAR binding sites have been identified within p53 via a dot blot assay using synthetic 

oligopeptides. Two are located in the DBD (amino acid positions 153–178 and 231–253) and one is 

located in the TD (amino acids 326–348) [224]. Furthermore, it could be shown via electrophoretic 

mobility shift assays (EMSAs) that the affinity of p53 towards PAR increases with increasing PAR chain 

length and that long PAR chains resulted in several p53-PAR complexes [82]. This non-covalent PAR 

binding, as well as covalent PARylation were shown to prevent sequence specific, as well as sequence 

independent DNA binding of p53 [224, 234]. Still, the exact mechanism is unknown. 

1.7. Studying proteins by ATR-FTIR spectroscopy 

Proteins are essential parts of all organisms and play key functions in all cellular processes. To 

understand those processes on a molecular level, structural studies of proteins are crucial. Classical 

methods include crystallography, NMR spectroscopy and electron microscopy. Yet, they have some 

limitations and structures of many proteins remain unsolved. This includes especially large multi-

domain proteins, containing dynamic flexible regions. They are often too big for NMR spectroscopy, 

too flexible for crystallography and still too small for electron microscopy. In contrast, infrared 

spectroscopy is not limited by those factors. It provides information on protein secondary structure, 

molecular mechanisms of protein reactions, as well as protein folding and misfolding [29, 125]. Even 

though it does not provide atomic resolution of protein structures, it is extremely powerful with 

regards to structural changes.  

The absorption of infrared light excites vibrational transitions within molecules. The position of 

infrared absorption bands depends mainly on the vibrating masses, the type of bond and the type of 

vibration. This is further influenced by the electronic effect of the environment and coupling with other 

vibrations. The strength of absorption is determined by the polarity of the bond. Due to the large 

number of atoms within proteins, infrared spectra of proteins consist of many overlapping bands. Still, 

they are dominated by characteristic bands, which arise due to the very repetitive protein backbone. 
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First studies were performed on N-methylacetamide (NMA), which is the smallest molecule containing 

a trans peptide group [171]. Nine characteristic bands occur: amide A (~3300 cm-1), amide B (~3100 

cm-1), amide I (~1650 cm-1), amide II (~1550 cm-1), amide III (~1300 cm-1), amide IV (~735 cm-1), amide 

V (~635 cm-1), amide VI (~600 cm-1) and amide VII (~200 cm-1). For structural studies of proteins, 

mainly the amide I band is analyzed as it is sensitive to secondary structures. It arises due to C=O 

stretching vibrations of the amide group coupled with in-phase bending of the N-H bond and stretching 

of the C-N bond [24, 171]. The structure sensitivity is mainly caused by transition dipole coupling [2, 

53, 170, 256]. Combinations of computational and experimental data enabled the definition of rules 

for distinct secondary structures: α-helices typically occur at 1648-1657 cm-1, β-sheets at 1623-1641 

and 1674-1695 cm-1, turns at 1662-1686 cm-1, disordered structures at 1642-1657 cm-1 and 310-helices 

at 1660-1666 cm-1 [29, 368].  Still, usually the amide I band is a single broad band and band-narrowing, 

or curve fitting techniques need to be applied to resolve structural components. To examine structural 

changes of proteins, e.g. upon molecular interactions or during enzymatic reactions, difference 

spectroscopy displays the method of choice. By calculating difference spectra of two states of a protein 

all vibrational modes, which do not change, are cancelled out. Thereby, absorbance changes, which 

are small compared to the total absorbance, can be resolved. 

Modern infrared spectrometers are Fourier transform infrared (FTIR) spectrometers. They allow the 

simultaneous collection of data over a wide spectral range. Therefore, a rapid data collection is 

possible, combined with a good high signal-to-noise ratio [29]. The major challenge studying proteins 

via infrared spectroscopy is the strong absorption of water, which overlaps the amide I band. 

Therefore, a combination of small optical path length, which reduces the absorption of water, with 

high protein concentrations (>10 mg/ml) is needed. But, the preparation of reproducible small optical 

path lengths is challenging. One possibility to circumvent this issue is the use of D2O instead of H2O. 

This results in the shift of the absorption bands of water to lower frequencies, which consequently no 

longer overlap with the amide I band. However, the H-D exchange might affect strength and length of 

hydrogen bonds and thus also protein secondary structure [342]. Another option is the application of 

attenuated total reflection (ATR) -FTIR spectroscopy [104]. Here, the sample is measured at the surface 

of an ATR crystal. The infrared beam is coupled into the ATR element at a certain angle, resulting in 

total internal reflection. At the surface of the ATR element an evanescent field emerges. Therefore, 

the penetration depth of light into the sample is fixed and small (<1 µm) and facilitates the subtraction 

of water.  

Even though ATR-FTIR spectroscopy has high potential to address various cellular processes on a 

molecular and structural level, only few studies exist analyzing protein-DNA interactions [297, 298, 

328, 346, 347] and so far no studies exist in the field of PARylation.  
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2. Aim of the study 

One of the first events upon many forms of genotoxic stress is the recruitment of PARP1 to sites of 

DNA damage. Its activation and resulting formation of PAR leads to the attraction of several DNA repair 

proteins, contributing to the repair of DNA lesions. Non-covalent binding of proteins to PAR can 

regulate several functions, such as protein-protein and protein-nucleic acid interactions. One of the 

most abundant PAR binding modules found in proteins is the PAR binding motif (PBM). Yet, the 

structural mechanism behind this non-covalent binding, together with the exact molecular mechanism 

underlying the process of PARP1-dependent PARylation are still not completely understood. The lack 

of structural data is mainly caused by the fact that large multi-domain proteins with flexible and 

dynamic regions are involved in those processes, which are difficult to study by conventional methods 

such as crystallography and NMR spectroscopy. Therefore, alternative methodologies are needed. One 

objective of this thesis was to develop an ATR-FTIR spectroscopic approach, which allows the study of 

PARylation-related processes under near-physiological conditions and in a time-dependent manner. 

Combined with other biophysical and biochemical methods, it was aimed to understand in detail the 

molecular and structural mechanisms of:  

1. The PBM-mediated non-covalent p53-PAR interaction and 

2. PARP1-dependent PARylation. 

Three potential PBMs were identified within p53, which mediate high affinity to PAR [224]. Moreover, 

binding of p53 to PAR was shown to be chain length dependent, having a higher affinity for long chains 

[81]. Combined, those data offered a good starting point for a detailed study of a PBM-mediated non-

covalent PAR-protein interaction. In a first attempt, the exact PAR binding site within the full-length 

protein should be identified, followed by a detailed structural characterization of the interaction. 

Finally, the interplay of DNA and PAR binding and structural differences between both binding 

mechanisms should be elucidated. 

Concerning PARP1-dependent PARylation, it was aimed at understanding the processes and structural 

consequences of DNA binding, NAD+ binding, PARylation and the resulting dissociation of PARP1 from 

DNA. So far, most studies only offer snapshots of each process, missing the dynamic interplay. 

Therefore, the established ATR-FTIR spectroscopic approach should be applied to monitor all processes 

during PARP1-dependent PARylation in real-time. Here, also the effect of different types of DNA strand 

breaks on PARP1’s structure and activation should be examined. Moreover, the structural 

consequences of inhibitor binding and the suggested allosteric binding mechanism should be explored 

in detail. An additional objective of this thesis was to analyze the relationship between PARP1 structure 

and PAR formation, obtaining a better understanding of the enzymatic process including initiation, 

elongation and branching. Therefore, PARP1 variants, which were shown to produce PAR of different 

chain lengths and branching frequencies, should be generated and analyzed in detail. Besides 

information on the enzymatic mechanism, this analysis should also give access to study the biological 

significance of the heterogeneity of PAR, which is so far mainly unknown.  

In summary, it was expected that the obtained data provide new insights into the mechanisms of 

PARylation and PAR-protein interactions with a formerly inaccessible molecular and temporal 

resolution. 
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3. A combined approach of surface passivation 

and specific immobilization to study 

biomolecules by ATR-FTIR spectroscopy 

Annika Krüger, Alexander Bürkle, Aswin Mangerich and Karin Hauser 

Biomedical Spectroscopy and Imaging, 7: 25-33, 2018 

3.1. Record of contribution 

Design and conduction of all experiments, data evaluation, preparation of figures and writing of first 

version of the manuscript. Significant contributions during editing and discussion of the manuscript.   

3.2. Abstract 

Attenuated total reflection Fourier-transform infrared (ATR-FTIR) spectroscopy is a surface-sensitive 

and label-free technique, which is applied to obtain dynamic structural information of biomolecules. 

The study of proteins by ATR-FTIR spectroscopy can be impeded by their tendency to adsorb to solid 

surfaces. Furthermore, the adsorption process of proteins is often accompanied with conformational 

changes, which can interfere with the intended structural analysis. We efficiently modified a silicon 

ATR crystal surface with polyethylene glycol and thereby create a protein-repellent surface. To achieve 

a high sensitivity, which enables the study of small conformational changes of biomolecules, we 

combine surface passivation with specific immobilization. This is accomplished via the biotin-

streptavidin interaction, which is one of the strongest known non-covalent protein-ligand interactions. 

As a proof of concept we present the specific immobilization of DNA. The modified surface is stable 

against elevated temperatures and 8 M urea and can therefore be used to study a wide range of 

biochemical systems and reactions. The surface chemistry is simple and performed under mild 

conditions, which leads to a high applicability of the presented approach.   

Keywords: ATR-FTIR spectroscopy, biomolecules, protein adsorption, surface passivation, specific 

immobilization 

3.3. Introduction 

Thousands of protein structures have been determined to date, which fundamentally improved our 

understanding of biochemical and cellular processes. Yet, most often those structures give only static 

snapshots and lack information on structural dynamics.  Infrared (IR) spectroscopy is a label-free 

method, which reveals dynamic structural information of biomolecules and proteins including their 

protonation state, hydrogen bonding and orientation. However, the strong absorption of water in the 

amide I region (1600-1700 cm-1), which is sensitive to protein conformations, makes IR-studies of 

proteins in aqueous solutions challenging. To achieve reliable signals by transmission IR spectroscopy, 

high protein concentrations (> 3 mg/ml) in combination with very short optical pathlengths (< 10 µm) 

are usually required [368]. The reproducible and stable preparation of those short optical pathlengths 

is difficult, which makes the subtraction of water from the spectrum of the biomolecule potentially 

error-prone. Attenuated total reflection Fourier-transform IR (ATR-FTIR) spectroscopy circumvents 

those issues and represents the method of choice for protein analysis in aqueous solutions. The small 
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penetration depth of the IR beam at the 

ATR crystal surface into the sample 

results in a very defined and 

simultaneously very short optical 

pathlength (in the order of < 1 µm for 

silicon). Signal-to-noise and sensitivity 

can be enhanced by the application of 

multireflection-ATR modules, which 

increase the effective optical pathlength 

depending on the number of internal 

reflections. However, the tendency of 

proteins to adsorb to plane surfaces can 

impair the study of proteins by ATR-FTIR 

spectroscopy. Adsorption of proteins is a 

complex process involving van der Waals, 

hydrophobic and electrostatic 

interactions, and hydrogen bonding. 

Moreover, this process often leads to 

structural rearrangements within 

proteins [130, 287], which might 

interfere with their actual analysis. One 

of the best known approaches to prevent protein adsorption is the use of polyethylene glycol (PEG) 

[16, 107, 109, 131]. It is a water-soluble, non-toxic and also non-immunogenic polymer. It was shown 

that surfaces modified with PEG exhibit protein repellent characteristics [7, 49, 163, 284, 318]. An 

established method to modify silicon surfaces is the use of alkylsilanes, which form bonds between the 

oxidized silicon surface and the hydrolyzed organosilane molecule [111, 339]. Those self-assembled 

monolayers (SAMs) are highly ordered two-dimensional structures, that form spontaneously on a 

variety of surfaces [265]. Besides using SAMs to passivate surfaces, they can also be used to immobilize 

proteins and also other biomolecules specifically at the crystal surface and thereby enhance the local 

surface concentration [85, 112, 129, 199, 208, 308]. Thus, good signal-to-noise ratios are achieved 

while only low sample concentrations are required for measurements. We developed an ATR-FTIR 

spectroscopic approach which combines a protein-repellent surface and site-specific immobilization 

of biomolecules (Figure 3.1). We demonstrate that the surface modification with PEG-silane linkers 

efficiently prevents the adsorption of BSA. By using PEG-linkers modified with biotin at their 

headgroups, streptavidin can be specifically immobilized at the passivated surface. The tetrameric 

streptavidin itself can serve as a bridge for the specific immobilization of other biotinylated 

biomolecules. Here, we demonstrate the efficient immobilization of biotinylated DNA via streptavidin 

at the ATR crystal. Immobilization strongly increased signal intensities due to higher local DNA 

concentrations at the surface. The streptavidin-biotin interaction is one of the strongest known non-

covalent protein-ligand interactions (Kd value of 10-15 M). We show that the modified surface including 

the immobilized streptavidin resists elevated temperatures and 8 M urea and therefore represents a 

stable setup to provide structural information of biochemical processes via ATR-FTIR spectroscopy. 

 

 

Figure 3.1. Schematic representation of the ATR-FTIR approach. The silicon 

(Si) crystal surface is modified with biotin-PEG-silane linkers to prevent 

unspecific protein adsorption and to enable specific immobilization of 

biotinylated biomolecules, such as proteins, nucleic acids and ligands via 

streptavidin. 
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3.4. Material and methods 

3.4.1. ATR-FTIR spectroscopy 

ATR-FTIR measurements were performed with a Vertex 70V spectrometer equipped with a BioATR cell 

II (Bruker). Sample temperature was controlled by an external water bath and set to 20 °C. The spectral 

resolution was 4 cm-1 and each spectrum was an average of 100 scans. The cell was equipped with a 

multi-reflection silicon crystal. Before each measurement the sample was equilibrated for 20 min. 

3.4.2. Surface passivation of the ATR crystal 

To modify the crystal with α-Silane-ω-biotinyl polyethylene glycol (5 kDa, Rapp Polymere), the surface 

was pretreated two times for 5 min with concentrated H2SO4 followed by 5 min treatment with H2O2 : 

H2SO4 (9:1). Each step was followed by rinsing the surface with water and drying it under a nitrogen 

stream. Subsequently, the crystal was heated to 50 °C. 20 mg/ml PEG-silane in 30 mM sodium acetate 

pH 5.5 were loaded on the crystal and incubated for 30 min at 50 °C. Then, the temperature was set 

to 20 °C. While the crystal was cooling down, the PEG-silane solution was allowed to dry on the surface 

to achieve condensation of the silanol groups. The surface was washed thoroughly with MilliQ water 

until the PEG signal was stable. The modified surface was incubated in MilliQ water over night to 

remove all non-covalently attached PEG-silane molecules. The next day, the MilliQ water was 

exchanged to the desired buffer and the crystal surface was ready for measurements. 

3.4.3. Adsorption of BSA 

The adsorption behavior of BSA was tested by incubating 25 µl of 5 mg/ml BSA solution (Roche) in 

MilliQ water on the blank or passivated crystal surface for 20 min. Afterwards, the crystal was washed 

thoroughly several times with MilliQ water to remove unbound protein.   

3.4.4. Immobilization of streptavidin 

To immobilize streptavidin on the biotinylated surface, 20 µl of 2.5 µM streptavidin (Sigma) in Tris 

buffer (50 mM Tris pH 7.4; 150 mM NaCl) were incubated on the modified surface for 20 min. After 

incubation, non-bound protein was removed by washing several times with Tris buffer.  

3.4.5. Stability of the modified ATR crystal surface 

The temperature stability of the modified surface including immobilized streptavidin was analyzed by 

increasing gradually the temperature of the ATR cell to 45 °C, keeping it at this temperature for 10 min 

and cooling it down to 20 °C again. The stability against urea treatment was tested by incubating 

immobilized streptavidin in 8 M urea for 20 min and washing it afterwards thoroughly with Tris buffer. 

3.4.6. Immobilization of biotinylated DNA 

Biotinylated double stranded DNA (Sigma: (Btn)5’-CGAGGAACATGTCCCAACATGTTGCTCGAG-3’; 5’-

CTCGAGCAACATGTTGGGACATGTTCCTCG-3’) was immobilized via a streptavidin bridge at the 

biotinylated surface. Therefore, 50 pmol of streptavidin and 100 pmol of DNA were pre-incubated in a 

total volume of 15 µl (50 mM Tris pH 7.4; 150 mM NaCl) at room temperature for 10 min and then 

applied to the biotinylated surface. After 20 min of incubation, the surface was washed several times 

with Tris buffer to remove unbound streptavidin/DNA. To achieve a maximal level of immobilized DNA, 

this procedure was repeated once. The spectrum of free DNA was recorded by incubating 20 µl of 60 
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µM double stranded DNA ((Sigma: 5’-CGAGGAACATGTCCCAACATGTTGCTCGAG-3’; 5’-CTCGAG 

CAACATGTTGGGACATGTTCCTCG-3’) in Tris buffer for 20 min on the blank crystal surface. 

3.5. Results and discussion 

3.5.1. Surface passivation of the ATR crystal 

Protein adsorption is a common phenomenon, which is often accompanied with structural 

rearrangements of proteins. Small conformational changes of proteins, occurring for example upon 

binding reactions, can only be studied by ATR-FTIR spectroscopy if the adsorption process to the ATR 

crystal surface is prevented. To passivate the silicon surface of the ATR crystal, the surface was 

modified using PEG-silane linkers. Many protocols exist for silanization of surfaces. However, many of 

them use harsh conditions, which might damage the ATR crystal used as optical internal reflection 

element or which are not applicable as many crystals are permanently installed in the ATR cell. The 

method we developed was modified from Kumar et al. [178]. They show the efficient immobilization 

of silanized nucleic acids on glass slides for the generation of DNA microarrays under mild conditions. 

We demonstrate that similar mild conditions can be applied to modify the silicon ATR crystal with 

silanized PEG linkers. While Kumar et al. [178] could only indirectly determine the efficiency of 

immobilization via fluorescence, we could directly follow all surface modification steps by 

characteristic vibrational modes in the IR spectrum. First, the surface was washed with a mixture of 

hydrogen peroxide and sulfuric acid to clean the surface and maximize the number of silanol groups 

 

Figure 3.2. Analysis of the adsorption of BSA to the blank vs. the PEG-silane passivated ATR crystal surface. (A) Structural formula of 

the biotin-PEG-silane linker and a representative spectrum of the biotin-PEG-silane modified surface in water. The reference spectrum is 

water. Typical vibrational modes are highlighted. (B) BSA (5 mg/ml) was incubated for 20 min on the blank surface. Spectra were recorded 

before (continuous line) and after (dotted line) washing the surface several times with water. The reference spectrum is water. (C) BSA 

(5 mg/ml) was incubated for 20 min on the PEG-silane modified surface. Spectra were recorded before (continuous line) and after (dotted 

line) washing the surface several times with water. The reference spectrum is the PEG-modified surface in water. 
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at the surface. We tested silanization at room temperature as well as at 50 °C and observed that 

silanization at higher temperature strongly increased the stability of the silane layer. While the IR 

bands of the PEG-silane layer produced at room temperature gradually decreased over time and were 

no longer detectable after 12 h, the spectrum of a silane layer produced at 50 °C remained stable over 

this time period (data not shown). Using high temperatures to achieve a stable silane-modified surface 

is in line with other work [5] and probably due to an increased nucleation process of the silane linkers, 

which leads to a more homogeneously organized layer. After the incubation step at 50 °C, a 

condensation step followed during which the PEG-silane solution is allowed to dry while the crystal is 

cooling to room temperature. This achieves a condensation of the silanol groups. The spectrum of the 

modified crystal surface is shown in Figure 3.2A. Water is displaced from the surface by the PEG-silane 

linkers resulting in negative water bands (e.g. at 3320 cm-1). The spectrum is characterized by the 

vibrations of the PEG chains including the anti-symmetric and symmetric C-H stretching vibrations 

(2921 and 2882 cm-1) and the C-H bending vibrations (1461 and 1351 cm-1) [55]. The region from 1000 

to 1250 cm-1 is dominated by a combination of the Si-O-Si vibrational modes from the silane groups 

and the C-O stretching vibration of the PEG chain [5, 52]. Moreover, the amide groups within the biotin-

PEG-silane molecule (Figure 3.2A) absorb at 1676 and 1568 cm-1. We tested the modified surface with 

regards to unspecific protein adsorption. BSA was used as a model protein as its adsorption behavior 

to surfaces is a well-known and also intensively studied process [146, 177]. We demonstrate that while 

BSA strongly adsorbed to the plane crystal surface, this could completely be abrogated via the PEG 

layer (Figure 2 B and C). Notably, the amide I / amide II intensity ratio differs in Figure 3.2B before and 

after rinsing. This variation is likely caused by the concentration-dependent nonproportionality of the 

observed absorbance and spectral distortions in ATR measurements [108].  

3.5.2. Immobilization of streptavidin 

By modifying the surface with biotin-PEG-silane groups the biotin headgroups can be used to 

specifically immobilize streptavidin at the surface. The tetrameric streptavidin itself can then be 

employed to immobilize specifically other biotinylated biomolecules such as proteins, DNA or RNA at 

the surface (Figure 3.1). This increases the local surface concentration of the studied biomolecule and 

thereby improves the signal-to-noise ratio while making it possible to use low concentrations (in the 

low µM range). The addition of streptavidin resulted in a strong protein signal, which remained 

constant after several 

washing steps, proving the 

efficient immobilization via 

the biotin headgroups at 

the crystal surface (Figure 

3.3A and B). A streptavidin 

monomer is composed of 

eight antiparallel β-

strands, which fold into a 

β-barrel. The amide bands 

at 1689 and 1632 cm-1 are 

characteristic for this β-

sheet rich secondary 

structure.  

 

Figure 3.3. Stability of the modified ATR crystal surface at different temperatures and 

biochemical conditions. Streptavidin was immobilized on the biotin-PEG-silane modified surface 

and tested for its stability. The reference spectrum is the PEG-silane modified surface. The typical 

vibrational modes of β-sheets of streptavidin are highlighted. (A) Spectrum of immobilized 

streptavidin before (continuous line) and after heating the sample to 45 °C (dotted line). (B) 

Spectrum of immobilized streptavidin before (continuous line) and after incubation in 8 M urea 

(dotted line). 
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3.5.3. Stability of the modified ATR crystal surface 

The combination of surface passivation and specific immobilization aims to study small conformational 

changes of proteins and other biomolecules under native conditions. Only if the modified ATR crystal 

surface including immobilized streptavidin does not change during the measurements, conclusions 

about structural changes of the studied biomolecule can be drawn. Therefore, we tested the modified 

ATR crystal surface including immobilized streptavidin for its stability regarding temperature and 

denaturing buffer additives. Neither the increase of temperature to 45 °C nor the addition of 8 M urea 

affected the structure and intensity of the immobilized streptavidin (Figure 3.3A and B). This is in line 

with other work showing that the streptavidin-biotin interaction is unaffected by extremes of pH, 

temperature and denaturants [110, 182]. Therefore, it can be assumed that the spectrum of the 

surface modification including streptavidin does not interfere with the spectrum of the biomolecule of 

interest, even under harsh conditions.   

3.5.4. Immobilization of biotinylated DNA 

The specific immobilization of biomolecules at 

the ATR crystal increases the local surface 

concentration and thereby the signal-to-noise 

ratio. We tested the specific immobilization of 

biotinylated double-stranded DNA via 

streptavidin at the PEG modified surface. 

Surprisingly, the addition of biotinylated DNA 

to the immobilized streptavidin did not result 

in a significant DNA signal. Only the pre-

incubation of biotinylated DNA with a distinct 

amount of streptavidin and the subsequent 

addition to the PEG-biotin modified surface 

resulted in a distinct and stable DNA signal 

(Figure 3.4). This is probably due to the very 

strong binding affinity of biotin and 

streptavidin. As soon as streptavidin alone is 

added to the PEG-biotin modified surface, all 

four biotin binding sites of streptavidin are 

bound to biotin and thereby prevent the 

additional binding of biotinylated DNA. In contrast, when the biotinylated DNA is pre-incubated with 

a distinct amount of streptavidin, some biotin-binding sites within the streptavidin tetramer are bound 

to the biotinylated DNA and some remain free. Those free biotin-binding sites can subsequently bind 

to the PEG-biotin modified surface and result in the specific immobilization of DNA. The best DNA 

signal could be achieved by pre-incubating biotinylated DNA and streptavidin tetramers in a 2:1 ratio 

(Figure 3.4). The spectrum of DNA is dominated by the anti-symmetric (1214 cm-1) and symmetric 

(1083 cm-1) phosphate vibrations. Other DNA characteristic bands are the carbonyl stretching vibration 

at 1714 cm-1, which is attributed to nucleic bases with strong base pairing and stacking interactions, 

and the C-O stretching vibration of the backbone at 1053 cm-1 [25, 365]. The IR band intensities of 

immobilized DNA were significantly stronger in comparison to DNA, which was not immobilized, even 

though the applied concentration of DNA was approximately ten times lower (6.7 µM vs. 60 µM). 

Therefore, the presented method of immobilization efficiently enhances the local surface 

 

Figure 3.4. Specific immobilization of biotinylated double-stranded 

DNA at the ATR crystal. Representative spectra of immobilized 

streptavidin alone (dotted line) and in combination with biotinylated 

double-stranded DNA (solid line) are shown. The reference spectrum 

is the PEG-silane modified surface. The spectrum of streptavidin 

alone is normalized to the intensity of the amide I band of the 

combined spectrum of DNA and streptavidin. The spectrum of free 

DNA was measured on the blank crystal (dashed line). Typical 

vibrational modes of DNA are highlighted.  
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concentration resulting in good signal-to-noise ratios with low sample concentrations. The pre-

incubation step of the biotinylated biomolecule and streptavidin results in an IR spectrum with 

contributions of both, streptavidin and the biomolecule of interest. But as we have shown that the 

immobilized streptavidin resists elevated temperatures and treatment with denaturants (Figure 3.4), 

it can be assumed that it does not undergo structural changes during measurements. Therefore, the 

presented method of surface immobilization has still a universal applicability to unravel 

conformational changes of biomolecules in the context of biochemical reactions.  

3.6. Conclusions 

The here presented ATR-FTIR approach has many potential biological and biochemical applications and 

can be used for a variety of biomolecules studied in a range of different conditions. The efficient 

passivation of the ATR crystal surface with PEG prevents unspecific adsorption of proteins, which is a 

common problem of surface-sensitive techniques. The direct and specific immobilization of 

biomolecules via the streptavidin-biotin interaction minimizes the required sample amount and at the 

same time increases the signal-to-noise ratio. Besides the direct immobilization of biotinylated 

biomolecules, the method can be adapted to immobilize proteins indirectly via biotin-NTA or 

biotinylated antibodies. The versatile availability of biotinylated molecules as well as the easy process 

of biotinylating biomolecules enable the here presented approach to become a universal tool for 

monitoring a wide spectrum of biochemical processes via ATR-FTIR spectroscopy. 

 

 

  



Results 

22 
 

 

 

  



Results 

23 
 

4. The C-terminal domain of p53 orchestrates 

the interplay between non-covalent and 
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4.1. Record of contribution 

Design, conduction and evaluation of SEC and DSF experiments (Figure 4.2F, Figure 4.3C, Suppl. Figure 

4.2C+D+E). Significant contributions during editing and discussion of the manuscript. Establishment of 

purification of recombinant p53 variants, as well as conduction of PAR overlay assays, was performed 

during master thesis (Figure 4.1C).  

4.2. Abstract 

The post-translational modification poly(ADP-ribosyl)ation (PARylation) plays key roles in genome 

maintenance and transcription. Both non-covalent poly(ADP-ribose) binding and covalent PARylation 

control protein functions, however, it is unknown how the two modes of modification crosstalk 

mechanistically. Employing the tumor suppressor p53 as a model substrate, this study provides 

detailed insights into the interplay between non-covalent and covalent PARylation and unravels its 

functional significance in the regulation of p53. We reveal that the multifunctional C-terminal domain 

(CTD) of p53 acts as the central hub in the PARylation-dependent regulation of p53. Specifically, p53 

bound to auto-PARylated PARP1 via highly specific non-covalent PAR-CTD interaction, which conveyed 

target specificity for its covalent PARylation by PARP1. Strikingly, fusing the p53-CTD to a protein that 

is normally not PARylated, renders this a target for covalent PARylation as well. Functional studies 

revealed that the p53-PAR interaction had substantial implications on molecular and cellular levels. 

Thus, PAR significantly influenced the complex p53-DNA binding properties and controlled p53 

functions, with major implications on the p53-dependent interactome, transcription, and replication-

associated recombination. Remarkably, this mechanism potentially also applies to other PARylation 

targets, since a bioinformatics analysis revealed that CTD-like regions are highly enriched in the 

PARylated proteome. 

4.3. Introduction 

Genotoxic stress constantly harms mammalian cells and contributes to severe pathological states, such 

as cancer, aging, and neurodegenerative diseases. To ensure genome integrity and physiological 

homeostasis throughout the lifetime of an organism, multiple DNA damage response and repair 

mechanisms have evolved during evolution. In mammals, two key players in these processes are the 

‘caretaker of the genome‘ poly(ADP-ribose) polymerase 1 (PARP1) and the ‘guardian of the genome’ 

p53. 
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PARP1 acts as a sensor, transducer and effector within the DNA damage response with a wide 

spectrum of functions in several DNA repair mechanisms as well as in chromatin remodeling, 

transcription, energy metabolism, and regulation of cell death. Using NAD+ as a substrate, PARP1 

catalyzes the formation of the post-translational PARylation by covalently attaching PAR chains at 

glutamate, aspartate, lysine, arginine and serine residues of acceptor proteins [37, 167]. The resulting 

biopolymer, i.e., poly(ADP-ribose) (PAR), is a highly negatively charged nucleic-acid-like molecule. 

Apart from covalent PARylation, proteins can ‘read’ PARylation by binding non-covalently to PAR, 

which has emerged as a key mechanism to regulate protein function, localization, stability, as well as 

interactions with other macromolecules such as DNA and RNA. Several PAR-binding modules were 

identified, including the PAR-binding motif (PBM), the PAR-binding zinc finger motif (PBZ), the 

macrodomain, and the WWE domain [331]. The PBM was described as a weakly conserved 20-amino 

acid (aa) consensus sequence comprising a region rich in basic aa and a core pattern of hydrophobic 

aa interspersed with basic residues. So far, no defined protein fold was assigned to the PBM, which is 

present in hundreds of proteins, including p53, XPA, p21, XRCC1, TERT and histones [100, 279]. 

Interestingly, PAR binding proteins are very often also acceptors of covalent PARylation, however the 

molecular relationship and the mechanistic interplay between the two modes of modification are 

largely unknown. 

The tumor suppressor protein p53 also acts as a master regulator in many DNA damage response 

mechanisms. Inactivation of p53 is an important driving force of carcinogenesis, as p53 is mutated in 

>50% of human cancers. This renders the TP53 gene the most prominent target for tumorigenic 

mutations [252]. DNA damage triggers p53 stabilization via its phosphorylation and the subsequent 

release from its suppressor MDM2. In response, p53 acts as a transcription factor and induces the 

expression of a wide spectrum of genes involved in cell cycle regulation, apoptosis, and DNA repair 

[149]. p53 comprises an N-terminal transactivation domain (TAD), a DNA binding domain (DBD), a 

tetramerization domain (TD), and a multifunctional C-terminal domain (CTD) (Figure 4.1A). The CTD, 

which is highly basic and intrinsically disordered, participates in all aspects of p53 functions, including 

transcriptional activity, regulation of protein stability, recruitment of co-factors, and its complex 

binding behavior to DNA [202]. Mice carrying a genetic deletion of the CTD exhibit anemia and bone 

marrow failure, suggesting crucial functions for this region in organismic physiology [118, 316]. 

However, the exact role of the CTD in p53 regulation is still controversial. Initial studies reported that 

the CTD is a negative regulator of sequence-specific DNA binding [138]. Later, the CTD was described 

to have positive regulatory properties, such as facilitating p53 binding to chromatin and long, ‘naked’ 

DNA stretches [77] as well as sliding along DNA, while searching for cognate binding sites [232, 327]. 

Moreover, the CTD controls the stability of p53-DNA complexes by facilitating cooperative contacts 

between the core DNA binding domains of p53 [201]. Most aa of the CTD are targeted by post-

translational modifications (PTMs), such as acetylation, ubiquitination, SUMOylation, neddylation or 

methylation, all of which are vital for p53 activity and stability, depending on the specific cellular 

conditions [202]. 

p53 and PARP1 interact at multiple levels; thus, a direct protein-protein interaction was found in vitro 

and in cells [340, 364]. Consistently, p53 is a substrate for covalent poly(ADP-ribosyl)ation (PARylation), 

which has been demonstrated in vitro as well as in cells [314, 348, 363]. Apart from covalent 

PARylation, p53 also displays a non-covalent high-affinity interaction with PAR [83, 225]. Using peptide 

studies, Malanga et al. reported three potential PBMs within the p53 sequence [225], two of which are 

located in the DBD (PBM 1&2) and another one in the TD (PBM 3). Interestingly, p53 has a preference 
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for long PAR chains over short ones [83] and PAR was shown to decrease the DNA binding affinity of 

p53 [225]. In addition, it was reported in a murine system that PARylation of p53 blocks the interaction 

between p53 and the nuclear export receptor Crm1, resulting in nuclear accumulation of p53 [154]. 

Furthermore, p53 deletion in a Parp1 null genetic background accelerates the onset and shortens the 

latency of mammary tumorigenesis in mice [337]. Despite these studies demonstrating a significant 

relationship of PARylation and p53, many open questions on the molecular and cellular mechanisms 

of this interaction remain. In particular, similarly to other PARylation substrates, the relationship 

between non-covalent PAR binding and covalent PARylation of p53 is not understood. Furthermore, it 

is largely unknown how PAR influences the biochemical properties of p53 and how this translates to a 

regulation of its cellular functions. Beyond this, it is still enigmatic how PARP1 targets p53 and other 

proteins for covalent PARylation. Here, we systematically searched for regions in p53 that are essential 

for non-covalent PAR binding and for its covalent PARylation. We identified a novel region in the p53-

CTD that is crucial for non-covalent PAR binding in full-length (fl) p53 and that determines the covalent 

PARP1-mediated PARylation of p53. Strikingly, fusing the p53-CTD to a protein that is usually not 

PARylated renders this a target of covalent PARylation as well. These results demonstrate that in the 

case of p53, PAR binding and covalent PARylation are inherently linked and that the multifunctional 

CTD of p53 is the center for the regulation of p53 functions by PARylation with implications on protein 

interactions, transcription and replication-associated recombination. 

4.4. Material and methods 

4.4.1. Bioinformatic analysis to identify CTD-like regions in PARylated proteins 

Protein sequences from the lists of covalently PARylated proteins under genotoxic conditions were 

retrieved from previous studies [150, 229, 373]. The IUPred source code [72, 73] was modified and 

used to predict disordered domains in these covalently PARylated proteins, applying the ‘long disorder’ 

option. A protein region was assumed to be intrinsically disordered, if a disorder tendency of >0.5 was 

present. The intrinsically disordered fragments were screened for highly positively charged regions. A 

net charge of at least +4 was chosen in a sliding window of 15 aa as in-silico search pattern. If a directly 

consecutive region in a protein was found, it was merged with the previous region. To calculate the 

charge, the amount of basic aa, i.e., arginine or lysine, were subtracted by the amount of acidic aa, i.e., 

glutamate or aspartate. As control groups, the human proteome (www.uniprot.org, proteome ID 

UP000005640, reviewed, 20,169 proteins, last modified: 29.01.2017), cytoplasmic proteins from the 

‘Eukaryotic Subcellular Localization DataBase’ (eSLDB, www.gpcr.biocomp.unibo.it/esldb, 776 

proteins) [275] or the database of N-glycosylated proteins (N-GlycosylDB, 1118 proteins) from the 

dbPTM database (www.dbptm.mbc.nctu.edu.tw) [135] were used. 

4.4.2. Protein purification 

Human p53, mutants and truncation variants thereof were expressed in E. coli BL21(DE3). Expression 

was induced at an OD600 of 0.6-0.8 with 20 µM IPTG, followed by an incubation for 12 h at 16°C and 

4 h at 10°C. After centrifugation, cells were snap-frozen in liquid nitrogen. Cells were thawed and 

resuspended in lysis buffer [50 mM sodium phosphate pH 8.0, 300 mM NaCl, 10 mM 2-

mercaptoethanol, 10 mM imidazole, 1 mg/ml lysozyme, 1× EDTA-free protease inhibitor cocktail 

(Roche)]. Cells were sonicated, followed by DNA digestion with 5 µg/ml DNase I for 30 min. The 

insoluble fraction was removed by centrifugation at 15,000 g for 30 min. The soluble fraction was 

filtered and loaded on an ÄKTA chromatography system (GE Healthcare), using a 1-ml HisTrap column 
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(GE Healthcare). Elution was performed with a linear gradient from 10 mM to 500 mM imidazole in a 

buffer, consisting of 50 mM sodium phosphate pH 8.0, 300 mM NaCl. Elution fractions were dialyzed 

and thrombin-cleavage was performed overnight for His-tag removal in a buffer, consisting of 20 mM 

sodium phosphate pH 8, 150 mM NaCl, 10 mM 2-mercaptoethanol. Thereafter, thrombin was inhibited 

with 0.1 mg/ml Pefabloc (Roche). A second purification step was performed with a HiTrap heparin HP 

1-ml column (GE Healthcare), using a linear gradient from 150 mM to 1000 mM NaCl in a buffer, 

consisting of 20 mM sodium phosphate pH 8.0.  

p53_325-393 was expressed and purified as described above, but the second purification step was 

performed with a HiTrap SP HP 1-ml column (GE Healthcare), instead of a heparin column.  

GST-p53_325-393, GST-p53_359-387 or GST were expressed and lyzed as described above, with a 

modified lysis buffer (50 mM sodium phosphate pH 7.0, 300 mM NaCl, 5 mM 2-mercaptoethanol, 1 

mg/ml lysozyme, 1× protease inhibitor cocktail (Roche)). To the cleared lysate 1 ml of glutathione 

sepharose 4B (GE Healthcare) was added and incubated rotating for 2 h at 4°C. Beads were washed 

with 15 ml GST wash buffer 1 (50 mM sodium phosphate pH 7.0, 300 mM NaCl) for 10 min, while 

rotating. After centrifugation and removal of the supernatant, 7.5 ml GST wash buffer 1 were added 

to the beads and the slurry was poured into an empty gravity flow column. After washing the column 

with 5 ml of GST wash buffer 1, 5 ml of GST wash buffer 2 (50 mM sodium phosphate pH 7.0, 150 mM 

NaCl) were added. Elution was performed with 20 ml of 10 mM glutathione in GST wash buffer 2. 

Purification of GST-DEK_WT and GST-DEK_PBM was performed as described previously [355]. GST-

Af1521 was expressed and purified according to a previous study [229]. The used plasmid DNA pGEX-

4T1::Af1521 was received from Michael L. Nielsen (University of Copenhagen, Denmark). Human 

PARP1 was expressed in Sf9 cells and purified as described previously [83]. Snake venom 

phosphodiesterase (PDE I) was purchased (Affymetrix) and purified further according to a previous 

study [64]. For the thrombin cleavage assay, the p53 variants p53_28-TCS-29, p53_68-TCS-69, 

p53_324-TCS-325, as well as p53_WT were covalently PARylated to a larger extent after nickel-affinity 

chromatography and dialysis. In-vitro PARylation was performed in a solution, consisting of 20 mM 

sodium phosphate pH 8.0, 150 mM NaCl, 10 mM 2-mercaptoethanol, 10 mM MgCl2, 7.7 µg/ml self-

annealed oligonucleotide GGAATTCC, 23 nM rec. PARP1 and 154 µM NAD+ for 1 h at RT. PARylated p53 

was purified from this solution with a HiTrap heparin HP 1-ml column, as described above. For 

determination of PARylation sites by mass spectrometry, p53_WT was purified and PARylated in the 

same way as described above, with the exception that the His-tag was cleaved during dialysis. 

4.4.3. PAR overlay assay 

168 - 403 pmol of custom-synthesized peptides (Genscript) or 5 pmol proteins were blotted on a 

nitrocellulose membrane (GE Healthcare) either by slot-blotting or by SDS-PAGE and semi-dry blotting, 

respectively. The membrane was incubated in a solution containing 0.2 µM PAR (synthesized and 

purified as described previously [83]) in TBST buffer (150 mM NaCl, 10 mM Tris pH 8, 0.05% Tween 20) 

for 1 h at RT, followed by 3 washes of 10 min in TBST buffer, containing 1 M NaCl. PAR concentrations 

refer always to ADP-ribose moieties. The membrane was blocked in TBSMT (TBST with 5% skimmed 

milk) for 1 h and subsequently PAR was detected using the mouse monoclonal 10H anti-PAR antibody 

[161] and a HRP-coupled secondary antibody (Dako). Detection of p53 was performed with the mouse 

monoclonal DO-1 antibody (Merck). As loading control for slot-blotting, SYPRO ruby staining 

(Thermofisher Scientific) was used directly after blotting. Each PAR overlay experiment was performed 

at least in 3 independent experiments. 
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4.4.4. PepSpot peptide arrays 

PepSpots peptide arrays (JPT Peptide Technologies) contained custom synthesized peptides with a 

length of 20 aa covalently linked to a cellulose membrane. Each spot carried approximately 5 nmol of 

a peptide. A PAR overlay assay was performed as described above with the exception that Alexa488-

coupled secondary antibody (Thermofisher Scientific) was used. Fluorescence detection was 

performed, using a Typhoon FLA 9500 biomolecular imager (GE Healthcare). Ponceau S staining served 

as loading control. 

4.4.5. Electrophoretic mobility shift assay 

A 1:2 dilution series of rec. human p53 was prepared in a buffer, consisting of 25 mM Tris-HCl pH 7.4, 

150 mM NaCl, 5% (v/v) glycerol and 0.5 mM DTT. The highest p53 concentration was 7 µM, the lowest 

27.24 nM. 250 fmol of a double-stranded, Cy5-labeled p53 response element from the p21 promotor 

(REp21, Oligo_1 + Oligo_2 annealed) was added and incubated for 15 min at RT. 10× loading dye [250 

mM Tris-HCl pH 7.4, 40% (v/v) glycerol, 0.2% (w/v) Orange G] was added to a final volume of 10 µl. 

Samples were loaded on a 4% native TBE polyacrylamide gel in a Hoefer SE400 gel chamber, containing 

0.5× TBE as running buffer. After 1 h with a voltage of 300 V, fluorescence detection was performed, 

using a Typhoon FLA 9500 biomolecular imager. 

4.4.6. DNA-PAR competition assay 

A 1:2 dilution series of non-fractionated, unlabeled PAR was prepared (in concentrations of 200 µM to 

1.56 µM). p53_WT (1 µM), p53_1-355 (1.5 µM), p53_PBM4-4 (1 µM) or p53_325-393 (18.7 µM) were 

added to the PAR solution and incubated for 10 min at RT in a buffer, consisting of 50 mM Tris-HCl pH 

7.4, 150 mM NaCl, 2% (v/v) glycerol and 0.2 mM DTT. 250 fmol of a double-stranded, Cy5-labeled p53 

response element from the p21 promotor (REp21, Oligo_1 + Oligo_2 annealed) or a scrambled variant 

thereof (scrambled REp21, Oligo_4 + Oligo_5 annealed) were added and incubated for 15 min at RT. 10× 

loading dye (250 mM Tris-HCl pH 7.4, 40% (v/v) glycerol, 0.2% (w/v) Orange G) was added to a final 

volume of 10 µl. Samples were loaded on a 4% native TBE polyacrylamide gel in a Hoefer SE400 gel 

chamber, containing 0.5× TBE as running buffer. After applying a voltage of 300 V for 1 h, fluorescence 

detection was performed, using a Typhoon FLA 9500 biomolecular imager. 

4.4.7. Differential scanning fluorimetry 

To measure the melting temperature of p53, differential scanning fluorimetry (DSF) was used, 

according to a previous study [259]. The total volume per sample comprised 25 µl. To a buffer, 

consisting of 50 mM Tris-HCl pH 7.4, 150 mM NaCl and 1 mM DTT, rec. p53 variants were added to a 

final concentration of 2.3 µM. 50 µM size-fractionated PAR (concentration of ADP-ribose subunits) of 

different chain length (size-fractionation as described previously [83]) was added and incubated for 10 

min at RT. Next, a double-stranded p53 response element from the p21 promotor (REp21, Oligo_2 + 

Oligo_3 annealed) was added to a final concentration of 2.3 µM (concentration of double-stranded 

DNA chains), and incubated for 10 min at RT. 2.5 µl of 100× SYPRO Orange solution (Thermofisher 

Scientific) was then added, followed by a melt curve analysis with a temperature ramp from 20°C to 

95°C at 1°C/min steps, using a quantitative real-time CFX connect thermocycler (Biorad). 
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4.4.8. In-vitro co-immunoprecipitation (coIP) 

Rec. human PARP1 (1 µg) was incubated with 10 µg anti-PARP1 antibody (FI-23) [187] or with mouse 

IgG control (Santa Cruz) for 1 h at 4°C in 300 µl IP buffer (50 mM Tris-HCl pH 7.4, 150 mM NaCl, 1% NP-

40, 0.5% deoxycholate). 10 µl Protein G sepharose beads (Sigma-Aldrich) were added and incubated 

for 2 h at 4°C, while rotating. Indicated samples were subjected to auto-PARylation of PARP1 by adding 

10 mM MgCl2, 7.7 µg/ml self-annealed oligonucleotide GGAATTCC, 1 mM DTT and 100 µM NAD+. 

Samples were incubated for 5 min at 4°C, while rotating. After centrifugation at 2400 g for 20 s, beads 

were washed with 500 µl wash buffer (50 mM Tris-HCl pH 7.4, 150 mM NaCl, 0.1% NP-40, 0.05% 

deoxycholate), followed by a second washing step, using 250 µl IP buffer. After centrifugation and 

removal of the supernatant, 300 µl IP buffer were added, together with 1 mM DTT and 23 pmol of rec. 

p53. Incubation took place for 1 h at 4°C while rotating. Beads were washed twice for 5 min in 500 µl 

IP buffer and once for 5 min in 500 µl wash buffer while rotating. Proteins were eluted from beads by 

adding 22 µl of 2× SDS sample buffer, incubating 5 min at 95°C and subjected to SDS-PAGE followed by 

Western blotting. The rabbit polyclonal anti-PARP1 antibody H250 (Santa Cruz) and the rabbit 

polyclonal anti-p53 antibody FL-393 (Santa Cruz) were used for immunodetection. 

4.4.9. In-vitro PARylation assay 

Unless stated otherwise, 0.5 µM rec. protein was PARylated in PBS buffer, in presence of 10 mM MgCl2, 

7.7 µg/ml self-annealed oligonucleotide GGAATTCC, 1 mM DTT, 23 nM rec. PARP1 and 100 µM NAD+, 

in a final volume of 10 µl for 1 h at RT. Proteins were separated by 15% SDS-PAGE, followed by semi-

dry blotting on a nitrocellulose membrane (GE Healthcare) and immunodetection using the anti-PAR 

antibody 10H, unless stated otherwise. Each in-vitro PARylation experiment was performed at least in 

three independent experiments. 

4.4.10. Thrombin cleavage assay 

Rec. protein (5 pmol, unless stated otherwise) was incubated in a buffer, containing 20 mM sodium 

phosphate pH 8.0, 100 mM NaCl, 10 mM 2-mercaptoethanol. 1 unit thrombin was added to a final 

volume of 30 µl and incubation was performed for 16 h. Thrombin cleavage was stopped by addition 

of SDS sample buffer and samples were subjected to SDS-PAGE, using a 15% acrylamide gel, followed 

by semi-dry blotting and immunodetection. Each thrombin cleavage experiment was performed at 

least in three independent experiments. 

4.4.11. Analytical size-exclusion chromatography 

The tetramerization of p53 variants was analyzed by size exclusion chromatography (SEC). The 

tetramerization deficient mutant p53_L344P was used as a control. SEC was performed in 50 mM Tris-

HCl pH 7.4 and 150 mM NaCl at a flow rate of 0.03 ml/min using a Superose 6 Increase column (GE 

healthcare). 30 µl of 8 µM protein solution were loaded respectively and elution was analyzed by 

absorbance measurement at 280 nm. Sizes were calculated by a gel filtration HMW calibration kit (GE 

Healthcare). To analyze DNA and PAR binding, p53 variants were preincubated with 0.25 µM double-

stranded response element from the p21 promotor (REp21, Oligo_2 + Oligo_3 annealed) or 50 µM 

unfractionated PAR for 10 min and elution was followed by absorbance measurements at 258 nm. 
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4.4.12. Mass spectrometric identification of PARylation sites 

Sample treatment and mass spectrometer analyses were performed as described previously [64]. 

Briefly, PARylated proteins were treated with PDE I overnight at 25°C. The samples were reduced with 

DTT for 30 min at 56°C and alkylated with chloroacetamide for 60 min at RT. Digestions were 

performed using trypsin or pepsin for 4 h at 37°C. Digested samples were analyzed by reversed phase 

liquid chromatography nanospray tandem mass spectrometry (LC-MS/MS) using an Eksigent nano-

HPLC equipped with a C18 LC column (5 μm, 100 Å pore size) in a silica capillary (Acclaim PepMap100, 

Thermofisher Scientific). After sample injection, the column was washed for 5 min with 100% mobile 

phase A (0.1% formic acid) and peptides were eluted using a linear gradient of 10% mobile phase B to 

40% mobile phase B in 35 min, then to 80% B in an additional 5 min, at 300 nl/min. The LTQ-Orbitrap 

mass spectrometer (Thermofisher Scientific) was operated in a data dependent mode in which each 

full MS scan (30,000 resolving power) was followed by 5 MS/MS scans where the 5 most abundant 

molecular ions were dynamically selected and fragmented by collision-induced dissociation (CID) using 

a normalized collision energy of 35% in the LTQ ion trap. Dynamic exclusion was allowed. Tandem mass 

spectra were searched against a suitable protein database using Mascot (Matrix Science) with the 

specific enzyme cleavage and variable methionine oxidation. For higher-energy collisional dissociation 

(HCD) measurements, an Orbitrap Fusion Tribrid mass spectrometer (Thermofisher Scientific) 

interfaced with an Easy-nLC 1100 nanoflow liquid chromatography system (Thermofisher Scientific) 

was used. In this case, samples were enriched for phosphoribosylated peptides with Sigma PHOS-

Select iron affinity gel beads (Sigma-Aldrich). 

4.4.13. Cell culture, transient transfection and PARP inhibitor treatment 

Human H1299 cells were cultured at 37°C and 5% CO2 in DMEM (Gibco), supplemented with 10% fetal 

bovine serum (Biochrom), 0.1 u/µl penicillin and 0.1 µg/µl streptomycin (Gibco). K562(HR-

EGFP/3’EGFP) cells were cultivated in RPMI 1640 medium (Gibco) supplemented with 13% (v/v) fetal 

bovine serum (Merck Millipore) and 1.3% (v/v) penicillin-streptomycin-glutamine (Gibco). Transient 

transfection of H1299 cells was performed with Lipofectamine 2000 (Fisher Scientific) according to the 

manufacturer’s instruction using 3 µl transfection reagent per µg DNA. PARP inhibitor treatment was 

performed directly afterwards with 10 µM olaparib or veliparib (Selleckchem). 

4.4.14. p53 interactome analysis 

H1299 cells were transiently transfected with vectors, encoding Strep-tagged p53_WT, p53_PBM4 or 

with the control vector pcdna3.1 using polyethylenimin (PEI). p53_WT transfected cells were kept in 

presence or absence of 10 µM olaparib (Selleckchem). As additional control, non-transfected cells were 

also used. 24 h later, cells were lyzed [1% (v/v) NP-40, 10 mM 2-mercaptoethanol, 1× protease inhibitor 

cocktail with EDTA (Roche), 10 µM olaparib, 50 µM gallotannin, in PBS] and treated with 8 µg/ml DNase 

I for 30 min, while rotating at 4°C. The lysate was centrifuged and the supernatant was subjected to a 

p53 pulldown, by adding 100 µl Strep-tactin bead slurry (IBA, Germany). The samples were incubated 

for 2 h while rotating. The samples were centrifuged (from here on always 2400 g, 20 s), supernatant 

was removed and beads were washed three times for 5 min with wash buffer [0.1% (v/v) NP-40, 10 

mM 2-mercaptoethanol, 1× protease inhibitor cocktail with EDTA, 10 µM olaparib, 50 µM gallotannin, 

in PBS]. Proteins were eluted from beads by adding 50 µl of a buffer, consisting of 100 mM Tris-HCl pH 

8.0, 150 mM NaCl, 1 mM EDTA and 10 mM D-biotin. The eluted samples were subjected to SDS-PAGE 

and colloidal Coomassie staining. Protein bands were excised from the gel. All samples were reduced 

with DTT for 30 min at 56°C and alkylated with chloroacetamide for 60 min at RT. Digestions were 
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performed using trypsin for 4 h at 37°C. Analysis was performed on an Orbitrap Fusion Tribrid mass 

spectrometer (Thermofisher Scientific) interfaced with an Easy-nLC 1100 nanoflow liquid 

chromatography system (Thermofisher Scientific). Samples were reconstituted in 0.1% formic acid and 

loaded onto the analytical column (75 μm × 15 cm) and resolved at a flow rate of 300 nl/min using a 

linear gradient of 5−35% solvent B (0.1% formic acid in acetonitrile) over 45 min. Data-dependent 

acquisition with full scans in 350− 1500 m/z range was carried out using the Orbitrap mass analyzer at 

a mass resolution of 120000 at 200 m/z. Most intense precursor ions were selected at top speed data 

dependent mode with a maximum cycle time of 3 s. Peptides with charge states 2−5 were selected, 

and dynamic exclusion was set to 30 s. Precursor ions were fragmented using higher-energy collision 

dissociation (HCD) set to 35%, and MS/MS ions were detected using the ion trap analyzer. Tandem 

mass spectra were searched against a suitable protein database using Mascot (Matrix Science) with 

“Trypsin/P” enzyme cleavage, static cysteine alkylation by chloroacetamide and variable methionine 

oxidation. 

4.4.15. Genomic recombination assay 

For the determination of the recombination frequency, K562 cells with stably integrated EGFP-based 

recombination substrate were used [K562(HR-EGFP/3`EGFP)] [6]. The principle of this assay is the 

restoration of a functional EGFP out of two mutated EGFP-variants. For investigation of the replication-

associated recombination frequency of K562(HR-EGFP/3`EGFP) cells and corresponding Western blot 

analysis for protein expression, cells were transiently transfected with pcdna3.1::p53_WT, 

pcdna3.1::p53_PBM4 expression plasmids or pcdna3.1 empty vector (vector ctr) via electroporation. 

Afterwards, cells were exposed to 2.5 µM of PARP-inhibitor olaparib or the solvent DMSO. After 72 h, 

cells were collected via centrifugation and recombination frequency was determined as fraction of 

green fluorescent cells within the whole living cell population by usage of the diagonal gating method 

in the FL1/FL2 dot blot [6]. Recombination frequencies were measured by quantification of one million 

cells from EGFP-positive cells within the life cell-population (SSC/FSC gate). Mean values of 

recombination frequencies of mock-treated p53_WT expressing cells were set to 1 (absolute mean 

frequency: 7 × 10-6 for mock-treatments). 

4.4.16. Luciferase reporter assay 

H1299 cells were transfected with DNA vectors encoding p53_WT or p53_PBM4 together with the 

Cignal p53 reporter mix (Qiagen). The Cignal p53 reporter mix contains a plasmid, encoding firefly 

luciferase, which is under the control of a minimal CMV promoter and tandem repeats of p53 

transcriptional response elements. It also contains a plasmid, encoding renilla luciferase, which is 

constitutively expressed and used to normalize for transfection efficiencies and cell viability. 10 µM of 

the PARP inhibitor olaparib or DMSO as solvent control were added to the cells. After 24 h, cells were 

lyzed with the Dual-Glo luciferase reporter assay (Promega), according to the manufacturer’s 

instructions. Firefly and renilla luciferase luminescence were analyzed in technical triplicates using a 

Varioscan Flash plate reader (Thermofisher Scientific). The transactivation activity was expressed as 

relative luminescence, which is the ratio of firefly luciferase luminescence to renilla luciferase 

luminescence. 

4.4.17. Fluorescence recovery after photobleaching (FRAP) 

H1299 cells were transfected with DNA vectors, encoding GFP-tagged p53_WT or p53_PBM4. 

Bleaching experiments were conducted 24 h later. To this end, an LSM880 confocal laser-scanning 
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microscope (Zeiss) equipped with a 60X/1.42 NA oil-immersion objective was used. A rectangular 

region (width: 20pixels / 2.4 µm) across the nucleus was bleached using a 488 nm Argon-ion laser 

(100% transmission, pixel dwell time: 8.2 µs). The fluorescence recovery was followed in a time series 

experiment. Before irradiation 20 images were recorded. Fluorescence intensities within the bleached 

region and a non-irradiated nuclear region were measured for each time point. To compensate 

photobleaching and a fast redistribution of unbound proteins during the bleaching step, for each time 

point a correction factor was calculated. After background subtraction, the fluorescence intensity in 

the unbleached region was divided by the average fluorescence intensity measured in the unbleached 

region before the bleaching pulse. For each time point the background corrected fluorescence 

intensity was divided by the respective correction factor. The fluorescence intensity was then 

normalized, setting the initial fluorescence intensity after the bleaching event to ‘0’, and the fully 

recovered fluorescence intensity to ‘1’. 

4.4.18. p21 protein expression analysis 

H1299 cells were transfected with DNA vectors, encoding p53_WT or p53_PBM4. Cells were lyzed 24 

h later with a buffer consisting of 50 mM Tris-HCl pH 8, 150 mM NaCl, 1% (v/v) NP40 and protease 

inhibitor cocktail (Roche). Protein-content was determined using a BCA assay kit (Thermofisher 

Scientific). For expression level analysis using SDS-PAGE, 30 µg or 10 µg of total protein was loaded for 

detection of p21 or p53, respectively. After Western blotting, p21 was detected using a rabbit 

polyclonal p21 antibody (C-19, Santa Cruz). 

4.4.19. High-throughput RT qPCR 

H1299 cells were transfected with DNA vectors, encoding GFP-tagged p53_WT or p53_PBM4. Cells 

were detached 24 h later using trypsin and 10% of the cells were used to determine transfection 

efficiency by FACS. The remaining cells were used for RNA isolation followed by high-throughput RT 

qPCR with Fluidigm dynamic arrays on the BioMark™ System as described previously [89]. To consider 

different transfection efficiencies, the ∆∆Cq calculation of the respective p53-dependent genes was 

adjusted according to Godbey, Zhang [105]. 

4.4.20. Statistical information 

Unless stated otherwise, Student’s t-test was used to calculate statistical significance. Significance was 

defined at a 5% level and all analyses were performed with GraphPad Prism 6. * P ≤ 0.05, ** P ≤ 0.01, 

*** P ≤ 0.001. 

4.5. Results 

4.5.1. PAR binds non-covalently to the CTD of p53 

To investigate how non-covalent PAR binding affects p53’s functions, we sought to generate a PAR-

binding-deficient p53 mutant by taking into account the previously published results by Malanga et al. 

[225]. This study reported three potential non-covalent PAR-binding sites within the p53 sequence 

using synthesized peptides, i.e., PBM1-3 (Figure 4.1A). Using a well-established PAR overlay assay [90, 

283], we first verified results by Malanga et al. showing that peptides of the three PAR binding motifs 

(i.e., PBM1-3_WT) efficiently bind PAR. Mutant peptides derived of PBM1-3_WT comprising exchanges 

of basic aa to alanines (i.e., PBM1-3_MUT) showed a strongly reduced or abolished PAR binding ability 

(Figure 4.1B, peptide sequences in Suppl. Figure 4.1A). Next, we generated the corresponding 
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recombinant (rec.) fl-p53 mutants using site-directed mutagenesis. Unexpectedly, an SDS-PAGE 

analysis followed by a PAR overlay assay revealed no reduction in PAR binding of the fl-p53_PBM1-3 

mutants (Figure 4.1C), indicating that another, so far unknown, PAR binding site mediates PAR binding 

of fl-p53. Using a PepSpot peptide array for screening, we identified a novel site exhibiting very strong 

PAR binding ability in p53’s C-terminal domain (CTD) (peptide 28, Figure 4.1D, complete membrane 

with additional peptides in Suppl. Figure 4.1B and C). To verify that the CTD interacts with PAR, we 

generated truncated variants of rec. p53 and tested their PAR binding abilities (Figure 4.1E and F). In 

agreement with the PepSpot analysis, the truncated p53 CTD deletion mutant p53_1-355 completely 

lacked PAR binding, revealing that in the context of the fl-p53 protein, PBMs 1-3 are not relevant for 

non-covalent PAR interaction. Instead, our data demonstrates that the actual relevant PAR binding site 

in fl-p53 is located in the CTD, comprising aa 356-393. The mutant p53_1-378, which comprises half of 

the CTD, exhibited a significant reduction in PAR binding by 82% compared to fl-p53, demonstrating 

that the main PAR binding capacity of p53 is located at the very C-terminus of aa 379-393. A truncated 

p53 mutant consisting of the CTD and the TD (p53_325-393) confirmed PAR binding of the CTD (Figure 

4.1G). Since the CTD is highly positively charged (pI = 10.12 for region 356-393), it is plausible that this 

region can bind to the highly negatively charged PAR. Since basic aa are essential for the interaction 

with PAR, the PAR binding site can be mapped to aa 363-382. This region resembles the PAR binding 

motif (PBM) according to Pleschke et al. [279] and is identified by in-silico alignment as a PBM when 

allowing two aa mismatches (termed ‘PBM4’ from hereon) (Figure 4.1A). In summary, we have 

 

Figure 4.1. PAR binds non-covalently to the C-terminal domain (CTD) of p53. (A) Schematic representation of the human p53 protein 

with previously reported (PBM1-3) and novel (PBM4, aa region 363-382) PAR binding motifs (PBMs). (B) PAR overlay assay after slot-

blotting of peptides from PBM1-3. Basic amino acids (aa) in wildtype (WT) peptides were exchanged to alanines to generate PBM 

mutants (peptide sequences are shown in Suppl. Figure 4.1A). SYPRO Ruby staining served as a loading control. (C) PAR overlay assay 

after SDS-PAGE of full-length p53 variants with mutated PBMs. BSA served as a negative control. (D) PAR overlay assay of PepSpot 

peptide array for the identification of potential PAR binding sites in p53. Ponceau S staining served as a loading control. Peptide size: 

20 aa. The complete membrane with additional peptides is shown in Suppl. Figure 4.1B and C. (E) PAR overlay assay after SDS-PAGE 

of truncated p53 variants. (F) Densitometric quantification of (E). Means ± SEM of 3 independent experiments. The signal of PAR 

binding to p53_WT was set to 100%. (G) PAR overlay assay after SDS-PAGE of p53_325-393. BSA served as a negative control. 
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identified the CTD as a novel PAR interaction site within p53, which accounts for the majority of the 

PAR binding ability of fl-p53. 

4.5.2. Generation of a PAR-binding-deficient p53 mutant 

To generate a PAR-binding-deficient p53 mutant, a PepSpot array was performed with peptides, in 

which critical basic aa were substituted to alanines in two overlapping regions from the p53 CTD: aa 

356-375 and aa 365-384 (Figure 4.2A, complete membrane with additional peptides and controls in 

Suppl. Figure 4.2A-B). For the region of aa 356-375, 6 aa exchanges were necessary to abolish PAR 

binding, and at least 7 aa exchanges for the region of aa 365-384. Based on these results, we 

incorporated 10 (p53_PBM4-10), 7 (p53_PBM4-7), 5 (p53_PBM4-5), or 4 (p53_PBM4-4) aa exchanges 

within the region of aa 363-382 of fl-p53 and tested those mutants for their PAR binding ability. Since 

no PAR binding could be detected in any of those mutants (Figure 4.2B), p53_PBM4-4 was used as a 

PAR-binding-deficient mutant for subsequent biochemical and functional analyses. Analytical size-

exclusion chromatography (SEC) further confirmed a highly reduced PAR binding under native 

conditions in solution (Suppl. Figure 4.2C and E). To investigate if p53_PBM4-4 is still functional, the 

DNA binding to a p53 response element from the p21 promoter (REp21) was analyzed by an 

electrophoretic mobility shift assay (EMSA) (Figure 4.2C-D) and by analytical SEC (Suppl. Figure 4.2D-

 

Figure 4.2. Generation of a PAR-binding-deficient p53 mutant. (A) PAR overlay assay of PepSpot peptide array of CTD mutants with 1-

9 aa exchanges. Ponceau S staining served as a loading control. Peptide size: 20 aa. Amino acids highlighted in blue were subjected to 

exchanges to alanines. The complete membrane with additional peptides and controls is shown in Supplementary Fig. 2A-B. (B) PAR 

overlay assay after SDS-PAGE of full-length p53 with mutated PBM4. Exchanges of 10, 7, 5 or 4 aa were introduced into the CTD, which 

is shown in the table below. Basic aa (in blue) were subjected to exchanges to alanines (in red). (C) Electrophoretic mobility shift assay 

(EMSA) with p53_WT and p53_PBM4-4, binding to the fluorescently labeled DNA substrate REp21. (D) Densitometric quantification of 

(C). (E) FRAP analysis in H1299 cells reconstituted with GFP-tagged p53_WT or p53_PBM4-4. Recovery of GFP was measured after 

photobleaching. Means ± SD of 6 cells. (F) Analytical size-exclusion chromatography with p53_WT, p53_1-355, p53_PBM4-4 and a 

tetramerization-deficient p53 mutant (p53_L344P). Size-calculations shown in Suppl. Figure 4.2E.  



Results 

34 
 

E). Under the tested conditions, the DNA binding affinity of the p53_PBM4-4 mutant was not 

significantly altered compared to p53_WT. Furthermore, cellular chromatin binding was comparable 

between p53_WT and p53_PBM4-4 (Suppl. Figure 4.2F-H). Fluorescence recovery after 

photobleaching (FRAP), which is a measure for chromatin binding, further revealed that the cellular 

mobilities of p53_WT and p53_PBM4-4 are very similar (Figure 4.2E). Additionally, the tetramerization 

of p53_PBM4-4 is not adversely affected by the aa exchanges (Figure 4.2F). In summary, we 

successfully generated a p53 mutant with strongly reduced PAR binding by exchanging 4 basic aa 

within the CTD, again verifying that aa 363-382 of p53 are of critical importance for the non-covalent 

p53-PAR interaction. 

4.5.3. Influence of non-covalent PAR binding on biochemical properties of p53 

The DBD of p53 is known to bind in a sequence-specific manner to p53 response elements, whereas 

DNA binding abilities of the CTD are thought to be more versatile and sequence-independent [357]. As 

previously reported, non-covalent PAR binding to p53 inhibits the p53’s DNA binding ability [225]. As 

these experiments did not distinguish between DBD and CTD-mediated DNA binding, we investigated 

how non-covalent PAR binding influences the separate DNA-binding abilities of the DBD and the CTD 

using an in-vitro DNA-PAR competition EMSA. Both p53 fragments, i.e. p53_1-355 and p53_325-393, 

bound to the fluorescently labeled DNA substrate REp21. However, while DNA binding by p53_325-393 

(i.e., comprising the CTD) was highly impaired by PAR and entirely suppressed at higher PAR 

concentrations, the DNA binding of p53_1-355 (i.e., comprising the DBD) was only mildly influenced 

(Figure 4.3A and B). To discriminate between sequence-specific and sequence-independent DNA 

binding of p53, we compared its DNA binding ability to REp21 or a scrambled version thereof (i.e., 

scrambled REp21) in the absence or presence of PAR (Suppl. Figure 4.3). PAR equally efficient 

outcompeted the binding of p53_325-393 to scrambled REp21 and REp21, reflecting the sequence-

independent DNA binding nature of the CTD. Consistent with the finding that the CTD is the center of 

PAR-dependent regulation, PAR outcompeted the interaction of p53_WT with scrambled REp21 more 

efficiently as compared to REp21. p53_PBM4-4 showed an intermediate competition behavior between 

p53_WT and p53_1-355. In summary, these results demonstrate that PAR directly inhibits CTD-

mediated sequence-independent DNA binding of p53, however, CTD-bound PAR chains can also alter 

the DBD-mediated DNA binding in fl-p53.  

Previously, it was shown by differential scanning calorimetry that the addition of a p53 response 

element to the core domain of p53 leads to an increase in its melting temperature (Tm) [43]. To test 

how PAR affects the thermodynamic stability of p53, differential scanning fluorimetry (DSF) was 

performed (Figure 4.3C). Indeed, the presence of PAR resulted in an increase of Tm. Furthermore, this 

increase was PAR chain length dependent being more pronounced with longer PAR chains. This is 

consistent with previous findings showing increased affinity of longer PAR chains to p53 [83]. However, 

the stabilizing effect of PAR was much weaker than of the DNA substrate REp21, suggesting that the 

interaction works by different binding mechanisms, potentially by electrostatic interactions. The DNA-

PAR competition revealed that longer PAR chains can compete more efficiently with the DNA-p53 

binding than short PAR, again being in line with the higher affinity of p53 to long PAR chains. Neither 

the melting temperature of p53_1-355 alone nor in combination with REp21 was influenced by PAR 

verifying that PAR binding is mediated by the CTD of p53. Consistent with this notion, the melting 

temperature of p53_PBM4-4 was not influenced by the presence of PAR itself. However, the increase 

in Tm mediated by the addition of REp21 could be partly inhibited by addition of PAR, indicating that 

p53_PBM4-4 still exhibits some residual PAR-binding under certain conditions. 
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Since in cells it is thought that the majority of PAR molecules are covalently attached to PARP1, we 

performed in-vitro co-immunoprecipitation (coIP) experiments with auto-PARylated or unmodified 

PARP1 to investigate how auto-PARylation of PARP1 influences the p53-PARP1 interaction (Figure 4.3D 

and E). To this end, rec. PARP1 was immobilized via a PARP1-specific antibody on protein G -coated 

beads, followed by auto-PARylation, high-stringency washing, and finally co-incubation with rec. p53 

variants. About 10-fold more p53 was bound to auto-PARylated PARP1 compared to unmodified 

PARP1. Consistent with the notion that PAR mediates the p53-PARP1 interaction, the interaction of 

auto-PARylated PARP1 to p53_PBM4-4 was highly reduced and the interaction to p53_1-355 was 

almost completely abolished. This reveals that auto-PARylation of PARP1 represents a prerequisite for 

the efficient interaction with p53 and that PAR functions as a bridge for the p53-PARP1 interaction. 

The results from Figure 4.3C-E and Suppl. Figure 4.2C and Suppl. Figure 4.3D suggest that under certain 

conditions native, tetramerized p53_PBM4-4 is not entirely deficient in PAR-binding, since 

tetramerization can potentially compensate for the removal of basic aa. Thus, in conclusion, our data 

indicate that the p53_PBM4-4 represents a compromise between reduced PAR binding and still 

maintained biochemical functionality, e.g., in terms of DNA binding. Keeping this in mind, we used the 

 

Figure 4.3. Influence of non-covalent PAR binding on biochemical properties of p53. (A) DNA-PAR competition EMSA. DNA binding of 

p53_1-355 (1.5 µM) or p53_325-393 (18.7 µM) to a fluorescently labeled DNA substrate REp21 was competed with non-fractionated, 

unlabeled PAR. Note that DNA binding via p53_1-355 comprising the sequence-specific DBD results in formation of discrete complexes 

detectable as single bands, whereas p53_325-393 comprising the sequence-independent DNA binding CTD results in formation of 

heterogeneous complexes detectable as smears. (B) Densitometric quantification of (A). Means ± SEM of >3 independent experiments. 

Statistical significance was analyzed via two-way ANOVA. (C) Differential scanning fluorimetry (DSF) analysis with p53. Influence of PAR 

and DNA on the melting temperature of p53 was analyzed. Means ± SEM of 3 independent experiments. Only relevant significances are 

depicted. (D) Analysis of p53-PARP1 interaction in vitro by coIP. Recombinant (rec.) PARP1 was immobilized on beads and subjected to 

an auto-PARylation reaction. Rec. p53 was added and the interaction with PARP1 was analyzed using appropriate antibodies. (E) 

Densitometric quantification of (D). Means ± SEM of 3 independent experiments. 
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p53_PBM4-4 mutant in combination with pharmacological PARP inhibition to functionally analyze 

consequences of non-covalent p53-PAR interaction on a biochemical as well as on a cellular level. In 

summary, these results show that (i) PAR binding inhibits CTD-mediated sequence-independent DNA 

binding of p53, (ii) the p53-PAR complex is of lower thermodynamic stability than the p53-DNA 

complex, despite its high binding affinity, and (iii) the p53-PARP1 interaction can be strongly induced 

by auto-PARylation of PARP1. 

4.5.4. The CTD of p53 is essential for covalent PARylation of p53 

To investigate a potential influence of the CTD on the covalent PARylation of p53, truncated p53 

variants were tested for their ability to be covalently PARylated using an in-vitro PARylation assay. In 

this assay, covalent PARylation was tested by mixing rec. p53 variants with rec. PARP1 in the presence 

of NAD+. Due to covalent PARylation of rec. proteins with different sizes of PAR, the signals in the 

subsequent Western blot appeared as a diffuse band (‘smear’), by which it can be determined, if a 

protein is covalently PARylated or not. Strikingly, covalent PARylation was completely abolished in the 

p53_1-355 variant (Figure 4.4A), indicating that non-covalent interaction of PAR with the CTD is also 

essential for the covalent PARylation of p53. Consistently, p53_1-378, which had shown residual non-

covalent PAR binding (Figure 4.1E), exhibited covalent PARylation. To analyze if the CTD is a target for 

covalent PARylation itself, or if it mediates the interaction to PARP1, we developed a thrombin 

cleavage assay. To this end, a thrombin cleavage site (TCS) was introduced between aa 324 and 325 

(p53_324-TCS-325, Figure 4.4B), which separates the DBD from the TD. When a PARylation reaction 

was performed with the p53_324-TCS-325 variant, followed by the thrombin cleavage, a ~10-kDa 

down-shift of the PARylated band indicated that the covalent PARylation signal remained at the larger 

p53_1-324 fragment (Figure 4.4C, lanes 3 and 4). This demonstrates that covalent PARylation occurs 

mainly within the region of aa 1-324 of p53. No additional PARylated band was detected at lower 

molecular weights. To exclude that thrombin itself caused PAR degradation, thrombin was added to 

PARylated p53_WT lacking a TCS. In this case, no down-shift was observed (Figure 4.4C, lanes 1 and 2). 

Previously, covalent PARylation sites were mapped to sites E255, D256 and E268 of murine p53 [154]. 

We exchanged the corresponding aa in human p53 to alanines, but covalent PARylation still occurred 

(lane ‘p53_EDE/A’ Suppl. Figure 4.4A). Thus, to map the exact location of covalent PARylation in 

human p53, we performed high-resolution Orbitrap mass spectrometry (MS) according to Daniels et 

al. [64]. Covalently PARylated p53 was treated with phosphodiesterase I (PDE I) to reduce the PAR 

chain length, resulting in one remaining protein-bound phosphoribose moiety. Efficient PDE I 

treatment was controlled by Western blotting for PAR (Suppl. Figure 4.4B). Using this procedure, we 

identified several covalent PARylation sites in the TAD of p53 (Figure 4.4D). Thus, after trypsin 

digestion, aa E2, D7 or E17 were identified as highly likely targets for covalent PARylation. After pepsin 

digestion, aa E28 was identified as a covalent PARylation site (Figure 4.4D, Suppl. Figure 4.5). We next 

sought to generate a p53 mutant deficient or impaired for covalent PARylation. To this end, aa E28 

alone or in combination with aa E2, D7, E17 or other potential PARylation sites were exchanged to 

alanines. An in-vitro PARylation assay revealed that covalent PARylation still occurred in these rec. p53 

mutants. No decrease in band intensities was observed (Figure 4.4E). To test if covalent PARylation 

occurs C-terminally of E28 or outside of the TAD, a TCS was introduced into the p53 sequence between 

aa 28 and 29 (p53_28-TCS-29) or between aa 68 and 69 (p53_68-TCS-69), respectively. Thrombin 

cleavage of covalently PARylated p53_28-TCS-29 or p53_68-TCS-69 resulted in a ~10 or ~15-kDa down-

shift, respectively, of the PARylated bands (Figure 4.4F), demonstrating that covalent PARylation 

occurs C-terminally of E28 and C-terminally of the TAD. (N.B. The actual downshift differs slightly from 
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the theoretically calculated one, because of high proline content and additional PARylation of the N-

terminus.) We cannot rule out that PARP1 has preferential target sites for covalent PARylation in p53, 

but our experiments provide substantial evidence that PARP1 modifies various target sites throughout 

the whole p53 protein with rather broad specificity. To investigate if PARP1 covalently PARylates p53 

variants with partial or full deletion of the TAD, we generated N-terminally truncated p53 variants. An 

in-vitro PARylation assay demonstrated that p53_29-393, as well as p53_69-393 can still be covalently 

PARylated. Intriguingly, even the p53_325-393 variant can be covalently PARylated, although to a 

lesser extent (Figure 4.4G). This suggests that the only denominator that is essential for covalent 

PARylation of p53 is the CTD and that the selection of the modification site by PARP1 is rather 

promiscuous. 

 

Figure 4.4. The CTD of p53 is essential for covalent PARylation of p53. (A) In-vitro PARylation assay to test covalent PARylation of C-

terminally truncated versions of p53. (B) Schematic representation of the here used human p53 protein variants containing a thrombin 

cleavage site (TCS). (C) Thrombin cleavage assay with covalently PARylated p53_324-TCS-325. Down-shifted bands are indicated by 

red brackets, bands of non-thrombin-treated samples by blue brackets. (D) Mass spectrometric identification of covalent PARylation 

sites in p53_WT. PDE I –treated PARylated p53 was trypsin or pepsin digested. (E) In-vitro PARylation assay with p53 containing 

mutations at the PARylation sites identified in (D). PARP1: A control PARylation reaction was performed in the absence of p53 variants. 

(F) Thrombin cleavage assay with covalently PARylated p53_28-TCS-29 or p53_68-TCS-69. (G) In-vitro PARylation assay with N-

terminally truncated versions of p53. (H) In-vitro PARylation assay with p53-PBM4 mutants. Exchanges of 10, 7, 5 or 4 aa were 

introduced into the CTD (protein sequences are shown in Figure 4.2B). 
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To examine if non-covalent PAR binding to the CTD is a prerequisite for covalent PARylation, the PAR 

binding mutants p53_PBM4-10, p53_PBM4-7, p53_PBM4-5 and p53_PBM4-4 were tested for covalent 

PARylation. Indeed, all of them were deficient for covalent PARylation (Figure 4.4H), indicating that 

non-covalent PAR binding of the CTD is necessary for covalent PARylation of p53. Thus, p53_PBM4-4 

can be employed as a mutant deficient for both non-covalent as well as covalent PARylation (termed 

‘p53_PBM4’ from hereon). 

To exclude potential antibody artifacts in the PARylation-deficient mutants or truncations, the in-vitro 

PARylation assay was performed with radioactive 32P-NAD+ (Suppl. Figure 4.4C). Consistent with 

immunochemical results, a subsequent autoradiographic detection showed that p53_PBM4 and 

p53_1-355 were deficient for covalent PARylation. Additionally, to ensure that only covalent 

PARylation of p53 is detected in our SDS-PAGE analysis without residual non-covalent PAR-p53 

interaction, we added the chaotropic agent urea in a concentration of 8 M to samples after the 

PARylation reaction, followed by incubation at 95°C for 5 min (Suppl. Figure 4.4D). No reduction in the 

PAR signal was observed, verifying that PAR is covalently attached to p53. Furthermore, a PARP 

inhibitor was added to auto-PARylated PARP1, followed by addition of rec. p53. The absence of a 

PARylated p53 signal indicated that p53 did not show residual PAR binding, despite the presence of 

PAR from the auto-modification of PARP1 (Suppl. Figure 4.4E). Also, when purified PAR was co-

incubated with rec. p53, no PAR signals were detected after SDS-PAGE analysis (data not shown). 

In summary, these results provide strong evidence that non-covalent PAR binding to the CTD mediates 

the interaction of p53 with auto-PARylated PARP1, thereby triggering the covalent PARylation of p53. 

Further, p53 is covalently PARylated throughout the whole protein raising the possibility that PARP1 

selects the modification site with rather broad specificity. 

4.5.5. Fusing the CTD of p53 to GST renders GST a target for covalent PARylation 

Since the interaction of the CTD with auto-PARylated PARP1 appears to be the key factor for targeting 

p53 for covalent PARylation, we tested if fusing the CTD to a protein that is normally not a substrate 

for covalent PARylation renders this a target for PARylation. To this end, we chose glutathione S-

transferase (GST), which is a widely used negative control for covalent PARylation [217, 237, 338]. The 

CTD alone (aa 359-387) or the TD-CTD (aa 325-393) were fused to the C-terminus of GST, separated by 

a TCS (i.e., GST-p53_359-387 

and GST-p53_325-393, re-

specttively). Interestingly, 

those two fusion proteins were 

indeed covalently PARylated in 

an in-vitro PARylation assay, in 

contrast to GST alone (Figure 

4.5A). Since covalent PAR-

ylation potentially can also 

take place directly within the 

TD or CTD, we performed a 

thrombin cleavage assay with 

PARylated GST-p53_359-387 

or GST-p53_325-393. In the 

case of GST-p53_325-393, a 

 

Figure 4.5. Fusing the CTD of p53 to GST renders GST a target for covalent PARylation. 

(A) In-vitro PARylation assay with 97 pmol GST, GST-p53_325-393 or GST-p53_359-387. In 

comparison, covalent PARylation of 5 pmol p53_WT is shown. (B) Thrombin cleavage assay 

with covalently PARylated GST-p53_325-393. Down-shifted bands are indicated by red 

brackets, bands of non-thrombin-treated samples by blue brackets. (C) Thrombin cleavage 

assay with covalently PARylated GST-p53_359-387. 
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~10-kDa down-shift of the PARylated band demonstrated that covalent PARylation mainly occurred 

indeed within the GST sequence (Figure 4.5B). To observe the low molecular weight down-shift after 

thrombin cleavage of PARylated GST-p53_359-387 with suitable sensitivity, we switched to the use of 

the anti-PAR antibody LP96-10, which recognizes shorter PAR chains than the 10H antibody, thus 

enabling detection of the PARylation signal in the lower molecular weight range. A ~4-kDa down-shift 

of the PARylated protein band after thrombin cleavage clearly demonstrated that covalent PARylation 

occurred within the GST sequence (Figure 4.5C). Of note, in cells, GFP, which is usually not covalently 

PARylated, is targeted for covalent PARylation if it is fused to the extended C-terminal region of p53 

(aa 301-393) (Suppl. Figure 4.4F). In summary, these results demonstrate that fusing the CTD of p53 

to a peptide sequence that is usually not PARylated renders it a target for covalent PARylation. 

4.5.6. Covalently PARylated proteins are highly enriched in CTD-like regions 

Since the CTD targets a protein for covalent PARylation, the question arises if other PARylated proteins 

also contain regions that resemble p53’s CTD with regards to positive charge density and degree of 

structural disorder. To identify such regions, we performed a bioinformatics analysis using mass 

spectrometry data sets for covalently PARylated proteins under genotoxic conditions published by 

Zhang et al. [373], Jungmichel et al. [150], and Martello et al. [229]. First, intrinsically disordered 

protein regions (IDPRs) were predicted in the PARylated proteins, using the IUpred algorithm [72, 73]. 

Next, these IDPRs were screened for presence of highly positively charged regions. Since p53_1-378 

 

Figure 4.6. CTD-like regions are present in the majority of covalently PARylated proteins. (A) Schematic representation of the 

bioinformatics analysis to search for CTD-like regions in PARylated proteins. Protein sequences from data sets of covalently PARylated 

proteins [150, 229, 373] were retrieved and analyzed for presence of predicted intrinsically disordered protein regions (IDPRs). In a next 

step, screening for highly basic IDPRs was performed, which represent CTD-like regions. (B) Bioinformatics analysis for the identification 

of CTD-like regions in covalently PARylated proteins. Data from cultured cells under genotoxic stress conditions used from Zhang et al. 

[373], Jungmichel et al. [150] and Martello et al. [229]. p < 0.0001 for any pairwise comparison between a PARylated protein dataset 

and a control protein dataset; chi-square test. (C) PAR overlay assay after SDS-PAGE of full-length GST-tagged DEK with 9 aa 

substitutions (GST-DEK_PBM) in a highly basic IDPR PAR binding motif. (D) Densitometric quantification of (C). Means ± SEM of 3 

independent experiments. The signal of PAR binding to DEK_WT was set to 100%. (E) In-vitro PARylation assay with DEK mutant from 

(D) using anti-PAR antibody LP96-10.   
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and GST-p53_359-387 showed covalent PARylation and a net aa charge of at least +4, this ≥ +4 net 

charge was chosen as an in-silico search pattern in a sliding window of a total of 15 aa. To calculate the 

net charge, the amount of the basic aa arginine or lysine was subtracted by the amount of the acidic 

aa glutamate or aspartate. If a directly consecutive region was identified, it was merged with the 

previous region. This procedure demonstrated that 68% of the PARylated proteins from Jungmichel et 

al., 86% from Martello et al. and 84% from Zhang et al. contain highly basic IDPRs (Figure 4.6A and B, 

details of identified proteins and sequences in Supplementary Data 1). In comparison, the whole 

human proteome contains 38% of proteins with highly basic IDPRs. Since PARP1 is mainly active in the 

nucleus, cytoplasm-localized proteins from the eSLDB database were used as an additional control 

pool in the analysis [275]. 39% of these proteins contain highly basic IDPRs. The proteome of N-

glycosylated proteins was used as a non-PARylation-associated control pool, as employed recently also 

in other studies [135, 348]. This dataset exhibits only 20% of proteins that contain highly basic IDPRs. 

These results demonstrate that covalently PARylated proteins are markedly enriched in highly basic 

IDPRs. Frequently, the PARylated proteins showed very long highly basic IDPRs, with lengths of 40-50 

aa and even longer. The highly basic IDPR of p53 is only 24 aa in length, but tetramerization can 

markedly increase the charge density. To investigate if tetramerization of p53 influences covalent 

PARylation, we performed the in-vitro PARylation assay in the presence of the tetramerization-

deficient mutant p53_L344P [67]. PARylation of p53_L344P still occurred, although to a lesser extent 

than with p53_WT (Suppl. Figure 4.4A), indicating that tetramerization is not strictly essential, 

however supports covalent PARylation of p53. To test if similar regulatory mechanisms of non-covalent 

PAR binding and covalent PARylation exist in proteins other than p53, we analyzed this crosstalk for 

the DEK protein, which was previously identified as a non-covalent PAR binding protein and a substrate 

for covalent PARylation [150, 156, 229]. In a recent study, the strongest non-covalent PAR interaction 

was mapped to aa positions 195-222 (Ganz, Vogel et al. manuscript in preparation). This region was 

also identified as a highly basic IDPR by our algorithm (i.e., aa 177-227; a second IDPR was identified in 

the region aa 254-292). Within the PAR binding region of aa 195-222, 9 basic aa were exchanged to 

alanines followed by expression and purification of the recombinant protein. Consistent with results 

from p53, this mutant showed a reduced non-covalent PAR binding (Figure 4.6C-D) and covalent 

PARylation (Figure 4.6E). To investigate if binding of PAR to other types of PAR binding modules also 

controls covalent PARylation, we used the in-vitro PARylation assay in the presence of the 

macrodomain protein Af1521, which lacks highly basic IDPRs (PDB entry 1VHU). The macrodomain 

binds to PAR non-covalently specifically via the terminal ADP-ribose moiety [158]. In this case, we did 

not detect covalent PARylation of Af1521 in vitro (Suppl. Figure 4.4A and C), suggesting that not all 

modes of non-covalent PAR binding render a protein a target for covalent PARylation by PARP1. In 

summary, these results demonstrate that CTD-like regions are present in most other covalently 

PARylated proteins, supporting the notion that such highly basic IDPRs may target such proteins for 

covalent PARylation as well. 

4.5.7. Influence of PAR on cellular functions of p53 

To investigate if and how PAR affects cellular functions of p53, pharmacological PARP inhibition and/or 

the p53_PBM4 mutant were employed to analyze (i) the transactivation activity of p53, (ii) p53-

dependent replication-associated recombination, and (iii) the PAR-mediated p53 interactome. To this 

end, p53-deficient human cells were reconstituted with p53_WT or p53_PBM4 by transfection and 

treated with the PARP inhibitor (PARPi) olaparib or left untreated. Since the transfection procedure 

itself produces considerable amount of genotoxic stress [92, 139] and high levels of p53, we analyzed 
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cellular effects without inducing DNA damage using additional genotoxins. By using protein 

purification of His-tagged p53 from transfected cells, we confirmed that under those experimental 

conditions covalent PARylation of p53 occurs in cells (Suppl. Figure 4.6). 

The transactivation activity was determined by a luciferase reporter assay, using a firefly luciferase 

gene driven by tandem repeats of p53 response elements. Notably, p53_PBM4 showed a significant 

37%-reduction in relative luminescence compared to p53_WT (Figure 4.7A). PARPi treatment in 

 

Figure 4.7. Influence of PAR on cellular functions of p53. (A) Analysis of p53 transcriptional activity using a luciferase reporter assay. 

H1299 cells were transfected with p53_WT or p53_PBM4, ± PARP inhibitor. Relative luminescence: Ratio of firefly to renilla luciferase 

luminescence. Renilla luciferase luminescence was used for the normalization of transfection efficiency. Means ± SEM of 6 independent 

experiments. (B) p21 protein expression level of experimental system in (A). Actin served as loading control. (C) Densitometric 

quantification of (B). Means ± SEM of 3 independent experiments. p21 levels were normalized to p53 levels and p53_WT without 

olaparib was set to 100%. (D) CDKN1A gene expression of experimental system in (A) using RT-qPCR. Means ± half range of 2 

independent experiments. (E) Determination of relative replication-associated recombination frequencies of K562(HR-EGFP/3`EGFP) 

cells, transfected with p53_WT or p53_PBM4, ± PARPi. Means ± SEM of 12 independent measurements. Statistical significance was 

analyzed via two-tailed Mann-Whitney U test. (F) Schematic representation of the proteomics experiment to identify PAR-mediated 

interaction partners of p53. H1299 cells were reconstituted with p53_WT ± PARPi or p53_PBM4, followed by pulldown of p53 complexes 

and MS analysis. (G) Identified PAR-mediated interaction partners of p53 by the proteomics experiment described in F. (H) Mechanistic 

model of targeting p53 for covalent PARylation by PARP1. PARP1 is activated upon DNA single-strand break detection and subsequently 

auto-PARylates itself. p53 binds via the CTD non-covalently to PAR chains from auto-PARylated PARP1 and is put into spatial proximity 

of the catalytic center of PARP1, followed by covalent PARylation of p53 by PARP1. In consequence, the spatio-temporal function of 

p53 are affected, such as DNA binding properties, transcriptional function, replication-associated recombination and specific protein-

protein interactions. 
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p53_WT-transfected cells reduced the relative luminescence also significantly by 19%, while PARPi in 

p53_PBM4-transfected cells did not change the relative luminescence, indicating an epistatic effect. 

To examine the influence of PARylation on gene expression in a chromatin environment, we analyzed 

CDKN1A (encoding for p21) mRNA transcript levels and p21 protein levels (Figure 4.7B-D). These 

results demonstrated that PAR enhances the transactivation activity of p53 also in an endogenous 

chromosomal encoded gene. mRNA levels of the p53-dependent target genes SLC30A1 and RRM2B 

showed comparable results (Suppl. Figure 4.7). MDM2 mRNA levels exhibited a dependence on 

olaparib, whereas PLK3 showed a p53_PBM4-dependent effect. These results indicate that aa 

exchanges in PBM4 can also result in PAR independent effects, which is not surprising considering the 

broad modification of the CTD by other post-translational modifications and its versatile role in the 

regulation of many p53 functions. Other potential p53-dependent target genes from a previously 

published gene set [89] showed no dependence on PARP inhibition or p53_PBM4. A previous report 

demonstrated that two NLS sequences of low activity are located in the CTD [312]. To exclude that the 

transactivation function is influenced due to altered subcellular localization of p53, high-content 

fluorescence microscopy with GFP-tagged p53 variants was performed. The ratio of nuclear to 

cytoplasmic p53-GFP intensity was not significantly different for p53_WT (with or without PARPi) or 

for p53_PBM4 (Suppl. Figure 4.8), indicating that PARPi treatment and the aa exchanges in the CTD of 

the p53_PBM4 mutant did not influence p53’s nuclear localization in the experimental system used in 

this study. 

Since p53 stimulates replication-associated recombination, which is assumed to protect replicating 

DNA [140], we analyzed recombination using a chromosomally integrated recombination reporter 

substrate (Suppl. Figure 4.9A) [6, 120]. Notably, p53_PBM4 showed a significantly reduced stimulation 

of the recombination rate compared to p53_WT (Figure 4.7E and Suppl. Figure 4.9B). Furthermore, 

p53_WT in presence of PARPi displayed a complete loss of recombination stimulation. These results 

suggest that PAR is of critical importance for the p53-mediated recombination stimulation, however, 

additional PAR-dependent factors, which are not directly related to the non-covalent p53-PAR 

interaction, appear to be also involved in the regulation of replication-associated recombination. 

To identify PAR-mediated p53 interaction partners, a p53 pulldown combined with a proteomics 

analysis was performed, using a high-stringency approach. Thus, an interaction of p53 with another 

protein was considered to be PAR-mediated, if at least a 4-fold difference in abundance was present 

between p53_WT and p53_PBM4, as well as between p53_WT and p53_WT treated with PARPi. The 

fact that PARP1 was identified as a PAR-mediated interaction partner confirms our above coIP results 

in a cellular environment. Furthermore, Annexin A1, 40S ribosomal protein S8, zinc-alpha-2-

glycoprotein, histone H4 and histone H3 variants were identified as PAR-mediated interaction partners 

(Figure 4.7F-G and Supplementary Data 2, Suppl. Figure 4.9C). With the exception of zinc-alpha-2-

glycoprotein, all of these proteins were previously identified as PAR binding factors [99]. Our results 

now show that these PAR-protein interactions bridge the interaction with p53 in the cell, thereby 

demonstrating that the interactome of a given protein, i.e., p53, is directly PAR dependent. 

In summary, these results demonstrate that PAR acts as a significant regulator of p53 cellular functions 

regarding transactivation function, p53-mediated replication-associated recombination, and p53 

protein interactions. 
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4.6. Discussion 

This study reveals that the previously reported high-affinity interaction of PAR with p53 is mediated by 

its CTD. The non-covalent PAR binding mediates the interaction of p53 with auto-PARylated PARP1, 

which then targets p53 for covalent PARylation. In consequence, PARylation regulates several essential 

cellular functions of p53, such as its transcriptional activity, replication-associated recombination, and 

specific protein interactions, revealing the CTD as the center for regulation of p53 by PARylation (Figure 

4.7H). By this, the current study gives a prime example of how the two modes of PAR modification, 

i.e., non-covalent PAR binding and covalent PARylation, crosstalk in case of one of the most important 

tumor suppressor proteins, i.e., p53, with significant functional consequences on the cellular level. 

The CTD plays a multifunctional role in nearly every aspect of p53 regulation, such as protein stability, 

recruitment of co-factors, and the complex binding behavior of p53 to DNA [202]. Apart from its 

sequence-independent interaction with double-stranded DNA, various other DNA structures act as 

CTD binding partners, such as single-stranded DNA, insertion/deletion mismatches, recombination 

intermediates, as well as DNA single-strand and double-strand breaks. Additionally, interaction with 

RNA was demonstrated [202, 249, 374]. Due to this variety of different binding partners, which are 

based on electrostatic interactions, the CTD was previously suggested to be a sequence-independent 

DNA binding domain [357]. The different functions of the CTD are regulated by a host of post-

translational modifications, such as phosphorylation, ubiquitination, methylation, and acetylation. 

While a role of PARylation was previously proposed in the regulation of p53 [154, 225], its molecular 

details and functional significance are only poorly understood. Thus, Malanga et al. suggested that 

non-covalent p53-PAR interaction may take place in p53’s DBD and TD (i.e., PBMs 1-3) [225]. We 

reproduced these results, which were based on peptide studies. However, interestingly PBMs 1-3 were 

of no or only minor relevance for PAR binding in fl-p53, potentially because these binding sites are not 

accessible in the full-length protein. Instead, we revealed that the actual PAR binding ability resides in 

the CTD of p53. The reason of why Malanga et al. did not identify the CTD as a PAR binding region may 

be attributed to the fact that in some cases peptides are not efficiently bound to the membrane during 

the PAR overlay assay, because of solubility issues. 

Due to the similar chemical characteristics compared to DNA and RNA, a high-affinity electrostatic 

interaction of PAR with the CTD is plausible. The ability to interact with different types of nucleic acids, 

i.e., DNA, RNA, PAR, may be necessary to regulate the binding of p53 to the different nucleic acid 

targets and thereby control its specific cellular functions. Given that PAR contains two negatively 

charged phosphate groups per ADP-ribose moiety, the charge density and thus the affinity is probably 

at least as high as for RNA or DNA. Since upon DNA damage, cellular PAR levels can rise >100-fold [230] 

and the local PAR content at the DNA damage site can reach high peak values, PAR potentially has the 

ability to outcompete DNA and RNA binding [168]. In this way, PAR may serve as an important and 

highly dynamic factor to regulate the binding of p53 to other nucleic acids in a spatio-temporal manner. 

We demonstrated that PAR inhibited mainly the sequence-independent, CTD-mediated DNA binding 

of p53. In contrast, the sequence-specific DNA binding via the DBD was only moderately affected. It 

was previously demonstrated that p53 binds to a high degree at non-specific DNA target sites in cells. 

Only about 2-5% of p53-bound DNA target sites have a p53 consensus motif [46, 215]. Thus, non-

covalent PAR binding to the CTD could possibly decrease the sequence-independent DNA binding by 

competition, leading to an increased specific DNA binding after PAR formation. 

 



Results 

44 
 

Intriguingly, our results show that the PAR-binding CTD is also essential for covalent PARylation of p53. 

Together with the finding that p53 binds more efficiently to auto-PARylated than unmodified PARP1, 

this strongly indicates that non-covalent p53-PAR interaction provides the target specificity for its 

covalent PARylation by PARP1 (Figure 4.7H). In general, the connection between non-covalent PAR 

binding and covalent PARylation is understood incompletely. Previous work showed that the PARP1 

interaction to many proteins, such as CHD2 [221] or DNMT1 [292] is PAR-mediated. This indicates that 

the covalent PARylation of these proteins by PARP1 may be PAR-mediated, as well. This is supported 

by the identification of CHD2 as a target for covalent PARylation [373]. Consistently, many PAR-binding 

proteins are also targeted by covalent PARylation [331]. In support of this notion, we showed that in 

addition to p53, covalent PARylation of DEK is dependent on non-covalent PAR-DEK interaction (Figure 

4.6C-E). We propose that a combination of intrinsic disorder and high positive charge confers non-

covalent PAR binding and subsequently leads to PARP1-mediated covalent PARylation of p53, DEK, and 

potentially other proteins. For example, the proteins FUS, EWS and TAF15, which bind non-covalently 

to PAR by their long, intrinsically disordered and highly positively charged RGG repeats [12], are also a 

target for covalent PARylation [150]. The same was demonstrated for the short N-terminal tails from 

histones, which also comprise highly basic IDPRs [237]. On the contrary, covalent PARylation was not 

detected in case of the PAR-binding macrodomain (this and previous studies [150]). A possible 

explanation can be that IDPRs provide the ability to slide along the PAR chain towards PARP1 to reach 

spatial proximity for covalent PARylation, which is supported by studies showing that IDPRs slide along 

DNA in a sequence-independent manner [232, 327, 352]. In contrast, the macrodomain binds to the 

terminal ADP-ribose moiety of the PAR chain by a specific fold and is probably too distant from the 

catalytic center of auto-PARylated PARP1 for covalent PARylation. Recently, thousands of covalently 

PARylated proteins were identified by mass spectrometry. Interestingly, the majority of these proteins 

have regions that are similar to the CTD of p53 in the way that they are also highly basic and disordered. 

These regions could account for non-covalent PAR binding and for covalent PARylation of proteins, 

offering a possible explanation of how PARP1 can select its thousands of targets for covalent 

PARylation. 

In general, protein kinases recognize their target sites for phosphorylation at a specific aa consensus 

sequence [276]. In comparison, our results strongly suggest that PARP1 does not require a certain aa 

consensus sequence for the selection of covalent PARylation sites. Instead, PARP1 targets a protein, if 

it exhibits a PAR interaction domain like the CTD and suitable acceptor aa. The high variety of different 

acceptor aa, such as glutamate, aspartate, lysine and serine supports this notion [37, 64]. Furthermore, 

PARP1 can even covalently modify DNA strand break termini in DNA fragments, at least in vitro [329]. 

In consequence, the selectivity of PARP1 towards specific aa substrates is under current discussion in 

the field [65, 331]. In principle, such a broad specificity might be necessary to render the response 

upon certain PARP1-activating stimuli as wide and adaptive as possible. Importantly, however, in a 

cellular context, PARP1 specificity could be regulated by additional co-factors, as was recently 

demonstrated for HPF1, which is necessary for serine-specific PARylation [37]. 

This study demonstrates that PARylation participates in the transactivation function of p53 in cells, 

which is consistent with previous studies [340, 366]. Additionally, we show that this regulation is 

dependent on PBM4. A possible mechanism may be that p53 needs to dissociate from DNA for the 

start of transcription, which may be mediated by PARylation of p53. Treating cells with a PARPi 

prevents the dissociation of p53 and TAFs (TATA binding protein associated factors) from the p21 

promotor [367]. Our data implicate that covalent PARylation of p53 can also occur with DNA-bound 
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p53, since DBD-mediated DNA binding was only moderately influenced by the presence of PAR. 

Therefore, auto-PARylated PARP1 can bind to p53, followed by covalent PARylation and dissociation 

of p53 from the DNA. Moreover, PARylated p53 might enhance the recruitment of transcriptional co-

factors to the promoter. Indeed, it was previously demonstrated that PAR can affect protein-protein 

interaction and assemble multi-protein complexes [99]. Here we specifically show that PAR regulates 

protein interactions of p53 in the cell. Thus, PAR mediates the p53 interaction to Annexin A1, 40S 

ribosomal protein S8, zinc-alpha-2-glycoprotein, histone H4, histone H3 variants or PARP1. Of these, 

histone H3 and H4 [136], PARP1 [340] and Annexin A1 [207] were previously identified as interaction 

partners of p53. It will be interesting to disentangle in future studies to what extent the cellular effects 

on p53 function are dependent on non-covalent PAR binding or/and covalent PARylation. 

The CTD is a target for various PTMs, such as acetylation, ubiquitination, methylation, and neddylation, 

mainly modifying its lysines, including those mutated in p53_PBM4. Thus, it is conceivable that a 

modification or an interplay of different modifications can influence and regulate non-covalent PAR 

binding as well as covalent PARylation of p53. Interestingly, while mice carrying a genetic deletion of 

the CTD in their TP53 gene exhibit anemia and bone marrow failure [119, 316], mice with aa exchanges 

of all lysines to arginines within the CTD show only a mild phenotype of γ-irradiation hypersensitivity 

[175]. This raises the hypothesis that in such a mutant, the p53-CTD is still able to bind PAR and to 

trigger covalent PARylation due to unaltered positive charge, which could explain the absence of a 

severe phenotype. 
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4.7. Supplementary data 

4.7.1. Supplementary Methods 

In-vitro PARylation assay with 32P-NAD+ 

Rec. proteins (1 µM) were PARylated in PBS buffer, in presence of 10 mM MgCl2, 7.7 µg/ml self-

annealed oligonucleotide GGAATTCC, 1 mM DTT, 23 nM rec. PARP1 and 0.1 µCi 32P-NAD+ (non-

radioactive NAD+ was added to a final NAD+ concentration of 100 µM), in a final volume of 10 µl for 1 

h at RT. Proteins were separated by a 15% acrylamide gel, followed by Coomassie staining and 

detection by autoradiography. The in-vitro PARylation experiment with 32P-NAD+ was performed three 

times. 

High-content microscopy  

H1299 cells were seeded in a 24 well plate (40,000 cells per well) in 500 µl medium. 24 h later, transient 

transfection was performed using Lipofectamine 2000 according to the manufacturer´s instructions. 

Cellular transfection of GFP-p53 (pEGFP-C1::p53_WT) (500 ng each) was performed using 1.5 µl 

Lipofectamine 2000 per well. PARP inhibitor veliparib (10 µM, Selleckchem) was added to the cells 

where indicated. After 24 h, cells were washed in PBS and fixed for 20 min at RT with 4% 

paraformaldehyde in PBS. After stopping the reaction with 100 mM glycine, cells were washed in PBS 

and permeabilized with 0.4% Triton X-100 in PBS for 3 min at RT. Cells were washed for 5 min in PBS 

and then stained with 0.5 µg/ml Hoechst 33342 for 15 min at RT. After three washes with PBS, 

subcellular localization was quantified with high-content microscopy (Cellomics Arrayscan VTI HCS, 

Thermofisher Scientific) using the NucTrans.V4 assay algorithm with a cell count of 400. The average 

ratio of nuclear GFP signal to cytoplasmic GFP signal was calculated. Three independent experiments 

were performed. 

Chromatin fractionation  

Protein binding in cells was analyzed by chromatin fractionation according to Dedon, Soults [69] with 

modifications. H1299 cells were transiently transfected using Lipofectamine 2000 with vectors, 

encoding p53_WT or p53_PBM4. Cells were treated 24 h later with formaldehyde and lyzed in a buffer 

consisting of 2% SDS, 50 mM Tris-HCl pH 8, 500 mM NaCl, 10 mM EDTA and protease inhibitor cocktail 

(Roche). Cells were sonicated (Biorupotor, Diagenode) to reduce chromatin length. After 

centrifugation, the supernatant was loaded on a 5-20% sucrose gradient in the presence of 500 mM 

NaCl, 2% SDS and protease inhibitor cocktail. Samples were centrifuged at 70,000 g for 20 h. The 

samples were fractionated and one half of each fraction was used for protein detection by SDS-PAGE 

and Western blotting whereas the other half was used for chromatin length analysis by agarose gel 

electrophoresis and ethidium bromide staining.  

GFP-IP 

H1299 cells, seeded on a 15 cm cell culture plate, were transfected using Lipofectamine 2000 with a 

vector encoding GFP fused to the extended CTD of p53 (aa 301-393). After 24 h, cells were treated 

with 500 µM H2O2 for 5 min, followed by cell lysis (including 1 µM ADP-HPD [Merck]) and GFP-

immunoprecipitation using GFP-Trap_A beads (Chromotek) according to the manufacturer’s 

instructions. After SDS-PAGE and Western blot, PAR was detected with the anti-PAR antibody LP96-10 

(Enzo Life Sciences) followed by using an anti-GFP antibody (Roche). 
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p53 protein purification from human cells 

H1299 cells were transiently transfected with vectors, encoding His-tagged p53_WT, p53_PBM4 or 

with the control vector pcdna3.1 using polyethylenimin (PEI). After 24 h, cells were treated with 500 

µM H2O2 for 5 min and subjected to nickel-affinity chromatography as described in the protein 

purification section. After SDS-PAGE and Western blot, PAR was detected with the anti-PAR antibody 

LP96-10 (Enzo Life Sciences). 

4.7.2. Supplementary Figures 

 

  

 

Suppl. Figure 4.1. PAR binds non-covalently to the C-terminal domain (CTD) of p53. (A) List of amino acid (aa) sequences of 

peptides from Fig. 1B. (B) Complete membrane of Figure 4.1D. PAR overlay assay of PepSpot peptide array (upper membrane) 

for the identification of potential PAR binding sites in p53. Ponceau S staining (lower membrane) served as a loading control. (C) 

List of aa sequences of peptides used in the PepSpot peptide array from Figure 4.1D and Suppl. Figure 4.1B.  
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Suppl. Figure 4.2. Generation of a PAR-binding-deficient p53 mutant. (A) Complete membrane of Figure 4.2A. PAR overlay 

assay of PepSpot peptide array (upper membrane). Ponceau S staining (lower membrane) served as a loading control. (B) List 

of aa sequences of peptides used in the PepSpot peptide array from Figure 4.2A and Suppl. Figure 4.2A. Amino acids highlighted 

in red were subjected to exchanges to alanines. (C) Analytical size-exclusion chromatography (SEC) of different p53 variants 

bound to non-fractionated PAR. Chromatograms of protein-only samples were taken from Figure 4.2F (using absorbance at 258 

nm instead of 280 nm). (D) Analytical SEC for analysis of DNA (REp21) binding of p53_WT or p53_PBM4-4. Chromatograms of 

protein-only samples were taken from Fig. 2F (using absorbance at 258 nm instead of 280 nm). (E) Size calculations of samples 

from SEC experiments (from Figure 4.2F and Suppl. Figure 4.2C and D) (F) Schematic representation of fractions after chromatin 

fractionation. (G) Chromatin binding of p53_WT was compared to p53_PBM4-4 using chromatin fractionation. H1299 cells were 

transfected with p53_WT or p53_PBM4-4 and crosslinked with formaldehyde. Chromatin was sonicated to reduce chromatin 

size, followed by sucrose-gradient ultracentrifugation. Samples were fractionated and protein content was analyzed using SDS-

PAGE followed by Western blotting. Histone H2B served as marker for chromatin association. Actin served as marker for 

cytoplasmic fractions. (H) DNA length analysis of chromatin fractions from (G). 
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Suppl. Figure 4.3. DNA-PAR competition electrophoretic mobility shift assay (EMSA). DNA binding of indicated p53 

variants to a fluorescently labeled unspecific DNA substrate (scrambled REp21) or a specific DNA substrate (REp21) was 

competed with non-fractionated, unlabeled PAR. (A) Left: DNA-PAR competition EMSA with p53_1-355 (1.5 µM) or 

p53_325-393 (18.7 µM). Right: Densitometric quantification of unbound DNA. (B) Left: DNA-PAR competition EMSA with 

p53_WT (1 µM). Right: Densitometric quantification of unbound DNA. (C) Left: DNA-PAR competition EMSA with p53_1-

355 (1.5 µM). Right: Densitometric quantification of unbound DNA. (D) Left: DNA-PAR competition EMSA with p53_PBM4-

4 (1 µM). Right: Densitometric quantification of unbound DNA. 



Results 

50 
 

 

 

 

 

 

 

Suppl. Figure 4.4. The CTD of p53 is essential for covalent PARylation of p53. (A) In-vitro PARylation assay with p53 

variants and GST-Af1521 (macrodomain). PARP1: A control PARylation reaction was performed in the absence of p53 

variants or GST-Af1521. (B) Control blot demonstrating efficient PDE I digestion of PARylated p53_WT. (C) In-vitro 

PARylation assay with radioactive 32P-NAD+, followed by autoradiographic detection. (D) Control experiment 

demonstrating that p53 is covalently PARylated by using 8 M urea in the SDS-PAGE sample buffer (urea SB) together with 

PARylated (PARyl.) p53. As control, SDS-PAGE sample buffer without urea (SDS SB) was used. (E) In-vitro PARylation control 

experiment demonstrating that p53 is covalently PARylated by using a PARP inhibitor (PARPi) before addition of p53. (F) 

Targeting of cellular GFP for covalent PARylation. The extended CTD of p53 (aa region 301-393, containing all NLS regions) 

was fused to GFP, i.e., GFP-p53_301-393. H1299 cells were transfected with GFP-p53_301-393, treated with H2O2 and 

subjected to an immunoprecipitation against GFP. Two independent experiments were performed. 



Results 

51 
 

 

 

 

 

 

Suppl. Figure 4.5. Mass-spectrometric identification of phosphoribosylation sites in p53. (A) Peptide (aa 1-24) from trypsin 

digestion, using CID fragmentation. Most probable modification site at E17. (B) Peptide (aa 1-24) from trypsin digestion, 

using CID fragmentation. Most probable modification sites at E2 and D7. (C) Peptide (aa 23-32) from pepsin digestion, using 

CID fragmentation. Definitive modification site at E28. (D) Peptide (aa 1-24) from trypsin digestion, using enrichment for 

phosphoribosylated peptides and HCD fragmentation. Most probable modification site at D7. 
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Suppl. Figure 4.6. Analysis of covalent PARylation of p53 in cells. H1299 cells were transfected with p53_WT. 24 h later, cells were 

treated with 500 µM H2O2 for 5 min or left untreated. Subsequently, p53 was purified using nickel-affinity chromatography. FT: 

flow-through from nickel-affinity column. 

 

Suppl. Figure 4.7. SLC301A, RRM2B, MDM2 or PLK3 gene expression using RT-qPCR. H1299 cells were transfected with GFP-tagged 

p53_WT or p53_PBM4, ± PARP inhibitor followed by gene expression analysis. Means ± half range of 2 independent experiments. 
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Suppl. Figure 4.8. Pharmacological PARP inhibition or mutations in the CTD do not influence the subcellular localization of p53. 

(A) Subcellular localization analysis of GFP-fusion proteins using Cellomics high-content imaging. Representative images are 

shown. Scale bar: 20 µm. PARPi: PARP inhibitor (veliparib). (B) Quantification of (A). Ratio of average nuclear GFP intensity and 

average cytoplasmic GFP intensity is shown (Avg int nucl/cytopl). Means ± SEM of 3 independent experiments. 
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Suppl. Figure 4.9. Influence of PAR on cellular functions of p53. (A) Schematic representation of the genomic recombination 

reporter substrate [6, 120], which is chromosomally integrated in K562(HR-EGFP/3`EGFP) cells, and is used for the determination 

of recombination frequencies. PURO: puromycin resistance cassette; arrow: promoter; black square: frameshifting insertion in 

the EGFP chromophore coding region generating the inactive variant HR-EGFP; hygromycin: hygromycin resistance cassette; 

cross: replacement of the EGFP start codon by two stop codons resulting in the inactive variant 3´EGFP. (B) p53 protein expression 

level of recombination experiment in Figure 4.7E. GAPDH served as loading control. (C) Coomassie gel of p53 pulldown from 

H1299 cells, transfected with Strep-tagged p53. PARPi: PARP inhibitor (olaparib). 

Table 4.1. List of oligonucleotides used in this study. 
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5. Interactions of p53 with poly(ADP-ribose) 

and DNA induce distinct changes in protein 

structure as revealed by ATR-FTIR 

spectroscopy 

Annika Krüger, Anna Stier, Arthur Fischbach, Alexander Bürkle, Karin Hauser, and Aswin Mangerich 

Nucleic Acids Research, 47(9): 4843-4858, 2019 

5.1. Record of contribution 

Design and conduction of all experiments apart from the enzymatic synthesis, biotinylation and size-

fractionated of PAR (Figure 5.3C, Suppl. Figure 5.2). Performance of data evaluation, preparation of 

figures and writing of first version of the manuscript. Significant contributions during editing and 

discussion of the manuscript.     

5.2. Abstract 

Due to multiple domains and in part intrinsically disordered regions, structural analyses of p53 remain 

a challenging task, particularly in complex with DNA and other macromolecules. Here, we applied a 

novel attenuated total reflection Fourier transform infrared (ATR-FTIR) spectroscopic approach to 

investigate changes in secondary structure of full-length p53 induced by non-covalent interactions with 

DNA and poly(ADP-ribose) (PAR). To validate our approach, we confirmed a positive regulatory 

function of p53’s C-terminal domain (CTD) with regards to sequence-specific DNA binding and verified 

that the CTD mediates p53-PAR interaction. Further, we demonstrate that DNA and PAR interactions 

result in distinct structural changes of p53, indicating specific binding mechanisms via different 

domains. A time-dependent analysis of the interplay of DNA and PAR binding to p53 revealed that PAR 

represents p53’s preferred binding partner, which efficiently controls p53-DNA interaction. Moreover, 

we provide infrared spectroscopic data on PAR pointing to the absence of regular secondary structural 

elements. Finally, temperature-induced melting experiments via CD spectroscopy show that DNA 

binding stabilizes the structure of p53, while PAR binding can shift the irreversible formation of 

insoluble p53 aggregates to higher temperatures. In conclusion, this study provides detailed insights 

into the dynamic interplay of p53 binding to DNA and PAR at a formerly inaccessible molecular level. 

5.3. Introduction 

In response to DNA damage, rapid and complex cellular processes are triggered, which can result in 

DNA repair, transient or permanent cell cycle arrest, or apoptosis [143]. Two key factors in the DNA 

damage response network are the tumor suppressor p53 and the DNA damage signaling enzyme 

PARP1, as well as its catalyzed reaction poly(ADP-ribosyl)ation (PARylation). As we have shown 

recently, the p53 and PARP1/PAR systems act in a close and interconnected molecular and functional 

relationship [87]. Despite 40 years of research on p53, structural analyses of full-length p53 - both, in 

its free state or in complex with other molecules - remain a challenging task with many open questions 

to be addressed [202]. In the current study, we applied a novel attenuated total reflection Fourier 
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transform infrared (ATR-FTIR) spectroscopic approach to analyze molecular mechanisms and 

consequences of the non-covalent interactions of p53 with its binding substrates PAR and DNA. 

PARylation is a post-translational modification (PTM), which is formed shortly after the occurrence of 

several types of DNA lesions, in particular DNA strand breaks [194]. Thereby, it is thought that 

PARylation supports and orchestrates the DNA damage response in higher eukaryotes [291]. Besides 

its role in DNA repair, PARylation participates in transcription, cell cycle regulation, organization of 

subnuclear bodies, and regulation of cell death. PARP1 is the founding member of the PARP gene 

family, which consists of 17 homologs in humans, and synthesizes the majority of cellular PAR upon 

genotoxic stress [133]. By consuming NAD+ as a substrate, PARP1 can attach multiple ADP-ribose units 

via 1’’  2’ ribose-ribose linkages onto proteins resulting in the formation of the nucleic-acid-like 

polymer PAR, which can consist of over 200 subunits. PARP1 can not only catalyze polymer elongation 

but also branching via 1’’’  2’’ ribose-ribose linkages, which leads to the formation of a 

heterogeneous mixture of PAR molecules [126]. As a nucleic acid analog, PAR potentially forms 

secondary structures by base stacking and hydrogen bonds. Yet, data on this issue are inconsistent: 

although α-helical structures were postulated in previous studies using CD-spectroscopy [243, 244], 

this could not be confirmed via NMR studies [311]. Apart from covalent PARylation of proteins, several 

modules were discovered in proteins, which can bind non-covalently to PAR. This includes 

macrodomains, PAR-binding zinc finger (PBZ) modules, WWE domains and PAR-binding motifs (PBMs) 

[330]. While the structure and binding modes of macrodomains, PBZ modules and WWE domains are 

solved, the exact mechanism of the interaction of PBMs with PAR remains elusive. PBMs are short aa 

stretches with a loosely defined consensus sequence comprising a cluster rich in basic aa interspersed 

by hydrophobic residues [278]. 

p53 represents one of the most important tumor suppressor proteins, which is evident by the fact that 

it is dysregulated in >50% of all human cancers [159]. As a transcription factor, p53 controls the 

expression of >500 target genes, many of which are involved in cellular stress response [360]. p53 acts 

as a homotetramer, which is formed via its tetramerization domain (TET) as a dimer of dimers (Figure 

5.1A). The primary dimers are formed via intermolecular β-sheets and helix packing interactions. The 

secondary dimers are stabilized via hydrophobic interactions between helices [56, 147]. Sequence-

specific DNA binding to p53 response elements (RE), such as the p21 promoter element, is mainly 

mediated via the DNA binding domain (DBD) (Figure 5.1A). It consists of a central immunoglobulin-like 

β-sandwich. A loop-sheet-helix motif and two loops form the DNA binding surface [54, 147]. So far, no 

crystal structure of full-length p53 exists, as certain parts within the p53 protein such as the 

transactivation domain (TAD) and the C-terminal domain (CTD) are intrinsically disordered. 

Interestingly, via a multi-technique approach including small angle x-ray scattering, electron 

microscopy and NMR spectroscopy, it was shown that in its free state p53 has probably an open, cross-

shaped structure with the tetramerization domain at its center and a pair of loosely coupled core 

domain dimers at the ends. Upon DNA binding, the structure closes around the DNA and becomes 

more compact [334]. Although the CTD is intrinsically disordered, several NMR studies of CTD peptides 

reported disorder-to-order transitions upon binding to partner proteins. Binding of Ca2+-loaded 

dimeric S100 protein resulted in an α-helical conformation [302] and binding of the bromodomain of 

the coactivator CBP induced a β-turn-like structure [251]. In contrast, binding to DNA did not induce 

significant secondary structural elements, but local helix formation could not be excluded [94]. Via 

molecular dynamic (MD) simulations of the CTD peptide a set of distinct structures was observed, 
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including β-structures, 310 and α-helical turns, coils and turns-containing structures [80]. Nevertheless, 

the structure of the CTD in context of the full-length protein remains elusive. 

The CTD exhibits crucial functions in the regulation of p53 at many levels, including DNA binding, 

cofactor recruitment and protein stabilization [87, 202, 325]. On the one hand, it was postulated that 

the CTD has a negative regulatory function, as its deletion leads to activation of sequence-specific DNA 

binding [137]. On the other hand, several subsequent studies reported a positive regulatory function 

by mediating fast scanning of the DNA and increased p53-DNA stability [201, 232, 325, 326]. The 

sequence-independent DNA binding of the CTD is mainly mediated via three lysine residues (K373, 

K381, K382) and can be attenuated via acetylation of those residues [94]. Besides acetylation, the CTD 

is also a target of several other posttranslational modifications including methylation, ubiquitination, 

sumoylation, neddylation and phosphorylation, all of which are affecting the regulatory function of 

p53. Recently, we discovered that p53 harbors a PBM-like region within the CTD, which renders a 

strong non-covalent interaction of p53 to PAR and auto-PARylated PARP1 [87] (Figure 5.1A). This 

specific and high-affinity non-covalent p53-PAR interaction determines substrate specificity for the 

subsequent covalent PARylation of p53 by PARP1 and had substantial implications on molecular and 

cellular levels. 

Infrared (IR) spectroscopy is a highly-informative biophysical technique, which allows the label-free 

analysis of protein secondary structures in real-time under near-physiological conditions [29, 368]. The 

shape of the amide I band (between wavenumbers of 1720-1595 cm-1) within the IR spectrum of a 

protein provides information on secondary structure elements like β-sheets (1623-1641 and 1674-

1695 cm-1), β-turns (1662-1686 cm-1), α-helical (1648-1657 cm-1), 310-helical (1660-1666 cm-1), and 

disordered structures (1642-

1657 cm-1) [29, 368] (Figure 

5.1B). The exact position of each 

amide I band component 

depends on many factors 

including the extent of the 

respective secondary structure 

element, solvent accessibility 

and hydrogen bonding [29]. 

Amyloid aggregates, for 

example, consist of strongly 

hydrogen bonded extended -

sheets and are observed at 

lower frequencies (1611-1633 

cm-1) compared to native β-

sheet proteins [29, 306]. Even 

though IR spectroscopy does not 

result in atomic resolution it is 

extremely powerful with regards 

to the analysis of subtle 

structural changes. ATR-FTIR 

spectroscopy is a measuring 

technique of IR spectroscopy, 

 

Figure 5.1. (A) Domain structure of p53 and localization of the PAR binding motif (PBM) as 

identified in [87]. Structures of the DNA binding domain (DBD) in complex with DNA (PDB 

code: 2ahi [164]) and the tetramerization domain (TET) (PDB code: 2j0z [247]) are 

presented. The transactivation domain (TAD), the proline-rich region (PRR) and the C-

terminal domain (CTD) are intrinsically disordered. (B) Secondary structure assignments of 

amide I band components. (C) Schematic representation of the ATR-FTIR spectroscopic 

setup. The silicon (Si) crystal is modified with polyethylene glycol (PEG) silane linkers to 

prevent unspecific protein adsorption. The local surface concentration of p53 is enhanced 

by immobilizing DNA or PAR via a streptavidin-biotin bridge. Modified from Krüger et al. 

[172]. 
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where the sample is analyzed on a crystal surface. The small penetration depth of light into the sample 

reduces the otherwise strong absorption signal of water, which overlaps the structure-sensitive amide 

I region of proteins. Such an approach allows a better subtraction of water signals from protein spectra 

providing an improved analysis of secondary structures in aqueous solutions. 

Here, we performed a comprehensive study on structural changes of full-length p53 upon binding to 

PAR and DNA using a recently developed ATR-FTIR spectroscopic approach [172]. Our method includes 

the passivation of the crystal surface with polyethylene glycol (PEG) to prevent unspecific protein 

adsorption and the specific immobilization of DNA or PAR, which increases the local surface 

concentration of the molecules of interest (Figure 5.1C). This approach allowed us to study the 

dynamic interplay of interactions of p53 with different DNA and PAR substrates providing formerly 

inaccessible structural information. 

5.4. Material and methods 

5.4.1. Protein purification 

All purification steps were performed at 4°C using an ÄKTA FPLC system (GE Healthcare). 

Purification of p53 variants: Purification of p53WT, p531-355, p53PBM4 (R363A, K370A, R379A, K381A) and 

p53DBD-M (R174A, R175A, H178A, R248A, R249A, R337A) was performed as described previously [87], 

with some modifications. Bacterial pellets [E. coli strain BL21(DE3)] from 2 l cultures were resuspended 

in lysis buffer (50 mM Na-phosphate pH 8, 300 mM NaCl, 10 mM β-mercaptoethanol) supplemented 

with Complete EDTA-free protease inhibitor cocktail (Roche) and 1 mg/ml lysozyme (Sigma-Aldrich) 

and sonicated four times for 20 s. Then, 5 µg/ml DNase I (Roche) was added and samples were 

incubated for 1 h. Cell debris were removed by centrifugation (20,000 × g, 30 min) and the supernatant 

was filtered (syringe filter, 0.45 µm, Corning). After adding 10 mM imidazole, the filtrate was loaded 

onto a HisTrap HP column (GE Healthcare). After washing with 10 ml of 20 mM imidazole, p53 was 

eluted with 30 ml of 500 mM imidazole. The 6× HisTag was removed via thrombin digestion (1 U/ml) 

during dialysis overnight (20 mM Na-phosphate pH 8, 100 mM NaCl, 1 mM β-mercaptoethanol). 

Thrombin digestion was stopped by the addition of 0.1 mg/ml Pefablock (Roche). Next, the samples 

were loaded onto a heparin HP column (GE Healthcare). Weakly bound proteins were removed by 

washing with 5 ml 200 mM NaCl. Elution was performed by a NaCl gradient up to 1 M (30 ml). p53 

containing fractions were concentrated to 2-3 ml via centrifugal filters (Amicon Ultra 15, 10 kDa 

MWCO) and applied to size exclusion chromatography using a HiLoad 16/600 Superdex 200 column 

(GE Healthcare) (50 mM Tris pH 7.4, 300 mM NaCl, 1 mM DTT). The flow rate was set to 0.3 ml/min. 

p53 eluted in two peaks, of which only the fraction of the second peak was concentrated using a 

centrifugation device (Amicon Ultra 4, 10 kDa MWCO). The fraction of the first peak was discarded, as 

it contained high molecular-weight aggregates. 

Purification of PARP1: PARP1 was purified as described previously [196], with some modifications. 

Briefly, bacterial pellets [E. coli strain Rosetta 2 (DE3)] from 2 l cultures were resuspended in lysis buffer 

(25 mM HEPES pH 8.0, 500 mM NaCl, 0.5 mM DTT, 10 mM benzamide) supplemented with 0.1% NP-

40, Complete EDTA-free protease inhibitor cocktail (Roche) and 1 mg/ml lysozyme (Sigma) and 

sonicated four times for 20 s. Then, 5 µg/ml DNase I (Roche) was added and incubated for 1 h. Cell 

debris were removed by centrifugation (68,000 × g, 2 h), the supernatant was filtered (syringe filter, 

0.2 µm, Corning) and loaded onto a HisTrap HP column (GE Healthcare). After washing with 10 ml of 1 

M NaCl, PARP1 was eluted with 30 ml of 500 mM imidazole. The elution fraction was diluted to a final 
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NaCl concentration of 375 mM NaCl with no-salt heparin buffer (50 mM Na-phosphate pH 7.0; 1 mM 

EDTA) and loaded onto a heparin HP column (GE Healthcare). PARP1 was eluted by gradually increasing 

the NaCl concentration up to 1 M (30 ml). PARP1 containing fractions were concentrated and buffer 

was exchanged (50 mM Tris pH 8, 150 mM NaCl, 0.5 mM DTT) via centrifugal filters (Amicon Ultra 15, 

10 kDa MWCO). 

5.4.2. PAR synthesis and purification 

For the synthesis and purification of PAR, a previously published protocol was adapted [81]. The total 

amount of recombinant PARP1 protein from one purification was incubated at 37°C in a buffer 

containing 100 mM Tris (pH 7.8), 10 mM MgCl2, 1 mM DTT supplemented with 300 µg/ml histone HIIa, 

50 µg/ml EcoRI linker (GGAATTCC) and 1 mM NAD+ in a total volume of 10 ml. After 45 min, the reaction 

was stopped with 10 ml 20% ice-cold TCA. After 15 min of incubation on ice, the sample was 

centrifuged (10 min, 9,000 × g, 4°C). The pellet was washed twice with 1 ml ethanol and finally dried 

with a nitrogen flow. To separate PAR from proteins the pellet was resuspended and incubated for 10 

min at 37°C under alkaline conditions (0.5 M KOH, 50 mM EDTA). Then, the pH was immediately 

adjusted to 7.5-8. The sample was supplemented with 50 mM MgCl2 and 50 µg/ml DNase I and 

incubated for 2 h at 37°C. Proteins were digested overnight by the addition of 1 mM CaCl2 and 50 µg/ml 

proteinase K. The next day, PAR was purified via two cycles of phenol/chloroform/isoamyl-alcohol 

(25:24:1) (Roth) extraction. In a last step residual phenol was removed via mixing the sample with 

chloroform. The aqueous phase was collected, and PAR was precipitated by the addition of 70% 

ethanol and incubation at -20°C overnight. The pellet was dissolved in water and the PAR concentration 

was determined by measuring the absorbance at 258 nm (ε= 13500 M-1cm-1). 

5.4.3. Biotinylation of PAR 

PAR was labelled via EZ-Link Alkoxyamine-PEG4-Biotin (Thermo Fisher), which forms an oxime bond at 

the terminal ribose of PAR. Therefore, 3.7 mM of PAR was incubated in 100 mM Na-phosphate buffer 

(pH 7.0) supplemented with 5 mM EZ-Link Alkoxyamine-PEG4-Biotin in a total volume of 400 µl for 4 h 

at RT. To remove unreacted alkoxyamine the sample was dialyzed overnight in 100 mM Na-phosphate 

buffer (pH 7.0). Labelled PAR fractions were purified via the Pierce Monomeric Avidin kit and 

concentrated via centrifugal filters (Vivaspin 2, 2 kDa MWCO). 

5.4.4. Size-fractionation of biotinylated PAR 

Biotinylated PAR chains were fractionated according to chain length by HPLC (Agilent 1100) equipped 

with a DNA Pac PA-100 column (Thermo Fisher). The column was equilibrated with 25 mM Tris (pH 9). 

Elution was performed by increasing the NaCl concentration (25 mM Tris, pH 9, 1 M NaCl) using the 

following program: 0-3 min 20%, 3-20 min 35%, 20-40 min 42%, 40-70 min 47%, 70-110 min 53%, 110-

120 min 61%, 120-131 min 70%, 131-132 min 100%. Fractions were concentrated, and buffer was 

exchanged (20 mM Na-phosphate buffer, pH 7.0) via centrifugal filters (Vivaspin 2, 2 kDa MWCO). 

5.4.5. ATR-FTIR spectroscopy 

Measurements were performed with a Vertex 70V spectrometer (Bruker) equipped with a BioATR cell 

II (Bruker), which contains a multi-reflection silicon crystal with a light penetration depth of ~850 nm 

at 1000 cm-1. The spectral resolution was set to 4 cm-1, and for each spectrum 100 scans were 

performed. The temperature of the crystal was controlled via an external water bath and set to 20°C. 
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Before each measurement the sample chamber was purged for 20 min with dry air to eliminate water 

vapor. All measurements were performed in Tris buffer (50 mM Tris, pH 7.4, 150 mM NaCl). 

Surface passivation of the ATR crystal: The modification of the crystal surface was performed as 

described recently [172]. Briefly, the surface was activated by treatment with H2SO4 and H2O2. Next, 

the crystal was heated to 50°C and 20 mg/ml PEG-silane-biotin linker (5 kDa, Rapp Polymere) in 30 mM 

sodium acetate solution (pH 5.5) was added. After 30 min of incubation, the crystal was adjusted to 

20°C and the biotin-PEG-silane linker solution was allowed to dry to achieve condensation of the silane 

groups. Then, the surface was washed thoroughly with MilliQ water and incubated in water over night. 

The next day, the crystal was washed thoroughly with Tris buffer and the spectrum of the modified 

surface was set as background. 

Immobilization of biotinylated DNA/PAR: 20 pmol of biotinylated double stranded p53 response 

element from the p21 promotor (DNARE) (FWD: Biotin-CGAGGAACATGTCCCAACATGTTGCTCG AG), the 

scrambled version DNAscrRE (FWD: Biotin-GTCGCTGACCCGAGACTAGGCGTTCAAATA) or PAR was 

premixed with 10 pmol of streptavidin in 10 µl Tris buffer. The sample was applied to the biotinylated 

surface and incubated until the maximum signal was reached. This procedure was repeated until no 

further increase of signal was observed. The crystal was washed thoroughly with Tris buffer and the IR 

spectra of immobilized DNA/PAR were set as background. 

Binding of p53 variants to immobilized DNA/PAR: p53 (100 pmol) was added in 20 µl to the immobilized 

DNA/PAR. After 20 min of binding reaction, a buffer exchange was performed. Then, the crystal was 

washed three times with a high salt buffer (50 mM Tris, pH 7.4, 500 mM NaCl) and the buffer was again 

exchanged with Tris buffer. 

Interaction studies of p53 with DNA and PAR: The p53 variants were allowed to bind for 20 min to 

immobilized DNA/PAR and the buffer was exchanged once. In case of immobilized DNA, 2500 pmol 

PAR (concentration refers to ADP-ribose units) was added to a final volume of 25 µl. In case of 

immobilized PAR, 40 pmol of double-stranded DNA oligonucleotides (amount of nucleotides: 2400 

pmol) were added to final volume of 25 µl. Competitive binding was allowed for 30 min. Then, the 

crystal was washed three times with a high salt buffer (50 mM Tris, pH 7.4, 500 mM NaCl) and the 

buffer was again exchanged with Tris buffer. 

Spectral analysis: To analyze the binding of p53WT, p53PBM4 and p531-355 to DNA/PAR the IR signal of 

immobilized DNA/PAR was set as background. Binding efficiencies were evaluated by normalizing the 

p53 signal to the signal of immobilized DNA/PAR. Therefore, the area of the amide I band of p53 (1720-

1595 cm-1) was divided by the area of characteristic DNA/PAR bands. In case of DNA, the streptavidin 

spectrum was subtracted from the spectrum of immobilized DNA and the area of 1740-1640 cm-1 was 

calculated. In case of PAR, the area of 1150-1010 cm-1 was calculated. The DNA/PAR binding studies 

were performed in two independent experiments and mean/SEM were calculated. To analyze 

structural changes between different p53 variants and different binding partners, the spectra were 

first corrected for different water content in the samples since a water band (OH-bending) interferes 

with the amide I band. Then, spectra were normalized to the area of the amide I bands and difference 

spectra were calculated to extract structural differences as indicated below.  

5.4.6. CD spectroscopy 

CD spectra were recorded with a Jasco-J815 spectrometer using a quartz cell with a path length of 0.1 

cm. Five scans were accumulated at a scanning speed of 100 nm/s and a wavelength interval of 0.1 
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nm. Spectra were measured from 300 to 190 nm. Measurements with p53 variants (in a concentration 

of 4 μM, each) were performed in Tris buffer (50 mM Tris, pH 7.4, 150 mM NaCl). DNARE was added to 

a final concentration of 2 μM and unfractionated PAR to a final concentration of 120 μM (concentration 

refers to ADP-ribose units). Melting curve experiments were performed from 20°C to 90°C (1°C/min). 

Spectra were collected in 5°C steps. Two independent experiments of p53WT in the absence or presence 

of PAR/DNARE and p53PBM4 and p531-355 were performed, respectively.  

5.5. Results 

5.5.1. The C-terminal domain of p53 is a positive regulator of DNA binding 

To analyze the role of the CTD of p53 in the context of sequence-specific DNA binding, we immobilized 

the p53 response element of the p21 promoter (DNARE) at the ATR crystal surface (Figure 5.1C) and 

compared the binding characteristics of different p53 variants. This included full length p53WT, a PAR 

binding-deficient mutant with four basic aa exchanged to alanine in the CTD (i.e., p53PBM4), and a C-

terminally-truncated variant (i.e., p531-355), which is also PAR-binding deficient [87]. The efficient 

immobilization of DNARE was examined via characteristic IR absorption bands including the 

antisymmetric (νas) and symmetric (νs) phosphate vibrations of the DNA backbone at 1222 cm-1 and 

1086 cm-1, respectively (Suppl. Figure 5.1A) [25]. The binding of p53 to the immobilized DNA was 

exerted in three stages: First, p53 was added and binding was allowed. Second, the buffer on the 

modified crystal surface was exchanged once to remove unbound or weakly bound p53; and in a final 

step, the crystal surface was washed with 500 mM NaCl (i.e., ‘high salt wash’) to disrupt the 

electrostatic interaction between p53 and DNA and thereby to examine the reversibility of the 

interaction (Figure 5.2A and Suppl. Figure 5.1B). When comparing DNA binding of different p53 

variants, the strongest signal was observed for p53WT, followed by p53PBM4 (reduced by ~30% compared 

to p53WT), and the lowest signal was observed for p531-355 (reduced by 60% compared to p53WT) (Figure 

5.2A). This indicates that the sequence-specific DNA binding ability of p53 is not only dependent on its 

DNA binding domain (DBD), but also partially on the CTD. These observations support the theory of a 

positive regulatory function of the CTD, as reported previously [76]. Since the exchange of four basic 

aa to alanine in p53PBM4 showed an impact on the specific DNA binding ability of p53, it is likely that 

the electrostatic interactions of the positively charged aa of the CTD with the negatively charged DNA 

backbone contribute to the binding. After exchanging the buffer, the intensity of the amide I band of 

p53WT did not change significantly, confirming the strong interaction of full length p53WT to its DNA 

response element (Suppl. Figure 5.1B). In contrast, the intensities of the amide I bands of p53PBM4 and 

p531-355 were reduced by about 25% after buffer exchange, which supports the notion that the CTD 

supports the sequence-specific DNA binding ability of p53. After a ‘high salt wash’ of the crystal, most 

of the p53 protein was removed, demonstrating the reversibility of the binding. Analyzing the amide I 

band of p53WT bound to DNARE provides information on the secondary structures of p53, as previously 

shown for other proteins [29, 368]. The second derivative of the amide I band was used for spectral 

analysis, as it resolves the overlapping components within the amide I band, which are caused by 

different secondary structures (Figure 5.2B). As expected, p53 bound to DNARE displayed a mixture of 

secondary structure elements, including β-sheet structures (1685, 1637 and 1623 cm-1), β-turns (1673 

cm-1), as well as α-helical or disordered structures (1651 cm-1). To elucidate the impact of the CTD on 

the secondary structure of p53 bound to the immobilized DNARE, we compared the shapes of the amide 

I bands of the p53 variants (Figure 5.2C-F). All p53 variants displayed largely comparable band shapes, 

indicating that the overall structures of the variants remained basically stable (Figure 5.2C and E). This 

is expected, since the CTD represents only approximately 10% of the full-length protein and any 
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potential structural differences can be assumed to be small – yet potentially of functional significance 

– compared to the overall structure. For the purpose of analyzing such subtle structural changes, IR 

spectroscopy develops its full analytical power, because it is highly sensitive and slightest structural 

changes can be resolved by spectral subtraction [29, 145]. By generating difference spectra, all 

vibrational modes that showed no differences between the variants upon DNA binding, were cancelled 

out. Spectra of p53PBM4 and p531-355 were subtracted from spectra of p53WT, respectively, resulting in 

positive bands for secondary structures, which were more frequent in the WT protein, and negative 

bands for secondary structures, which were more frequent in the respective CTD variant. Interestingly, 

the difference spectra of p53WT/p53PBM4 as well as p53WT/p531-355 showed a moderate, yet clear, 

negative difference band at ~1625 cm-1 representing a structural component that is additionally 

present in the CTD variants, but not in WT (Figure 5.2D and F). This difference band can be assigned to 

β-structures with strong intermolecular interactions [29, 53, 171]. Probably, those changes are related 

to the DBD, which consists of a central β-sandwich fold. As those β-structures are more frequent in 

p53PBM4 and p531-355, it can be assumed that the structure of the DBD is dependent on the presence of 

the CTD. The difference spectrum of p53WT/p531-355 additionally showed positive difference bands at 

 

Figure 5.2. The CTD of p53 positively regulates binding to the p53 response element of the p21 promoter (DNARE) with distinct effects 

on secondary structure. (A) Evaluation of p53 binding by calculating the areas of the amide I bands and normalizing them to the 

immobilized DNA. First, p53 variants were added to the immobilized DNARE (‘binding’), second, the buffer was exchanged to remove 

unbound protein (‘buffer exchange’), and finally, the surface was washed with 500 mM NaCl to test the reversibility of the binding (‘high 

salt wash’). (B) Second derivative of the amide I band exemplarily shown for p53WT bound to DNARE. (C) Representative amide I bands of 

p53WT and p53PBM4, both bound to DNARE. Spectra are normalized to the area of the amide I bands. (D) Difference spectrum of p53WT and 

p53PBM4 bound to DNARE. Average curve (green) and standard deviation (grey) of 16 difference spectra were calculated (combinations of 

four spectra of p53WT and four spectra of p53PBM4, respectively). (E) Representative amide I bands of p53WT and p531-355 bound to DNARE. 

Spectra are normalized to the area of the amide I bands. (F) Difference spectrum of p53WT and p531-355 bound to DNARE. Average curve 

(red) and standard deviation (grey) of 16 difference spectra were calculated (combinations of four spectra of p53WT and four spectra of 

p531-355, respectively). 
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1672 and 1654 cm1 for p53WT (Figure 5.2F). This spectral region is indicative of β-turn, disordered and 

helical structures. As those structures are additionally present in the full-length protein compared to 

the CTD truncated variant they can be assigned to the CTD itself. Therefore, these data suggest that 

the intrinsically disordered CTD adopts β-turn or helical structures, when bound to DNA.  

Moreover, to test the specificity of the binding of p53 to DNA we immobilized a version of the response 

element with a randomly scrambled base sequence (DNAscrRE). The IR spectrum of the immobilized 

DNAscrRE was almost identical to the spectrum of DNARE, verifying that only the sequence, yet not the 

structure of the DNA was changed (Suppl. Figure 5.1A). The band position at 1222 cm-1, which arises 

by the anti-symmetric phosphate vibration of the DNA backbone, is indicative of double-stranded B-

form DNA as described before [25]. We observed only a weak signal of the p53 amide I band upon 

addition to the immobilized DNAscrRE (Suppl. Figure 5.1C), confirming that the sequence-independent 

binding is much weaker than the sequence-specific DNA binding. We also tested the binding of p53PBM4 

and p531-355 to the immobilized DNAscrRE. In this case, we did not observe any p53 signal (data not 

shown), which is consistent with previous studies showing that the sequence-independent binding of 

p53 to DNA is largely mediated via the CTD [94, 232, 326]. Interestingly, only about 50% of p53WT bound 

to DNAscrRE was removed by ‘high salt washing’ (Suppl. Figure 5.1D). This suggests that not only strong 

electrostatic interactions, like ionic interactions, but probably also weaker binding mechanisms, like 

hydrophobic interactions contribute to this binding. Due to the low signal intensity after binding of 

p53WT to DNAscrRE, it was challenging to perform secondary structure analysis and the difference 

spectrum of p53WT-DNARE / p53WT-DNAscrRE exhibited high standard deviation (Suppl. Figure 5.1E). 

Nevertheless, a slight, but still consistent, negative difference band at 1630 cm-1, which is indicative of 

β-structures, was observed for p53WT bound to DNAscrRE in comparison to DNARE. This indicates that 

distinct structural features are responsible for the different binding mechanisms of sequence-specific 

and sequence-independent DNA binding of p53. 

5.5.2. Structural characterization and immobilization of poly(ADP-ribose) 

The IR spectra of nucleic acids consist of characteristic bands, some of which can be assigned to distinct 

secondary structures [25]. To the best of our knowledge, so far, no IR spectroscopic data of PAR has 

been reported. To characterize the structure of PAR and to test the previously postulated hypothesis 

that PAR may form secondary structures [243, 244] we analyzed the spectral characteristics of PAR by 

ATR-FTIR spectroscopy. To this end, we compared the IR spectra of unfractionated PAR and monomeric 

ADP-ribose, which served as a reference, because it does not form secondary structures. Both IR 

spectra displayed the same characteristic bands including the antisymmetric and symmetric phosphate 

vibrations (1232 cm-1 and 1073 cm-1) and typical vibrations due to the adenine (1649, 1606, 1579 and 

1478 cm-1) and ribose moieties (1335 cm-1) (Figure 5.3A). The position of the antisymmetric phosphate 

vibration is very sensitive to the backbone conformation and therefore shows distinct positions for 

different secondary structures, i.e. A-form, B-form, Z-form DNA [25]. PAR, as well as ADP-ribose 

displayed the same position of the anti-symmetric phosphate vibration at 1232 cm-1, which is typical 

for A-form DNA/RNA. Moreover, both spectra showed the same band at 1335 cm-1, which is sensitive 

to the sugar conformation. This position is typical for adenosine with a C3’-endo ribose conformation, 

which can be found in various RNAs [212]. Secondary structures with a C2’-endo ribose conformation, 

which is indicative for B-form DNA, would result in a shift from 1335 to 1344 cm-1 [25, 212]. Another 

band that is sensitive to secondary structure elements occurs at 1478 cm-1. The position of this band 

would be affected by any interaction at the adenine N7 site, as it was for example observed by the 

formation of triple helices [25, 63, 211]. In conclusion, no significant differences in IR spectra between 
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PAR and ADP-ribose were observed. Therefore, PAR does probably not form secondary structures 

under the studied conditions.  

Next, we immobilized PAR on the PEG-biotin-streptavidin modified crystal surface to study the non-

covalent PAR-p53 interaction and its structural consequences via ATR-FTIR spectroscopy. For this 

purpose, it was necessary to modify PAR with a biotin tag. In this respect, we previously developed a 

method to end-label PAR via hydrazide-biotin [81]. Although, in this case the label is expected to be 

irreversible, as the reaction is performed under reductive amination condition, we observed a loss of 

the biotin-label after long-term storage at -20°C. This indicates that the reductive amination is not fully 

efficient under the used conditions and therefore insufficient for the current application. As an 

alternative, we developed a novel approach by end-labeling PAR via alkoxyamine-biotin, which results 

in an oxime bond (Figure 5.3B). Previously, it was shown for a structurally simple oxime molecule to 

be 1,000 times more stable than isostructural hydrazones [151]. As the p53-PAR interaction is chain 

length dependent with higher affinities for longer PAR chains [81, 87], we size-fractionated the 

biotinylated PAR via HPLC (Suppl. Figure 5.2). Polyacrylamide gel electrophoresis and subsequent silver 

staining and immunoblotting combined with the detection of the biotin label confirmed the efficient 

biotinylation of the individual PAR fractions (Figure 5.3C). To study the non-covalent PAR-p53 

interaction we then immobilized three different chain lengths, i.e., a 20mer, 30mer and 50mer of PAR, 

on the modified ATR crystal surface. Figure 5.3D shows that all three PAR fractions were efficiently 

immobilized. The strongest signal was observed for PAR20mer, followed by PAR30mer and PAR50mer. This is 

probably due to the steric hindrance of longer and probably also more branched PAR chains. The 

position of the antisymmetric phosphate vibration was the same for all PAR chain lengths (1232 cm-1) 

 

Figure 5.3. Spectroscopic characterization of PAR. (A) Comparison of the spectra of unfractionated (unfr.) PAR and ADP-ribose measured 

on the unmodified crystal surface for secondary structure analysis. ADP-ribose, which per se lacks the potential to form any secondary 

structures, served as a reference. Selected vibrational modes, sensitive to distinct secondary structures, are highlighted in red and 

discussed in the text. (B) Strategy for the end-biotinylation of PAR via oxime ligation. (C) Biotinylated PAR chains were separated on a 

20% acrylamide gel and visualized either by blotting PAR on a membrane and detecting biotin via streptavidin-HRP (left panel) or by silver 

staining of the gel (right panel). (D) Immobilization of biotinylated PAR of different chain lengths on the PEG-biotin modified surface via 

streptavidin. Representative spectra of PAR in combination with streptavidin are shown. Anti-symmetric (νas) and symmetric phosphate 

vibrations (νs) are highlighted. 
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indicating no chain-length dependent formation of secondary structures, which is in line with the 

comparison of the spectra of unfractionated PAR and ADP-ribose. 

5.5.3. Structural analysis of the non-covalent p53-poly(ADP-ribose) interaction 

To study the molecular mechanism of the non-covalent p53-PAR interaction and its dependence on 

PAR chain length we incubated p53WT with immobilized PAR of different chain lengths (i.e., 20mer, 

30mer, 50mer). As expected, the intensity of the amide I band of p53WT relative to the immobilized 

PAR amount increased for longer PAR chains (Figure 5.4A). On the one hand, this might be due to the 

higher binding affinity of p53 to longer PAR chains [81, 87]. Alternatively, this might be a consequence 

of a higher binding capacity of longer PAR chains, resulting in binding of several p53 molecules to one 

long PAR chain. After exchanging the buffer on the crystal surface and thereby removing unbound and 

weakly bound p53 molecules, we again quantified the amount of bound p53. Interestingly, the p53 

signal did not change significantly for PAR of all chain lengths upon buffer exchange (Suppl. Figure 

5.3A). This indicates a strong interaction of p53WT with PAR with very low binding off-rates, in the same 

way as observed for the p53WT-DNARE interaction (Suppl. Figure 5.1C). p53WT bound to PAR could be 

easily removed by washing the crystal with 500 mM NaCl, which suggests electrostatic interactions of 

PAR and p53 that can be disrupted by increasing the ionic strength. There were no major structural 

differences between p53 bound to PAR of different chain lengths (Suppl. Figure 5.3B). Still, we 

observed a slight increase at ~1645 cm-1 for longer PAR chains, suggesting a chain-length dependent 

increase of disordered regions within p53. Therefore, we conclude that the overall binding mechanism 

of p53 to PAR seems to be independent of PAR chain length, yet that small structural variations could 

contribute to the higher affinity of p53 to longer PAR chains. Previously, we showed that the non-

covalent PAR-p53 interaction is mainly mediated via the CTD [87]. Therefore, we tested the binding of 

the variants p53PBM4 and p531-355 to immobilized PAR (Figure 5.4B). As expected, both p53 variants did 

not show any significant p53 signal, confirming the dependence of PAR binding on the CTD and 

especially on the positively charged aa of the CTD. Albeit, the sequence-specific DNA binding of p53 is 

mainly mediated via the DBD. To analyze the differences in binding mechanisms we analyzed the amide 

I bands of p53WT bound to DNARE in comparison to p53 bound to PAR. As the overall shapes of the 

amide I bands appeared similar, large structural differences can be excluded (Figure 5.4C). However, 

in the difference spectra of p53-DNARE/p53-PAR distinct structural variations could be resolved (Figure 

5.4D, Suppl. Figure 5.3C). Positive difference bands refer to p53WT bound to DNARE and negative 

difference bands refer to p53WT bound to PAR. A negative difference band was observed at 1630 cm-1 

and a positive difference band was observed at 1618 cm-1. Both bands can be assigned to β-structures. 

This shift to lower frequencies, i.e., 1630 cm-1  1618 cm-1, can be a result of stronger hydrogen bonds 

and an increase in the number of β-strands [29, 53, 171]. It was described previously via a multi-

technique approach including small angle x-ray scattering, electron microscopy and NMR spectroscopy 

that DNA binding can result in the compaction of p53 [334]. Such a compaction could lead to an 

increased coupling between the different β-sheets, explaining the observed band shift to lower 

frequencies of p53WT bound to DNA compared to p53WT bound to PAR. Moreover, a clear positive 

difference band was observed at 1649 cm-1, which can be assigned to α-helical or disordered 

structures, and a clear negative band was observed at 1664 cm-1, which can be assigned to 310-helical 

or also β-turn structures. Thus, these data provide evidence that additional structural changes within 

p53WT occur upon binding to DNA and PAR. 
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To analyze the role of the DBD with regards to DNA and PAR binding we tested a p53 variant harboring 

several mutations within the DBD (p53DBD-M) that are known to be important for sequence-specific DNA 

binding and the correct folding of the DBD. p53DBD-M did not bind to immobilized DNARE, which proofed 

that the inserted mutations disturb the DBD-DNA interaction (Figure 5.4E). In contrast, binding of 

p53DBD-M to immobilized PAR occurred at a similar level as compared to p53WT (Figure 5.4E). Analysis 

of the difference spectra of p53DBD-M/p53WT showed a strong negative band at 1650 cm-1 and strong 

positive bands at 1627 cm-1 and 1608 cm-1 for p53DBD-M compared to p53WT (Figure 5.4F). Those band 

positions are characteristic for disordered or α-helical structures and β-sheets, respectively. The low 

frequency component at 1608 cm-1 is indicative of β-structured aggregates [306], suggesting that the 

inserted mutations resulted in the loss of disordered or α-helical structures and in the formation of 

 

Figure 5.4. PAR binding is dependent on p53’s CTD and results in distinct secondary structural features. (A) Comparison of the binding 

of p53WT to immobilized PAR of different chain lengths. First, p53 variants were added to immobilized PAR (‘binding’), second, the buffer 

was exchanged to remove unbound protein (‘buffer exchange’), and finally, the surface was washed with 500 mM NaCl to test the 

reversibility of the binding (‘high salt wash’). Areas of the amide I bands were calculated and normalized to the immobilized PAR. (B) 

Comparison of the binding of different p53 variants to immobilized PAR20mer. (C) Representative amide I bands of p53WT bound to DNARE 

or to PAR of different chain lengths. Spectra are normalized to the area of the amide I bands. (D) Difference spectrum of p53WT bound 

to DNARE and to PAR, respectively. Average curve (blue) and standard deviation (grey) from difference spectra of p53 bound to PAR20mer, 

PAR30mer or PAR50mer and to DNARE were calculated (combined data from Suppl. Figure 3C). (E) Comparison of the binding of p53WT and 

a DNA binding domain mutant (p53DBD-M) to DNARE and to PAR30mer. (F) Difference spectrum of p53WT and p53DBD-M bound to PAR 30mer. 

Average curve (red) and standard deviation (grey) of 4 difference spectra was calculated (four spectra of p53WT and one spectrum of 

p53DBD-M). 
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aggregates. Therefore, we conclude that PAR binding is mainly dependent on the presence of the CTD 

rather than on a correct folding of the full-length protein. 

5.5.4. Competitive binding of DNA and PAR to p53 

Several studies revealed a 

correlation of transcriptional 

regulation and non-covalent PAR 

binding or covalent PARylation 

of p53 [87, 204, 315, 366]. 

However, the direct interplay of 

PAR and DNA binding on the 

molecular level is only poorly 

understood. Via electrophoretic 

mobility shift assays (EMSAs) it 

was reported that non-covalent 

PAR binding inhibits the 

sequence-specific DNA binding 

of p53 [87, 224]. However, 

EMSAs have several limitations, 

as samples are not at chemical 

equilibrium during electro-

phoresis and as some complexes 

are significantly more stable in 

the gel than in free solution 

[128]. Our ATR-FTIR spectroscopic approach overcomes those limitations and therefore allows a direct 

examination of the interplay of PAR and DNA binding of p53 under buffer conditions similar to a 

physiological environment (i.e., 50 mM Tris, pH 7.4, 150 mM NaCl). To this end, we immobilized the 

DNARE substrate, allowed the p53 variants to bind, and removed unbound protein by buffer exchange. 

Then, we added unfractionated PAR and analyzed the intensity of the amide I band of the p53 spectra 

over time. Remarkably, the signal of p53WT decreased rapidly upon the addition of PAR (Figure 5.5A 

and D). This indicates that p53WT preferentially binds to PAR as compared to DNA. PAR was not 

detectable in the IR spectra suggesting that PAR itself was not significantly enriched at the crystal 

surface. Thus, even though both binding partners have distinct binding domains within the p53 protein, 

this finding points to an exclusive binding of p53 either to DNA or to PAR, but not both at the same 

time. Furthermore, these results suggest a strong electrostatic attraction of p53WT to PAR, which can 

disrupt the sequence-dependent p53-DNA binding. Also, it is conceivable that the p53-PAR interaction 

immediately induces structural changes within p53 which abolishes its sequence-specific DNA binding 

via the DBD and release of the p53-PAR complex from the crystal surface. As expected, the DNA binding 

of p531-355 and p53PBM4, which are deficient in PAR binding, was not influenced by the presence of PAR 

(Figure 5.5B-D). The slight decrease of the signal of the p53 variants was independent of the presence 

of PAR (Suppl. Figure 5.1B). Vice versa, we also tested the competitive effect of PAR and DNA binding 

to p53 by immobilizing PAR on the surface and subsequently adding DNA to the supernatant. In this 

case, the signal of p53WT decreased only by ~20%, confirming a preferential binding of p53 to PAR 

(Suppl. Figure 5.4A). We also tested the effect of PAR on the sequence-independent DNA binding of 

p53. As expected, in this case, the competitive effect of PAR was even more pronounced, since the 

 

Figure 5.5. Competitive binding of p53 to DNA and PAR. Unfractionated PAR (100 µM, 

concentration in ADP-ribose units) was added to p53, which was bound to immobilized 

DNARE. Spectral changes were recorded over time p53WT (A), p53PBM4 (B), and p531-355 

(C). (D) Quantitation of signal reduction by calculating the area of the amide I band. 

Spectra before addition of PAR were set to 100% and spectra after washing the crystal 

with 500 mM NaCl were set to 0%. 
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sequence-independent DNA binding of p53 is much weaker compared to its sequence-specific binding 

(Suppl. Figure 5.4B). In summary, we demonstrate in a time-dependent manner and with near-

physiological buffer conditions that PAR is a very efficient competitor of sequence-specific as well as 

sequence-independent DNA binding of p53WT. 

5.5.5. Impact of the CTD on the aggregation properties of p53 upon PAR and DNA 

binding 

The core domain of p53 is of low intrinsic stability and was shown to unfold rapidly at body-

temperature with a half-life of 9 min [43, 95, 148]. This suggests that different binding partners can 

lead to a stabilizing effect of p53 in cells. Previous studies showed that the sequence-specific binding 

of the p53 core domain to its DNA response element leads to a stabilizing effect in terms of thermal 

denaturation [43]. Recently, we have demonstrated by differential scanning fluorimetry (DSF) that this 

also holds true for full-length p53 and moreover, that also PAR slightly increases the thermal stability 

of p53 [87]. As our ATR-FTIR 

spectroscopic data suggests 

different binding mechanisms 

for DNA and PAR binding, we 

investigated the molecular 

mechanisms behind these 

observations. For this purpose, 

we performed temperature-

induced melting experiments 

via CD spectroscopy providing 

insights into the temperature-

dependent changes of 

secondary structure of PAR, 

DNA and p53. To obtain 

comparable data we used the 

same buffer conditions as in 

our IR studies and in previous 

DSF experiments. Thus, due to 

the strong absorbance of 

chloride ions at low wave-

lengths, spectra could only be analyzed at wavelengths higher than 200 nm, allowing only qualitative 

analysis. The CD-spectrum of DNARE at 20°C showed a minimum around 250 nm and a maximum 

around 270 nm, which is indicative for B-form DNA [185] (Suppl. Figure 5.5A). The transition 

temperature of 78°C was consistent with the calculated melting temperature of 79°C. The spectrum of 

PAR showed two minima at 220 and 270 nm, which are comparable to spectra of adenosine 

monophosphate [93, 257, 319], and which did not change within the studied temperature range 

(Suppl. Figure 5.5B). On the one hand, this is consistent with our IR data, indicating the absence of 

temperature-dependent secondary structures of PAR under the studied conditions. On the other hand, 

this is contradictory to previous CD-spectroscopic data suggesting an α-helical structure of PAR, which 

is affected by temperature [243, 244]. However, the latter postulated secondary structures were 

observed at high ionic strengths (1-5 M NaCl) and below 25°C [243, 244] and have so far not been 

described at physiological conditions. In our CD analyses, the structure of p53WT was stable up to 40°C, 

Figure 5.6. Impact of DNA and PAR binding on the thermal stability of p53 variants 

studied by CD spectroscopy. (A) Representative spectra of the thermal denaturation of 

p53WT in the absence or presence of DNARE or unfractionated PAR. (B) Ellipticity at 220 nm 

of p53 variants in the absence or presence of DNARE or unfractionated PAR plotted against 

temperature and normalized to ellipticity at 20°C. Representative spectra of p53PBM4 and 

p531-355 are shown in Suppl. Figure 5.5D and E.  
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which was followed by a sudden decrease of ellipticity (Figure 5.6A and B). This decrease of ellipticity 

is probably due to the fast and irreversible formation of insoluble aggregates, which were visible after 

the experiment and which cannot be analyzed by CD spectroscopy due to scattering effects. This is 

supported by the simultaneous increase of the high tension (HT) signal, which indicates a decrease of 

light intensity reaching the detector (Suppl. Figure 5.5C). This decrease can be caused by scattering of 

insoluble aggregates. The thermal denaturation of p53WT in the presence of DNARE looked similar but 

was shifted approximately 5°C towards higher temperatures (Figure 5.6A and B, Suppl. Figure 5.5C). 

This stabilizing effect is in line with our previous DSF experiments [87]. Notably, the DNA signal did not 

change upon aggregation of p53 indicating that the p53-DNA interaction was disrupted in a first step, 

and p53 formed aggregates in a second step. Interestingly, not the melting temperature itself, but the 

characteristics of thermal denaturation of p53 were strongly influenced by the presence of PAR (Figure 

5.6A and B). Instead of a sudden decrease in ellipticity at 40°C, the presence of PAR resulted first in an 

increase at 220 nm, followed by a slow decrease. This behavior was also observed for p53PBM4 and 

p531-355, yet even in the absence of PAR, indicating a structural regulation via the CTD (Figure 5.6B and 

Suppl. Figure 5.5 D-G). The decrease of ellipticity can again be assigned to the formation of insoluble 

aggregates as it correlates with an increase of the HT signal (Suppl. Figure 5.5C). An increase at 220 

nm has already been observed in other protein studies and was mostly assigned to the formation of β-

structured aggregates and amyloid-like fibrils [343-345]. Several studies postulated a tendency of the 

core domain and of the tetramerization domain of p53 to form amyloid like structures [17, 142, 203]. 

However, to our knowledge so far, the role of the CTD in these processes has not been analyzed. Due 

to the fact that the insoluble material could not be analyzed via CD-spectroscopy and therefore we do 

not have information on its secondary structure, we cannot conclude if changes in the CTD induce the 

formation of β-structured aggregates or if those changes just lead to the stabilization of their solubility. 

Comparable to DNARE, the signal intensity of PAR did not change upon formation of insoluble 

aggregates, indicating that the p53-PAR interaction is disrupted before p53 precipitates. We also 

tested the effect of DNA and PAR on the thermal stability of the variants p53PBM4 and p531-355 (Suppl. 

Figure 5.5D-G). Comparable to p53WT, DNA showed a stabilizing effect. As expected, PAR did not have 

a significant impact on the thermal denaturation. Comparing the binding of p53 to DNA and PAR, we 

conclude that only DNA binding has a pronounced effect on the thermal stability of p53. Yet, binding 

to PAR is probably more heat resistant, thus shifting the formation of irreversible and insoluble 

aggregates to higher temperatures. This supports our findings that PAR and DNA binding work via 

different mechanisms with distinct structural consequences. 

5.6. Discussion 

Almost 70% of all DNA-binding proteins have disordered terminal regions lacking a globular regular 

fold [351]. Those intrinsically disordered regions (IDRs) often possess key regulatory functions. For 

example, IDRs can facilitate diffusion of proteins along DNA or can regulate the transition from a non-

specific to a specific DNA-protein complex [96, 353]. Due to the high flexibility of IDRs, current 

structural data of DNA-binding proteins mainly lack information on those domains. Here, we provide 

structural information on the tumor suppressor protein p53, which represents a typical DNA-binding 

protein with a regulatory intrinsically disordered C-terminal domain. Although NMR studies on isolated 

CTD peptides have been performed [94, 251, 302], the transferability of such results to the full-length 

protein remains elusive. Our ATR-FTIR spectroscopic approach allows structural studies of full-length 

p53, as it is not limited to the size and flexibility of the molecule of interest. Moreover, this method is 

extremely powerful with regards to subtle structural changes within proteins and provides access to 
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the dynamic conformational changes of proteins under near-physiological conditions. Moreover, we 

obtained structural information in the low micromolar range (5 µM), which allows to examine the 

conformation and conformational changes of proteins with the propensity to form aggregates at high 

concentrations. 

In the current study, we analyzed in detail the molecular mechanisms behind the interplay of DNA and 

PAR binding to p53. We demonstrate that the CTD represents the central regulator of sequence-

specific and sequence-independent DNA and PAR binding (Figure 5.7). Although sequence-specific 

DNA binding and PAR binding both show high binding strengths with very low binding off-rates, PAR 

represents the preferred binding partner and can very efficiently abrogate DNA binding. This regulation 

is probably mainly driven by electrostatic attractions between the positively charged CTD and the 

highly negatively charged PAR polymer, as PAR binding was almost completely reversible at high ionic 

strengths. Moreover, we observed distinct structural changes of p53 binding to DNA and to PAR, 

respectively, which could additionally stabilize and thereby favor PAR binding. Recently, it was shown 

that PAR can serve as a trigger for liquid-liquid demixing in cells, which is mainly driven by electrostatic 

interactions and which results in the rapid assembly of various intrinsically disordered domains at DNA 

strand breaks [12]. As several studies revealed a correlation of transcriptional regulation of p53 and 

PARylation [3, 87, 349, 366], PAR-dependent liquid demixing processes might also be involved in the 

regulation of p53. It is plausible that cells have developed strong triggers like the swift and dynamic 

formation of the highly negatively charged PAR polymer to efficiently control p53’s DNA binding to its 

>4,000 binding sequences within the human genome. 

Up to date, no structural information of the CTD in context of full-length p53 exists. By comparing the 

amide I bands of full length p53WT and the CTD truncated variant p531-355 both bound to DNA, we could 

draw conclusions about the structure of the CTD. Besides disordered structures, our data suggests β-

turn or helical structures of the CTD. Those assumptions are supported by previous MD simulations of 

CTD peptides suggesting the occurrence of both structures [80]. Furthermore, this hypothesis is 

strengthened by previous NMR studies proposing local helix formations of CTD peptides bound to DNA 

[94]. A key role of the CTD in the regulation of sequence-specific DNA binding is well established and 

here we could confirm recent data showing a positive regulatory function [200, 201, 232, 326]. Still, 

the mechanism and structural consequences behind this regulation remain controversial. Two major 

 

Figure 5.7. Mechanistic model for the interplay of DNA and PAR binding to p53. The intrinsically disordered C-terminal domain (CTD) 

of p53 functions as a central regulator of DNA and PAR binding. Electrostatic attractions between the positively charged CTD and the 

negatively charged PAR and DNA backbone combined with distinct structural rearrangements of p53 determine binding strength. Thus, 

the highly negatively charged PAR represents the preferred binding partner of p53. In the CTD-driven interactions with PAR and DNAscrRE 

(i.e., sequence-independent DNA binding), the DBD remains a loose structure indicated by the band position of β-sheets at ~1630 cm-1 

within the infrared spectrum. In contrast, sequence-specific DNA binding to the DNARE substrate is mainly mediated via the DBD resulting 

in a compaction of the β-sheet-rich structure indicated by a shift of the band position of β-sheets to ~1618 cm-1. 
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hypotheses exist, which are not mutually exclusive. Thus, on the one hand, the CTD may simply act as 

an anchor, which stabilizes the DNA-p53 complex via several non-specific interactions. On the other 

hand, it is possible that the CTD induces conformational changes within the p53 tetramer upon binding 

and thereby stabilizes the p53-DNA complex. The latter is also known as the so-called “induced-fit 

theory”. Although two studies support this theory [60, 201], so far, direct evidence is missing. By 

comparing the IR spectra of p53WT and CTD mutants bound to DNA, we can exclude major structural 

changes caused by the CTD. Yet, the decrease of secondary structure components at ~1625 cm-1 in 

p53WT compared to the CTD mutants indicates a decrease of β-sheets and therefore small but distinct 

structural changes caused by the CTD. This suggests a reduction of ß-sheets induced by the binding of 

the CTD to DNA. To confirm this hypothesis IR data of p53 in the absence of DNA would be expedient. 

However, since p53 functions as a homotetramer, site-specific immobilization of p53 via one monomer 

remains an unsolved task and so far, all attempts to immobilize p53 on the crystal surface resulted in 

the loss of its functionality. 

The ”induced-fit theory” was not only suggested for the CTD, but also for the isolated DBD. Crystal 

structures of the DBD in the absence or presence of DNA revealed rearrangements of the L1 loop 

stabilizing the DBD-DNA interaction and thereby strongly affecting binding off-rates [274, 358]. In the 

present study, we revealed that DNA binding off-rates of full-length p53 were mainly influenced by the 

CTD. While p53WT bound to DNA showed very low binding off-rates, both CTD mutants showed a 25% 

higher release from DNA compared to p53WT. This suggests that in context of the full-length protein, 

the observed independent structural rearrangements within the DBD only slightly affect DNA binding, 

whereas the CTD strongly stabilizes the p53-DNA interaction. 

Our data provide strong evidence for two distinct binding modes of p53 to DNA and PAR: On the one 

hand, the CTD-mediated binding including sequence-independent DNA and PAR binding, and, on the 

other hand, the DBD-mediated binding including sequence-specific DNA binding (Figure 5.7). 

Interestingly, p53 bound to DNAscrRE showed similar effects on the secondary structure as p53 bound 

to PAR, suggesting similar binding mechanisms driven by the CTD. In contrast, the binding mechanism 

observed for sequence-specific DNA binding resulted in distinct secondary structures. The band 

characteristic for ß-sheets shifted to lower frequencies (~ 1618 cm-1) indicates a compaction of the ß-

sheet-rich DBDs. Previous high resolution crystal structures of the p53 DBD core domain in the 

presence of DNA revealed a self-assembly of DBD domains driven by protein-protein interactions even 

in the absence of the tetramerization domain [164]. This process of compaction upon DNA binding 

could later be confirmed for the full-length protein using a combination of small angle x-ray scattering, 

electron microscopy and NMR spectroscopy [20, 334]. Additionally, we observed positive difference 

bands at 1649 cm-1 for the DBD-driven sequence-specific DNA interaction and negative difference 

bands at 1664 cm-1 for the CTD-driven PAR interaction indicating distinct and potentially very dynamic 

structural changes for the different interaction partners. To date, such structural changes of p53 upon 

binding to macromolecules have not been reported and are therefore probably caused by the so far 

structural inaccessible disordered domains within the full-length protein. Thus, we provide further 

evidence that dependent on the binding partner the disordered domains of p53 can adopt distinct 

secondary structures. 

p53 is the most frequently mutated gene in human cancer. Most of the mutations are missense 

mutations and disturb the DBD. Besides a loss of function due to the inserted mutations previous 

studies showed that mutated p53 can gain new functions promoting tumorigenesis, the so-called gain-

of-function mutants (GOF) [162, 370]. Here, we analyzed a p53 mutant harboring several point 
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mutations within the DBD. We observed that even though the overall structure was disturbed, and 

sequence-specific DNA binding was abrogated, PAR binding was not affected. The interplay of cancer-

associated mutant p53 and PARylation has so far not been addressed and might reveal new aspects of 

GOF regulation with potential applications for cancer therapy. 
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5.7. Supplementary data 

  

 

Suppl. Figure 5.1. (A) Immobilization of biotinylated p53 response element (DNARE) or a scrambled version of it (DNAscrRE) on the PEG-

biotin modified crystal surface via streptavidin. IR spectra of streptavidin were subtracted. Band positions characteristic for DNA 

vibrations are highlighted. (B) Comparison of the binding affinities of p53 variants to immobilized DNARE. Data from Figure 5.2B was 

normalized to ‘binding’. (C-D) Comparison of the binding affinities of p53 WT to immobilized DNARE or to DNAscrRE. (C) First, p53 was 

added to immobilized DNA (‘binding’), second, the buffer was exchanged to remove unbound protein (‘buffer exchange’), and finally, 

the surface was washed with 500 mM NaCl to test the reversibility of the binding (‘high salt wash’). Areas of the amide I bands (1720-

1595 cm-1) were calculated and normalized to the immobilized DNA (area 1740-1640 cm-1). (D) Normalized data from (C). (E) 

Difference spectrum of p53WT bound to DNARE and to DNAscrRE. Average curve (orange) and standard deviation (grey) of 16 difference 

spectra were calculated (four spectra of p53WT bound to DNARE and DNAscrRE respectively). 
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Suppl. Figure 5.2. HPLC chromatogram of the chain length fractionation of end-biotinylated PAR via a DNA-Pac PA 100 

column. Absorbance was measured at 258 nm.  

 

Suppl. Figure 5.3. (A) Comparison of the binding of p53WT to immobilized DNARE and to PAR of different chain lengths. Data 

from Figure 5.4A was normalized to ‘binding’. (B) Secondary structure of p53WT is not significantly affected by PAR chain length. 

Difference spectra of p53WT bound to PAR of different chain lengths are shown. Average curve and standard deviation of 16 

difference spectra were calculated respectively (4 spectra of p53WT bound to PAR 20/30/50mer respectively). (C) DNA binding 

and PAR binding result in distinct secondary structural features of p53WT. Difference spectra of p53WT bound to DNARE and PAR 

of different chain lengths are shown. Average curve and standard deviation of 16 difference spectra was calculated 

(combinations of four spectra of p53WT bound to DNARE and PAR, respectively). 
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Suppl. Figure 5.4. Competitive binding of p53 to DNA and to PAR. (A) The DNARE substrate (1.6 µM, concentration in 

nucleotides: 100 µM) was added to p53, which was bound to immobilized PAR50mer. (B) Unfractionated PAR (100 µM, 

concentration in ADP-ribose subunits) was added to p53, which was bound to immobilized DNAscrRE. Spectral changes were 

recorded over time. Signal reduction was quantified by calculating the area of the amide I band (1720-1595 cm-1). Spectra 

before addition of DNARE/PAR were set to 100% and spectra after washing the crystal with 500 mM NaCl were set to 0%. 

 

Suppl. Figure 5.5. Thermal denaturation experiments followed by CD spectroscopy. (A) p53 response element (DNARE). (B) 

Unfractionated PAR. (C) High Tension (HT) signal at 220 nm of p53 variants in the absence or presence of DNARE or 

unfractionated PAR plotted against temperature. (D) p531-355 in the absence or presence of DNARE or unfractionated PAR. 

(E) p53PBM4 in the absence or presence of DNARE or unfractionated PAR. (F) Ellipticity at 220 nm of p53PBM4 in the absence or 

presence of DNARE or unfractionated PAR plotted against temperature and normalized to ellipticity at 20°C. (G) Ellipticity 

at 220 nm of p53PBM4 in the absence or presence of DNARE or unfractionated PAR plotted against temperature and 

normalized to ellipticity at 20°C. 
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version of the manuscript. Significant contributions during editing and discussion of the manuscript.   

6.2. Abstract 

PARP1-dependent PARylation is a highly dynamic and fully reversible post-translational modification, 

which plays key roles in multitude cellular processes ranging from DNA repair, transcription and 

regulation of cell death. Due to the multi-domain structure of PARP1 and the dynamic, interdependent 

processes during PARylation, time-dependent studies on the biochemical reaction mechanism and on 

dynamic structural changes of PARP1 remain challenging. Here, we succeeded to monitor all steps of 

PARP1-dependent PARylation in real-time under near-physiological conditions by employing an 

advanced ATR-FTIR spectroscopic approach. This included the analysis of PARP1 activation by binding 

to DNA damage models, NAD+ substrate binding, PAR formation, and the dissociation of PARP1 from 

DNA. Analyses of PARP1 activation at different types of DNA strand break models demonstrate that 

PARylation and PARP1 dissociation positively correlate, being most efficient at DNA nicks and 3’ 

phosphorylated ends. Moreover, by examining structural changes of PARP1 during distinct steps of 

PARylation we provide detailed information on the molecular mechanisms. Our data suggest an 

allosteric binding mechanism of NAD+, analogous for binding of clinical PARP inhibitors. In summary, 

the unique methodological approach of this study enhances our current understanding on the 

biochemical and structural processes underlying PARP1-dependent PARylation at a formerly 

inaccessible molecular level and temporal resolution. 

6.3. Introduction 

Fast and efficient cellular DNA repair is essential to ensure genomic integrity over time. One of the first 

signalling events upon DNA damage is the recruitment of poly(ADP-ribose) polymerase 1 (PARP1) to 

sites of DNA damage, in particular DNA strand breaks. The catalytic activation of PARP1 and resulting 

formation of poly(ADP-ribose) (PAR) from NAD+ contributes to the repair of single- and double-strand 

breaks, stabilization of DNA replication forks, and the modification of chromatin structure [290]. PAR 

molecules are built up by attachment of ADP-ribose units via glycosidic bonds resulting in linear and 

branched PAR chains, which are heterogenous in size and branching frequencies reaching up to 200 

subunits. PARylation leads to the dissociation of PARP1 from DNA giving access to other repair factors 

[192, 254, 307]. Initiation of PAR synthesis can occur at several amino acids in target proteins, including 

serine, glutamate, aspartate, lysine, and tyrosine [36, 102]. So far, hundreds of proteins have been 

identified as targets of covalent PARylation, with PARP1 being the prime target itself [103, 150, 372].  
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PARP1 is the founding member of the PARP family [47], and together with PARP2 and PARP3, PARP1 

belongs to the group of DNA-dependent PARPs. DNA-dependent activation of PARP1 was observed at 

several different structures, including single- and double-strand breaks, hairpins, cruciforms and stably 

unpaired regions [62, 79, 181, 192, 195, 218]. Neither sequence specificity nor clear preferences for 

any DNA strand break structure have been observed so far. DNA binding is mediated via the N-terminal 

DNA binding domain of PARP1 consisting of two DNA-binding zinc-fingers Zn1 and Zn2 (Suppl. Figure 

6.1A). A third zinc finger Zn3 is located adjacent of Zn2 and is involved in the functional regulation of 

PARP1 activity. The structural mechanism behind DNA binding has been solved by crystal and NMR 

structures of the ZnFs in complex with different types of DNA strand breaks [10, 78, 157, 193, 195]. 

Even though Zn1, Zn2 and Zn3 contact DNA directly, only Zn1 and Zn3 are essential for PARP1 activation 

[79, 191, 195]. A robust activation of PARP1 furthermore relies on the conserved Tyr-Gly-Arg (WGR) 

domain and the catalytic domain, consisting of the autoinhibitory helical domain (HD) and the ADP-

ribosyl transferase (ART) domain (Suppl. Figure 6.1A). The BRCA1 C-terminal (BRCT) domain, which is 

a major site of automodification and which is considered important for protein-protein interactions, is 

not essential for PARP1 activity in vitro [27, 190, 216, 320]. Under non-activated conditions the HD, 

which consists of six α-helices that form a hydrophobic core, blocks binding of NAD+ to the active site 

[198]. Upon DNA binding, PARP1 undergoes a multi-domain allosteric switch resulting in structural 

distortions of the HD and thereby the catalytic centre of the ART domain becomes accessible for NAD+ 

[68, 79, 190, 191, 198]. While earlier data suggested a dimeric action of PARP1 and thereby a 

modification of PARP1 molecules in trans [233, 277], more recent structural data, biophysical analysis, 

and a cell-based assay supported the notion of a monomeric action and true automodification of 

PARP1 in cis [79, 191, 209, 214, 321]. The donor site, where NAD+ binds, is highly conserved among 

PARPs. It includes a nicotinamide-binding pocket, a phosphate binding site and an adenine-ribose 

binding site. The nicotinamide-binding pocket is also the site, where most PARP inhibitors bind (Suppl. 

Figure 6.1A). Recently, the first crystal structure of the human catalytic PARP1 domain in complex with 

a NAD+ analogue has been solved [198].  

Even though PARP1 was discovered more than five decades ago [47], the dynamics of the PARylation 

reaction and consequences on PARP1 protein structure are still incompletely understood. While DNA 

binding and subsequent PARP1 activation has been studied extensively [68, 79, 190, 191, 198], data 

on changes in PARP1 structure upon NAD+ binding and PARylation are largely missing so far. Moreover, 

the interplay of DNA strand break recognition by PARP1 and its dissociation upon PARylation has not 

been explored in detail yet. Since it is difficult to study large and flexible proteins via conventional 

methods, novel, innovative methodologies are needed to overcome these limitations. ATR-FTIR 

spectroscopy is a very sensitive method suitable to study large and flexible proteins under near-

physiological conditions. Performance of reaction induced difference spectroscopy enables monitoring 

of small structural changes of proteins upon molecular interactions or enzymatic reactions in real-time. 

Combined with the specific immobilization of molecules of interest at the ATR-crystal surface, which 

enhances the local surface concentration and thus improves the signal-to-noise ratio even at low 

analyte concentrations, it therefore offers a perfect platform for studying the molecular mechanisms 

of PARylation.  

Here, we applied a recently developed ATR-FTIR spectroscopic approach combining surface passivation 

and specific immobilization [172, 173]. By immobilizing various DNA strand break models, we studied 

the dynamic interplay of PARP1 binding to DNA strand breaks, its subsequent catalytic activation, i.e., 

PARylation, and the resulting dissociation from DNA (Figure 6.1A and B). Real-time monitoring of all 
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steps enabled the direct tracking of the enzymatic reaction and furthermore, gave access to kinetic 

parameters as well as structural data on PARP1 during those processes. We show that PARylation and 

dissociation are interdependent processes and that kinetics and efficiencies are determined by the 

substrate availability and the type of DNA strand break. Moreover, we succeeded to unravel small but 

distinct structural changes of PARP1 upon NAD+ addition, which were so far inaccessible due to the 

fast catalytic turnover of NAD+. Combined our data provide new insights into the molecular 

mechanisms underlying PARP1 dependent PARylation in a time-resolved manner.  

6.4. Material and methods 

6.4.1. Purification of PARP1 

PARP1 was purified as described previously [173, 196], with some modifications. Briefly, bacterial 

pellets [E. coli strain Rosetta 2 (DE3)] from 2 l cultures were resuspended in lysis buffer (25 mM HEPES 

pH 8.0, 500 mM NaCl, 0.5 mM DTT, 10 mM benzamide), supplemented with 0.1% NP-40, Complete 

EDTA-free protease inhibitor cocktail (Roche) and 1 mg/ml lysozyme (Sigma-Aldrich), and sonicated 

four times for 20 s. Then, 5 µg/ml DNase I (Roche) was added and incubated for 1 h. Cell debris were 

removed by centrifugation (68,000 × g for 2 h), the supernatant was filtered through a 0.2-µm syringe 

 

Figure 6.1. (A) Schematic representation of the ATR-FTIR spectroscopic setup. The silicon crystal surface was modified with PEG linkers 

to prevent unspecific protein adsorption. Biotinylated DNA strand break models including DNAblunt, DNA5’P, DNA3’P and DNAnick were 

immobilized via streptavidin at the modified surface to study the interaction with PARP1. (B) Schematic representation of the 

experimental procedure. Real-time monitoring of each step gives access to various parameters: (1) PARP1 DNA binding kinetics; (2) 

secondary structure of PARP1 being bound to DNA; (3) structural changes of PARP1 upon NAD+ addition, kinetics of PARylation and the 

resulting dissociation of PARP1 from DNA. 
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filter (Corning) and loaded onto a HisTrap HP column (GE Healthcare). After washing with 10 ml of 1 M 

NaCl, PARP1 was eluted with 30 ml of 500 mM imidazole. The elution fraction was diluted to a final 

NaCl concentration of 375 mM with no-salt heparin buffer (50 mM Na-phosphate pH 7.0; 1 mM EDTA) 

and loaded onto a heparin HP column (GE Healthcare). PARP1 was eluted by gradually increasing the 

NaCl concentration up to 1 M (30 ml). PARP1 containing fractions were concentrated and buffer was 

exchanged (50 mM Tris pH 8, 150 mM NaCl, 0.5 mM DTT) via centrifugal filters (Amicon Ultra 15, 10 

kDa MWCO). PARP1 was further purified by size exclusion chromatography using a HiLoad 16/600 

Superdex 200 column (GE Healthcare) (50 mM Tris pH 8, 150 mM NaCl, 0.5 mM DTT). The flow rate 

was set to 0.3 ml/min and pure PARP1 containing fractions were concentrated (Amicon Ultra 4, 10 kDa 

MWCO) and stored at -80°C. 

6.4.2. ATR-FTIR spectroscopy 

ATR-FTIR spectroscopic measurements were performed as previously described [172, 173], with some 

modifications, and in a time-dependent manner. The Vertex 70V spectrometer (Bruker) was equipped 

with a BioATR cell II (Bruker), which contained a multi-reflection silicon crystal with a light penetration 

depth of ~850 nm at 1000 cm-1. The spectral resolution was set to 4 cm-1, and for each spectrum 100 

scans were performed. The temperature of the crystal was controlled via an external water bath and 

set to 20°C. Unless otherwise stated, measurements were performed in Tris buffer (50 mM Tris pH 7.4, 

150 mM NaCl). 

 Surface passivation of the ATR crystal: The modification of the crystal surface was performed as 

described recently [172, 173]. Briefly, the surface was activated by treatment with H2SO4 and H2O2. 

Next, the crystal was heated to 50°C and 20 mg/ml PEG-silane-biotin linker (5 kDa, Rapp Polymere) in 

30 mM sodium acetate solution (pH 5.5) was added. After 30 min of incubation, the crystal was 

adjusted to 20°C and the biotin-PEG-silane linker solution was allowed to dry to achieve condensation 

of the silane groups. Then, the surface was washed thoroughly with Tris buffer and incubated in buffer 

for 1-2 h. This washing step was repeated and after 20 min of incubation in Tris buffer, the spectrum 

of the modified surface was set as background. 

Immobilization of biotinylated DNA strand break models: ~15 pmol of annealed biotinylated DNA 

(DNAblunt, DNA3’P, DNA5’P or DNAnick) was mixed with 10 pmol of streptavidin in 10 µl Tris buffer. The 

sample was applied to the biotinylated surface and incubated until the maximum signal was reached. 

This procedure was repeated until no further increase of signal was observed. The crystal was washed 

thoroughly with Tris buffer and the IR signal of immobilized DNA was set as background. 

Analysis of DNA binding and PARylation of PARP1: First, 20 µl of 2 µM PARP1 in Tris buffer was added 

to the immobilized DNA. Binding was followed for 20 min taking spectra in time intervals of 1 min. 

Next, unbound PARP1 was removed by exchanging the buffer once. After 20 min of equilibration a 

spectrum was recorded, which was used for structural analysis. To start PARylation by PARP1 150 µl of 

the respective NAD+ concentration (0; 1; 10; 100; 500 µM) was added. Immediately after the addition, 

spectra were recorded for 80 min in 1 min time intervals. After 80 min, loosely bound PARP1 was 

removed by washing thoroughly with NaCl buffer (50 mM Tris pH 7.4, 1 M NaCl). Finally, PARP1 was 

removed by washing thoroughly with SDS buffer (50 mM Tris pH 7.4, 150 mM NaCl, 1% SDS). 

Analysis of inhibitor binding: First, 20 µl of 2 µM PARP1 in Tris buffer (50 mM Tris pH 7.8, 150 mM NaCl, 

5 mM MgCl2) was added to the immobilized DNAblunt. After 20 min a spectrum was recorded 

(designated ‘-Inhibitor’). Then, 15 µl of supernatant was removed and 20 µl of inhibitor [veliparib or 
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olaparib (both from Selleckchem)] was added to a final concentration of 10 µM. After 20 min a 

spectrum was recorded (designated ‘+Inhibitor’). To analyse the inhibitor potency 50 µl NAD+ was 

added to a final concentration of 100 µM and spectra were recorded for 30 min in 1 min time intervals. 

Effect of inhibitor on PARP1 binding to DNA was analysed by competitive binding. Therefore, free 

DNAblunt was added to a final concentration of 2 µM to PARP1 bound to immobilized DNAblunt in the 

presence or absence of 10 µM olaparib. Spectra were measured for 50 min in 2 min time intervals. 

Spectral analysis: To analyse the binding of PARP1 to different DNA strand break models the IR 

spectrum of immobilized DNA was set as background. Binding kinetics were evaluated by tracking the 

intensity increase of the amide I band (1645 cm-1) over time. Data was fitted via the following mono-

exponential function: � = �� + (�� − ��) ∙ (1 − ���). �� is the � value when � (time) is zero, �� 

(��������) is the � value reached at infinite times and � is the rate constant. Binding stoichiometries 

were evaluated by normalizing the PARP1 signal to the signal of immobilized DNA. Therefore, the 

intensity of the amide I band of PARP1 (1645 cm-1) was divided by the intensity of the band of the anti-

symmetric phosphate vibration of DNA (1220 cm-1). To correct for different DNA lengths and varying 

numbers of phosphate groups the calculated values were further multiplied with the respective 

number of phosphate groups. PARP1 dissociation upon NAD+ addition was analysed via the intensity 

of the amide II band (1548 cm-1) and fitted via the following mono-exponential function: � =

(�� − ��)��� + ��. PAR formation upon NAD+ addition was analysed via the anti-symmetric 

phosphate vibration of PAR (1236 cm-1) and fitted via the following mono-exponential function: � =

�� + (�� − ��) ∙ (1 − ���).  

Amide I spectroscopy: The amide I band (~1710-1595 cm-1) within the IR spectrum of proteins arises 

mainly from C=O stretching vibrations of the polypeptide backbone and is sensitive to protein 

secondary structures. Distinct frequencies within the amide I band can be assigned to distinct 

secondary structures, such as α-helices (1648-1657 cm-1), 310-helices (1660-1666 cm-1), disordered 

structures (1642-1657 cm-1), β-sheets (1623-1641 and 1674-1695 cm-1), β-turns (1662-1686 cm-1) and 

extended β-sheets/amyloid aggregates (1630-1611 cm-1) [29, 368]. Therefore, large proteins 

containing several secondary structures commonly display a single broad amide I band, which is 

composed of overlapping amide I band components. Several techniques exist to resolve those 

structural components.     

Reaction-induced difference spectroscopy: This technique enables detection of small and subtle 

structural changes within proteins during protein reactions. After reaction induction (e.g. substrate 

addition) absorbance changes of proteins are monitored. Those absorbance changes are usually small 

compared to the total absorbance. Therefore, difference spectra of two states of a protein are 

calculated. This eliminates all vibrational modes, which do not change, and thereby resolves structural 

changes. Thus, remaining positive and negative bands within a difference spectrum represent 

structural components, which are distinct for the respective state of a protein. To evaluate structural 

changes of PARP1 upon binding to different DNA strand break models or after addition of NAD+ or 

pharmacological PARP inhibitors, the respective amide I bands were first corrected for different water 

contents (O-H bending vibration overlays amide I band region). In a second step, a baseline correction 

between 1710 and 1595 cm-1 was performed. Then, amide I bands were normalized to the area under 

the curve and, finally, difference spectra were calculated. 
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6.4.3. Gel-based assay for analysis of automodification 

PARP1 (1 µM) was incubated with various concentrations of DNAblunt, DNA3’P, DNA5’P or DNAnick (0.01, 

0.05, 0.1, 1 µM) for 15 min in Tris buffer (50 mM Tris pH 7.8, 150 mM NaCl, 5 mM MgCl2) at room 

temperature. PARylation was started by the addition of a mixture of naturally and TAMRA-labelled 

NAD+ (10:1) to a final concentration of 100 µM. After 5 min, PARylation was stopped by the addition 

of SDS loading dye and heating for 5 min at 95°C. The extent of automodification was analysed via SDS-

PAGE and subsequent fluorescence detection. 

6.4.4. Enzymatic synthesis of 13C,15N-NAD+ 

Analysis of structural changes of PARP1 upon PARylation were challenging as two vibrational modes of 

PAR (1649 and 1605 cm-1) overlap the structural sensitive amide I region (~1710-1595 cm-1). Analysis 

could be improved by using isotopically labelled NAD+. The enzymatic synthesis of isotopically labelled 

NAD+ was performed according to an adapted protocol from R. Martello (PhD thesis, University of 

Konstanz, 2013) and Balducci et al. [23]. One millimolar of 13C15N-ATP (Sigma-Aldrich), 1 mM NMN 

(Sigma-Aldrich), 25 mU NMNAT1 (gift from M. Ziegler, University of Bergen) and 2.5 U inorganic 

pyrophosphatase from yeast (Roche) were mixed in 200 µl buffer (50 mM Tris pH 7.4; 150 mM NaCl; 

10 mM MgCl2) and incubated for 1 h at RT. Enzymes were removed by centrifugal filters [Nanosep, 10 

kDa MWCO (Pall)]. To remove trace amounts of glycerol, which interferes with infrared spectroscopic 

analysis, centrifugal filters were first washed three times with 500 µl MilliQ before applying the 

enzymatic mixture. Conversion of ATP to NAD+ was analysed by HPLC equipped with a Hydro-RP 80 A 

column (250 x 4.6 mm, 4 micron). 50 µl of 50 µM sample was loaded and analysed at a flow rate of 0.5 

ml/min (solvent A: 8 mM ammonium acetate; solvent B: acetonitrile). The program was set as follows: 

0 min 1% B; 15 min 10% B; 30 min 15% B; 40 min 100% B; 50 min 100% B; 51 min 1% B; 65 min 1% B. 

6.5. Results 

6.5.1. Binding of PARP1 to DNA strand breaks 

PARP1 can be activated by various types of DNA structures including single- and double-strand breaks, 

single-strand overhangs, hairpins and three- and four-way junctions [62, 79, 192, 195, 218, 323]. 

Recently, it has been shown that while PARP2 and PARP3 are preferentially activated by DNA strand 

breaks harbouring a 5’ phosphate, PARP1 does not show a clear preference for any type of strand 

break [192]. To gain more insight into the DNA binding behaviour of PARP1, we analysed in detail the 

interaction of PARP1 with different types of DNA strand breaks via ATR-FTIR spectroscopy. Therefore, 

we immobilized biotinylated DNA strand break models containing a blunt (DNAblunt), a 5’ 

phosphorylated (DNA5’P) and a 3’ phosphorylated (DNA3’P) double strand break or a single nick (DNAnick) 

via streptavidin on the modified crystal surface (Figure 6.1A). The infrared spectra of the immobilized 

DNA strand break models displayed the same position of the anti-symmetric phosphate vibration band 

at 1220 cm- 1 (Suppl. Figure 6.1B). This band is sensitive to the DNA secondary structure and indicates 

that all DNA  strand break models exhibit a B-DNA structure [25]. Next, we added PARP1 to the 

respective immobilized DNA strand break model and monitored the binding process over time. PARP1 

signals increased rapidly within the first minutes and reached saturation after approximately 10 min 

(Figure 6.2A and B, Suppl. Figure 6.1C). Calculated rate constants were similar for all DNA strand break 

models, yet, binding of PARP1 to DNAblunt was slightly slower. We further analysed the amount of 

PARP1, which was bound to the respective DNA strand break model (Figure 6.2C). The finding that we 

did not detect major differences suggests that the stoichiometry of PARP1-DNA binding is comparable 
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for all tested DNA strand break models. It has been postulated that the binding of PARP1 to DNA strand 

breaks triggers its allosteric activation leading to structural changes within the HD domain, thereby 

enhancing the accessibility of NAD+ to the catalytic cleft [189, 270]. To test if different types of DNA 

strand break structures impact the allosteric activation of PARP1, we analysed the secondary structure 

of PARP1 bound to the immobilized DNA strand break models. Therefore, we generated difference 

spectra of PARP1 bound to DNAblunt, DNA5’P, DNA3’P, or DNAnick, respectively (Figure 6.2D). This method 

eliminates all vibrational modes in the spectra, which do not change, and thus uncovers explicitly all 

structural changes taking place. All three difference spectra did not display significant positive or 

negative bands suggesting that PARP1 has the same secondary structure, when bound to the different 

DNA structures. In summary, binding kinetics, stoichiometry and secondary structure of PARP1 appear 

to be independent of the type of DNA strand break structure.  

6.5.2. Real-time monitoring of PARP1 dependent PARylation 

DNA damage dependent PARylation by PARP1 is a very fast and dynamic process, which includes NAD+ 

binding, PAR synthesis and dissociation of auto-PARylated PARP1 from DNA [270]. So far, most 

methods only revealed a snapshot of each process, however, detailed insights into the dynamic 

interplay between the individual processes are still missing. As our recently developed ATR-FTIR 

spectroscopic approach allows the study of biomolecular reactions under near physiological conditions  

[172, 173], we set out to monitor the dynamic process of PARP1-dependent PARylation in real-time. 

To set the basis for the spectral analysis of the catalytic reaction, we first compared the spectra of the 

substrate NAD+ and the product ADP-ribose (Figure 6.3A), which exhibits an almost identical IR 

 

Figure 6.2. Binding of PARP1 to DNA strand breaks. (A) Representative time-dependent spectra of PARP1 binding to immobilized 

DNAblunt. (B) Evaluation of time-dependent binding of PARP1 to different types of DNA strand breaks. Signal intensities of amide I bands 

(1645 cm-1) at 20 min were set to 100%. Means ± SEM of at least 3 independent experiments. Binding kinetics were calculated via a 

mono-exponential fit function. (C) Comparison of the amount of PARP1 bound to different types of DNA stand breaks after 20 min of 

binding reaction. Amide I bands (1645 cm-1) were normalized to the amount of immobilized DNA (1220 cm-1). (D) Secondary structure 

analysis. Difference spectra of amide I bands of PARP1 bound to DNAblunt and DNA3’P, DNA5’P or DNAnick were calculated. Average curves 

and SD (grey) of 9 difference spectra are plotted (3 independent experiments respectively). 
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spectrum compared to PAR as shown previously [173]. Both spectra displayed bands at ~1233 and 

1074 cm-1 corresponding to the anti-symmetric and symmetric phosphate vibrations, as well as bands 

at 1649 and 1605 cm-1, which correspond to the adenine moiety [25, 173]. The main difference can be 

observed at the band at 1695 cm-1, which is, therefore, indicative of the nicotinamide group. This was 

confirmed by the spectrum of NMN, which also displayed a band at 1695 cm-1 (Figure 6.3A).  

NAD+ concentration dependent PARylation 

To analyse the process of PARylation we first allowed PARP1 to bind to the immobilized DNA strand 

break models, then added NAD+, and immediately thereafter recorded IR spectra for 80 min in time 

intervals of 1 min. In a first experiment, we tested increasing concentrations of NAD+ on PARP1 activity 

when bound to DNAblunt (Figure 6.3B). As expected, the spectrum of PARP1 remained nearly constant 

after adding buffer devoid of NAD+. Slight decreases of the amide I and II bands were observed, 

presumably representing the diffusion of PARP1 from DNA into the supernatant. After adding 1 µM 

NAD+, also no major changes in the intensities of the amide I and II bands were observed, still, weak 

bands at 1236 and 1074 cm-1 could be detected after 80 min. These can be assigned to the phosphate 

vibrations of PAR, demonstrating that already at a concentration of 1 µM NAD+ a weak modification of 

PARP1 takes place, which, however, did not result in the dissociation of PARP1 from DNAblunt. The 

application of 10 µM NAD+ led to a slight decrease of the amide I and II bands and at the same time a 

stronger increase of the PAR-derived phosphate vibrations. This indicates that PARP1 was partly 

released from DNA, while at the same time PAR was formed. Both effects became stronger with 

increasing NAD+ concentrations. At the highest tested NAD+ concentration of 500 µM, already after 

around 10 min the PARP1 signal disappeared almost completely. By comparing the dissociation of 

PARP1 from DNAblunt at different NAD+ concentrations, we can conclude that higher NAD+ 

concentrations result in a more efficient dissociation of PARP1 from DNA (Figure 6.3B and C). The 

calculated rate constants revealed that with higher NAD+ concentrations not only the dissociation 

became more efficient, but also this process was significantly accelerated (Figure 6.3C). Therefore, the 

catalytic turnover of NAD+ appears to be directly connected to the dissociation of PARP1 from the 

DNAblunt molecules. Interestingly, we observed an increase in the PAR signal at the crystal surface over 

time, even though PARP1 was simultaneously released. This formation of PAR was more pronounced 

and faster at higher NAD+ concentrations. To test if this PAR signal was caused by residual DNA-bound 

automodified PARP1, the crystal surface was washed after the PARylation reaction first with 1 M NaCl 

to disrupt ionic interactions, and in a second step, with 1% SDS to disrupt non-covalent interactions 

(N.B. streptavidin-biotin interactions are not disrupted at this SDS concentration). Washing with 1 M 

NaCl did not change spectra significantly suggesting that ionic interactions do not contribute primarily 

to the DNAblunt-PARP1 interactions (Suppl. Figure 6.2A and C). Notably, under conditions without NAD+, 

more PARP1 could be removed by the high ionic strength buffer in comparison to conditions with 1 

µM NAD+. This suggests that already minor PARylation impacts the PARP1-DNA interaction. After 

washing with 1% SDS, most PARP1 was removed from the crystal, while the PAR signal was still 

detectable (Suppl. Figure 6.2A and B). The ratio of the anti-symmetric phosphate vibration (1236 cm-1) 

and the amide II band of PARP1 (1548 cm-1) can be used to estimate the PAR to protein ratio at the 

crystal surface. At higher NAD+ concentrations this ratio increased after washing with SDS buffer, 

suggesting that more PARP1 than PAR could be removed from the crystal surface (Suppl. Figure 6.2D). 

These data imply that besides PARP1 itself, either DNA and/or streptavidin, which are immobilized at 

the crystal surface, became PARylated. In accordance with this hypothesis, it was recently reported 

that DNA termini can be targets for covalent PARylation [32, 253, 329, 371]. In addition, streptavidin 
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represents a potential target of PARP1, because it was recently demonstrated that the substrate 

specificity of PARP1 is mainly determined by substrate proximity, which can lead to the PARylation of 

non-canonical substrates, such as GST [87]. In summary, it can be concluded that the ‘trans-PARylation’ 

of molecules other than PARP1 positively correlates with a fast and efficient dissociation of PARP1 

from DNAblunt.  

 

Figure 6.3. Real-time monitoring of PARP1-dependent PARylation at various NAD+ concentrations. (A) Chemical structure and 

respective spectra of NAD+, NMN and ADP-ribose. Band assigned to the nicotinamide moiety (1695 cm-1) is highlighted. (B) 

Representative time-dependent spectra following the addition of various NAD+ concentrations to PARP1 bound to immobilized DNAblunt. 

Amide I (1645 cm-1) and amide II (1548 cm-1) bands of PARP1 and anti-symmetric (1236 cm-1) and symmetric (1074 cm-1) phosphate 

vibrations of generated PAR are highlighted. (C+D) Evaluation of (B). (C) Dissociation of PARP1 from DNAblunt upon addition of various 

NAD+ concentrations. Time-dependent intensity decrease of the amide II band (1548 cm-1) was analysed. Intensity of the amide II band 

before addition of NAD+ was set to 100%. Means ± SEM of at least 2 independent experiments. PARP1 dissociation parameters were 

calculated via a mono-exponential fit function. (D) PAR formation upon addition of various NAD+ concentrations. Time-dependent 

intensity increase of the anti-symmetric phosphate vibration of PAR (1236 cm-1) was analysed. Data was normalized to the intensity of 

the amide II bands (1548 cm-1) of PARP1 before addition of NAD+. Means ± SEM of at least 2 independent experiments. PAR formation 

parameters were calculated via a mono-exponential fit function. 
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DNA strand break dependent activation 

Next, we tested the impact of the type of DNA strand break structure on the PARylation process. 

Therefore, PARP1 was allowed to bind to immobilized DNA3’P, DNA5’P and DNAnick and PARylation was 

started by adding 100 µM NAD+. Interestingly, depending on the individual DNA strand break model, 

significant differences could be observed (Figure 6.4A-C). Thus, PARP1 showed a more efficient 

dissociation from DNA3’P and DNAnick, and a less efficient dissociation from DNA5’P compared to DNAblunt 

(Figure 6.4B). This correlated with a more pronounced PAR formation at DNA3’P and DNAnick, and a 

lower PAR formation at DNA5’P compared to DNAblunt (Figure 6.4C). The kinetics of PARP1 dissociation 

from DNA differed moderately among the different DNA structures but correlated with the kinetics of 

PAR formation. Both processes were the fastest at DNA5’P, followed by DNAnick and DNAblunt/DNA3’P. 

After washing with 1% SDS, most PARP1 could be removed from the crystal, whereas the PAR signal 

remained largely constant (Suppl. Figure 6.3A-C). These data again suggest that the detected PAR 

signal did not derive from residual automodified PARP1 at the crystal surface, but from ‘trans-

PARylation’ of DNA or streptavidin. In our approach, we did not obtain any information on the extent 

of automodification of PARP1 as it immediately dissociated from the DNA and the crystal surface upon 

PARylation. Hence, we analysed PARP1 activated by different types of DNA strand break structures via 

a gel-based assay using fluorescently labelled NAD+ (Suppl. Figure 6.3D). Notably, the observed extent 

of automodification agreed well with our findings from the ATR-FTIR spectroscopic approach. DNA 

 

Figure 6.4. Real-time monitoring of PARP1-dependent PARylation at various DNA strand break models. (A) Representative time-

dependent spectra following the addition of 100 µM NAD+ to PARP1 bound to immobilized DNA3’P, DNA5’P or DNAnick. Amide I (1645 cm-1) 

and amide II (1548 cm-1) bands of PARP1 and anti-symmetric (1236 cm-1) and symmetric (1074 cm-1) phosphate vibrations of generated 

PAR are highlighted. (B+C) Evaluation of (A). (B) Dissociation of PARP1 from DNAblunt, DNA3’P, DNA5’P or DNAnick upon addition of NAD+. 

Time-dependent intensity decrease of the amide II band (1548 cm-1) was analysed. Intensity of the amide II band before addition of NAD+ 

was set to 100%. Means ± SEM of 3 independent experiments. PARP1 dissociation parameters were calculated via a mono-exponential 

fit function. (C) PAR formation upon addition of NAD+. Time-dependent intensity increase of the anti-symmetric phosphate vibration of 

PAR (1236 cm-1) was analysed. Data was normalized to the intensity of the amide II bands (1548 cm-1) of PARP1 before addition of NAD+. 

Means ± SEM of 3 independent experiments. PAR formation parameters were calculated via a mono-exponential fit function. 
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strand breaks resulting in a higher extent of automodification in the gel-based assay also showed a 

more efficient dissociation of PARP1 from DNA and a more pronounced ‘trans-PARylation’ at the 

crystal surface. In summary, we can conclude that PARylation by PARP1 is dependent on the type of 

DNA strand break structure affecting the dynamic and strongly connected processes of PARylation and 

DNA dissociation.  

6.5.3. Structural changes of PARP1 upon PARylation 

Several approaches demonstrated that PARP1 undergoes allosteric activation upon DNA binding, 

which is connected to structural distortions of the HD domain [68, 79, 191, 198, 270]. By using a non-

hydrolysable NAD+ analogue, recently first evidence was provided that NAD+ binding to the catalytic 

centre might result in reverse allostery [198]. Thus, the authors of this study suggested that NAD+ 

binding further shifts the HD to the unfolded conformation, which can then induce changes in the 

binding affinity for DNA lesions. However, due to the fast catalytic turn-over of NAD+ by PARP1 direct 

evidence supporting this hypothesis is still missing. Furthermore, it is still unknown how PARylation 

affects PARP1 secondary structure. To address those questions, we analysed structural changes of 

PARP1 during PARylation by reaction-induced difference spectroscopy. Therefore, we calculated 

difference spectra of PARP1 bound to different DNA strand break models, before and after the addition 

of 100 µM NAD+ (Figure 6.5A and Suppl. Figure 6.4A). All negative bands of the difference spectra 

represent structures that were more pronounced before the addition of NAD+ and all positive bands 

represent structures that were more pronounced after the addition of NAD+. The spectrum of PAR 

reveals two bands (1649 and 1605 cm-1) within the amide I region of PARP1 (1710-1595 cm-1) (Figure 

6.3A). Because during PARylation, the PARP1 signal decreased and the overlapping PAR signal 

increased, we limited the structural analysis to the first minutes. Spectral characteristics of PARP1 were 

comparable for all tested DNA strand break structures, indicating that structural changes of PARP1 are 

independent of the type of DNA strand break. Two minutes after NAD+ addition, distinct positive bands 

at ~1655 cm-1 and ~1605 cm-1 were detected, which can be assigned to the overlapping PAR bands. 

This implies that already at very early time points of the PARylation reaction difference spectra are 

dominated by the arising PAR chains. To compensate the decrease of PARP1 signal due to dissociation 

during PARylation all amide I bands were normalized before calculating difference spectra. The 

formation of PAR, however, resulted in additional absorbance in the amide I region, which could not 

be considered in the normalization procedure. Consequently, all positive difference bands arising from 

PAR within the difference spectra also resulted in negative difference bands. Those bands were 

therefore excluded from secondary structure predictions. Despite the strong impact of PAR on the 

difference spectra, we detected a positive band at 1639-1642 cm-1 directly after the addition of NAD+ 

(Figure 6.5A and Suppl. Figure 6.4A). This position is neither typical for PAR nor for NAD+ and is 

therefore indicative for changes in the PARP1 secondary structure. Isotopic labelling of molecules 

offers a possibility to induce distinct frequency shifts of infrared absorption bands. By introducing 

isotopic labels into NAD+ we aimed to shift the bands at 1649 and 1605 cm-1, which overlap the amide 

I region, to lower frequencies thereby improving structural analysis of PARP1 during PARylation. As 

isotopically labelled NAD+ is not commercially available, we synthesized it enzymatically using 13C,15N-

ATP. First, we analysed the infrared spectrum of 13C,15N-ATP and compared it to the spectrum of 

unlabelled ATP (Figure 6.5B). As expected, the infrared absorption bands of ATP at 1650 and 1604 cm-1 

were shifted to lower frequencies by the introduced isotopic labels. One band at 1624 cm-1 remained 

within the amide I region. Yet, an improved analysis of structural changes of PARP1 was expected. The 

enzymatic synthesis of isotopically labelled NAD+ was performed using nicotinamide nucleotide 
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adenylyltransferase 1 (NMNAT1), which uses ATP and NMN as substrates, while releasing 

pyrophosphate as a by-product. To shift the equilibrium of the reaction towards the production of 

NAD+ we added pyrophosphatase (PPase), which cleaves the produced pyrophosphate (Figure 6.5C). 

This approach worked very efficiently and resulted in an almost complete conversion of 13C,15N-ATP 

and NMN to 13C,15N-NAD+ (Suppl. Figure 6.4B). Next, we analysed PARylation by the addition of 100 

µM 13C,15N-NAD+ to PARP1 bound to immobilized DNAblunt. As expected, the PARylation reaction was 

not affected by the isotopic label (Suppl. Figure 6.4C). Amide I and II bands decreased rapidly, while 

distinct bands at 1233 and 1078 cm-1 arose, which represent the slightly shifted phosphate vibrations. 

Calculated difference spectra revealed a clear positive band at 1622 cm-1 after 2 min (Figure 6.5D and 

Suppl. Figure 6.4D). This band can be assigned to isotopically labelled PAR, which displays similar 

infrared absorption bands like isotopically labelled ATP (Figure 6.5B). Strikingly, directly after the 

 

Figure 6.5. Secondary structure analysis of PARP1 upon NAD+ addition. (A) Comparison of PARP1 bound to immobilized DNAblunt, DNA3’P, 

DNA5’P or DNAnick. Difference spectra of amide I bands of PARP1 before and after the addition of 100 µM NAD+ (0, 1 and 2 min) were 

calculated. Average curves of 3 independent experiments are plotted respectively. SDs are shown in Suppl. Figure 6.4A. Positive 

difference bands distinct from PAR bands are highlighted. (B) Spectra of unlabelled and isotopically labelled 13C,15N-ATP. (C) Strategy for 

the enzymatic synthesis of isotopically labelled 13C,15N-NAD+. (D) Difference spectra of amide I bands of PARP1 bound to DNAblunt before 

and after the addition of 100 µM 13C,15N-NAD+ (0, 1 and 2 min) were calculated. Average curves of 3 independent experiments are 

plotted. SDs are shown in Suppl. Figure 6.4D. Positive difference band distinct from PAR band is highlighted. 
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addition of 13C,15N-NAD+ a distinct positive band at 1636 cm-1 could be resolved similar to the one 

observed after the addition of unlabelled NAD+ (Figure 6.5D and Suppl. Figure 6.4D). Since this effect 

proved to be independent of the NAD+ substrate used, these data provide strong evidence for 

structural changes of PARP1 itself. The position of the band at 1636-1642 cm-1 can be assigned to 

disordered or β-sheet structures suggesting that the proportion of those structures increase after NAD+ 

addition [29]. Mainly two processes could cause these structural changes: NAD+ binding and the 

proposed reverse allostery [198] or PARylation of PARP1 itself, which, at this level, did not result in its 

dissociation from DNA. To test the second hypothesis, we performed spectral analysis of PARP1 during 

PARylation at various NAD+ concentrations (Suppl. Figure 6.5). Low concentrations of NAD+, which 

resulted in only slight PARylation, did not reveal significant structural changes of PARP1, even after 60 

min. In contrast, directly after the addition of 500 µM NAD+ a clear positive difference band at 1640 

cm-1 could be resolved. These observations suggest that the structural changes are caused by allosteric 

binding of NAD+ to the catalytic centre, which could only be resolved at high NAD+ concentrations, 

when binding occurred simultaneously at most PARP1 molecules. In summary, we can conclude that 

PARP1 undergoes structural changes upon addition of NAD+, which suggest an allosteric binding 

mechanism.  

6.5.4. Structural changes of PARP1 upon inhibitor binding 

The mechanism of reverse allostery of PARP1 has not only been proposed for NAD+ binding, but also 

for the binding of PARP 

inhibitors [254, 280, 313]. Such 

allosteric conformational 

changes were expected to 

stabilize DNA binding of PARP1 

and could thereby explain the 

so called ‘trapping’ mechanism 

[280, 313], which is considered 

to be responsible for the 

clinical efficiency of PARP 

inhibitors. To analyse the 

proposed allosteric binding, we 

added veliparib and olaparib to 

DNAblunt-bound PARP1 and per-

formed secondary structure 

analysis. Therefore, we 

calculated difference spectra of 

PARP1 in the presence and 

absence of inhibitors (Figure 

6.6A and B). Positive difference 

bands represent structural 

components of the inhibitor-

bound state and negative 

difference bands represent 

structural components of the 

unbound state. Interestingly, 

 

Figure 6.6. Effect of inhibitor binding on PARP1 structure and DNA binding properties. (A) 

Secondary structure analysis of PARP1 upon binding to veliparib. Difference spectra of amide 

I bands of PARP1 bound to DNAblunt before and after the addition of 10 µM veliparib were 

calculated. Average curves and SDs (grey) of 2 experiments are plotted. (B) Secondary 

structure analysis of PARP1 upon binding to olaparib. Difference spectra of amide I bands of 

PARP1 bound to DNAblunt before and after the addition of 10 µM veliparib were calculated. 

Average curves and SDs (grey) of 2 experiments are plotted. (C) Evaluation of inhibitory 

effect of veliparib and olaparib. Dissociation of PARP1 from DNAblunt upon addition of 100 

µM NAD+ in the presence of inhibitor was tested. Time-dependent intensity decrease of the 

amide II band (1548 cm-1) was analysed. Intensity of the amide II band before addition of 

NAD+ was set to 100%. (D) Analysis of ‘trapping’ effect of olaparib. Binding of PARP1 to 

immobilized DNAblunt was competed by the addition of free DNAblunt in the supernatant in the 

absence or in the presence of olaparib. Time-dependent intensity decrease of the amide I 

band (1645 cm-1) was analysed. Intensity of the amide I band before addition of free DNAblunt 

was set to 100%. 
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veliparib as well as olaparib resulted in a positive band at ~1639 cm-1. The position of the band was 

similar to the one observed after NAD+ addition (Figure 6.5A and D) and can be assigned to disordered 

or β-sheet structures [29]. This finding points towards a common allosteric binding mechanism with 

similar structural consequences for PARP1. Moreover, a negative band was observed in the region 

1620-1625 cm-1, which can be assigned to β-sheet structures [29]. This suggests a loss of β-sheet 

structures upon binding to veliparib or olaparib further supporting an allosteric binding mechanism. 

Next, we tested the inhibitory effect of both inhibitors by adding 100 µM NAD+. The presence of 

veliparib as well as olaparib completely suppressed the formation of PAR and thereby the dissociation 

of PARP1 from DNA (Figure 6.6C and Suppl. Figure 6.6). As the mechanism of allosteric binding was 

proposed to stabilize DNA binding, we tested the effect of inhibitor on PARP1 DNAblunt interaction in a 

competition assay. We focused our analysis to the effect of olaparib, as the trapping effect was shown 

to be stronger for this inhibitor [254]. Thus, PARP1 was allowed to bind to immobilized DNAblunt and 

free DNAblunt was added in the supernatant in the absence or presence of olaparib. The signal of PARP1 

decreased independent of the presence of olaparib (Figure 6.6D). This indicates that olaparib did not 

stabilize PARP1 on immobilized DNAblunt but allowed an exchange of PARP1 to the free DNAblunt in the 

supernatant. Similar results have been obtained in a previous study by applying a series of biochemical 

methods [132]. In summary, we can conclude that binding of veliparib and olaparib to PARP1 results 

in structural changes of PARP1, which are similar to those of NAD+ binding. Such an allosteric binding 

mechanism did not lead to stronger DNA binding affinity yet was able to ‘trap’ PARP1 on DNA after 

NAD+ addition due to catalytic inhibition. 

6.6. Discussion 

In this study, we could unravel the molecular dynamics of DNA-dependent, PARP1-mediated 

PARylation by ATR-FTIR spectroscopy. While binding and activation by PARP1 showed similar kinetics 

at four different DNA strand break structures, distinct differences were observed for the PARylation 

reaction itself, as well as for the dissociation of PARP1 from DNA. A strong and fast PAR formation 

correlated with an efficient and fast dissociation demonstrating the interdependence of both 

processes. Interestingly, the strongest PAR formation and most efficient dissociation was observed at 

single nicks (DNAnick) and 3’ phosphorylated ends (DNA3’P). The strong activation at single nicks is not 

surprising as PARP1 is known to be critical for the rapid and efficient repair of single strand breaks 

[213, 290, 361]. The activation and resulting PARylation was shown to mediate the recruitment of 

other repair components [45, 74, 121, 290]. Considering PARP1’s general role in DNA repair the 

preferred activation of PARP1 at 3’ phosphorylated ends is also not unexpected. 3’ phosphorylated 

ends are non-physiological and occur frequently during genotoxic insults in cells. Besides the direct 

induction via ionizing irradiation they can occur after topoisomerase 1 inhibition and during the 

process of base excision repair [362]. In accordance with this, we observed the weakest activation of 

PARP1 at 5’ phosphorylated DNA ends, which mainly occur under physiological conditions during 

replication in cells. Therefore, our data support PARP1’s central role in the DNA damage response. 

Interestingly, PARP2 and PARP3 are mainly active at 5’ phosphorylated ends [192] suggesting specific 

roles for the DNA-dependent PARPs in cells. Even though we observed a DNA strand break dependent 

PARylation activity of PARP1, PARP1 was in principle active at all tested DNA strand break structures. 

This is in accordance with an assumed redundancy between PARP1 and PARP2 [235]. While each of 

them might have preferential DNA structures for activation, and thereby fulfil unique roles in cellular 

processes, losing one of them can be compensated by the other. It is worth mentioning that recent 

data analysing the activation of PARP1 at various types of DNA strand breaks via a colorimetric assay 
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did not result in significant differences in PAR formation [192]. Still, there was a trend of preferred 

activation of PARP1 at 3’ phosphorylated ends, which reveals the high sensitivity and reproducibility 

of our approach in comparison to commonly used methods to study PARylation. While most methods 

only indirectly detect PAR formation (e.g. via antibodies or streptavidin-biotin interaction), our ATR-

FTIR spectroscopic approach enables direct monitoring of the enzymatic reaction improving sensitivity 

and reproducibility. 

After NAD+ addition, we observed a decrease of PARP1 signal indicating the dissociation of PARP1 from 

DNA due to PARylation. It is generally assumed that automodification of PARP1 results in steric and 

electrostatic repulsion and thereby the release of PARP1 from DNA [192, 321]. Yet, the exact 

mechanism is still not completely understood. Our approach allowed a detailed analysis of the 

interplay of PARP1 PARylation and dissociation. Remarkably, along with PARP1’s dissociation, we 

observed an increase of PAR signal at the crystal surface. As the signal persisted after removal of 

PARP1, it is presumably independent of PARP1 automodification, but linked to the modification of 

other molecules at the crystal surface. Several studies reported the covalent modification of DNA 

termini by PARP1, PARP2 and PARP3 in vitro. Yet, the physiological role of this modification is so far 

unknown. Even though DNA modification might be a plausible explanation for our observations, other 

targets of covalent modification should be considered, too. Even though streptavidin is not a bona-fide 

target of PARP1, the proximity between PARP1 and streptavidin in our setup potentially allows 

covalent modification, in a mechanism as shown recently for GST ([87]). Considering DNA damage-

dependent PARylation in cells, a similar mechanism of ‘trans-PARylation’ might explain the observed 

modification of histones [100, 150, 290].  

The strong positive correlation of PAR formation and PARP1 dissociation suggests that the ‘trans-

PARylation’ supports PARP1 dissociation. Yet, it cannot be the sole mediator of PARP1 dissociation as 

kinetics of dissociation were faster than kinetics of PAR formation. Therefore, it is likely that 

automodification also contributes to the dissociation process. Assuming that automodification of 

PARP1 presumably mediates dissociation from DNA we would expect a fast increase of PAR signal, 

which decreases along with the dissociation of automodified PARP1. However, a decrease of PAR signal 

was not observed at any time. This might be caused by limited detectability as the ‘trans-PARylation’ 

at the crystal surface overlays the decrease of PAR signal, which occurs due to the release of 

automodified PARP1. Still, those data suggest that there is no strong automodification of PARP1 

occurring, which would be detectable. Therefore, it can be assumed that already weak PARylation of 

PARP1 mediates an efficient release from DNA. This resembles previous data obtained with PARP3, 

which revealed that PARP3 can dissociate from DNA even though it produces only very short chains 

[192]. Moreover, as we observed strong automodification of PARP1 in the gel-based assay this would 

suggest that automodification of PARP1 mainly occurs, after initial activation, in the absence of DNA. 

Activation of PARP1 upon DNA binding can be explained by an allosteric binding mechanism resulting 

in the partial unfolding of the HD domain and thereby accessibility of NAD+ to the active site. In 

contrast, structural consequences of NAD+ binding and automodification are less understood, mainly 

due to the dynamics and complex interdependences of these processes. By studying PARP1-dependent 

PARylation in real-time, we were able to extract structural changes of full-length PARP1 upon addition 

of NAD+. The observed positive difference band between 1636-1642 cm-1 can be assigned to an 

increase of disordered structures. As those structural changes were only observed directly after NAD+ 

addition, in the absence of significant PAR signals and only at high NAD+ concentrations, we propose 

that they are rather related to NAD+ binding and not to automodification. Strikingly, a recent study 
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revealed a further shift of the HD towards the unfolded state upon binding of a non-hydrolysable NAD+ 

analogue [198]. Those structural changes were linked to an increased affinity of PARP1 for DNA 

damage. In principle, our data support these findings and suggest an increase of disordered structures 

probably linked to the unfolding of the HD domain upon binding to NAD+. Yet, we did not observe 

increased affinity to DNA upon NAD+ binding, but instead, the immediate dissociation of PARP1 from 

DNA. Even though a stabilizing effect directly after NAD+ binding might be possible, which was then 

reversed by the following catalytic reaction, the observed stabilizing effect might also be caused by the 

NAD+ analogue, which might have a slightly different binding mechanisms than naturally occurring 

NAD+. The allosteric binding of NAD+ causing additional destabilization of the HD domain might be a 

key step for further activation of PARP1 and PAR elongation. This mechanism could explain why PAR 

elongation rates remarkably exceed initiation rates [9].  

Interestingly, we observed similar structural changes of PARP1 upon addition of the inhibitors veliparib 

and olaparib. This suggests that besides NAD+ binding also inhibitor binding is mediated via an allosteric 

binding mechanism resulting in a destabilization of the HD. Whereas inhibitors mimic the nicotinamide 

moiety of NAD+ and solely bind to the nicotinamide-binding pocket within the ART domain of PARP1, 

NAD+ also binds to the phosphate and adenine-ribose binding site. The impact on PARP1’s structure 

was more pronounced for olaparib, which is on the one hand a more potent inhibitor and on the other 

hand the sterically more demanding molecule. Therefore, our data suggest that binding of molecules 

to the nicotinamide-binding pocket is sufficient for allosteric changes of PARP1 but is likely dependent 

on their size and binding strength. 

The concept of a PARP1 trapping mechanism evolved, when first data showed that PARP1 catalytic 

inhibition showed higher cytotoxicity than PARP1 depletion. The trapped complex of PARP1 at DNA 

lesions prevents DNA repair, replication and transcription and thereby induces cell death [313]. The 

mechanism behind this is still controversially discussed. Two main hypothesis exist, which are not 

mutually exclusive: On the one hand, it is suggested that an allosteric binding mechanism increases 

PARP1’s affinity for DNA [254, 255], on the other hand it is suggested that the sole inhibition of catalytic 

activity, which inhibits PARylation dependent dissociation, stabilizes PARP1 on DNA [132]. Performing 

a competitive DNA binding experiment, we provide evidence for the second hypothesis. While DNA 

binding itself was not impacted by the presence of inhibitor, inhibition strongly prevented PARylation 

and the resulting dissociation of PARP1 from DNA. 

In conclusion, this study provides detailed insights into the dynamic and overlapping processes of 

PARP1-dependent PARylation including activation at DNA strand breaks, NAD+ binding, PARylation and 

dissociation of PARP1 from DNA. The direct spectroscopic tracking of the enzymatic reaction enabled 

high sensitivity and reproducibility revealing information on kinetics as well as on the tightly controlled 

structural changes of PARP1. The presented ATR-FTIR spectroscopic approach not only provides an 

ideal platform to study molecular processes of PARP1-dependent PARylation, but also has the potential 

to unravel the enzymatic mechanisms of other members of the PARP family. PARP inhibition is a 

promising tool for the selective treatment of DNA repair-deficient cancers. Thus, the detailed 

understanding of the underlying molecular processes can give us a starting point to improve our 

methodologies and develop future therapies.  
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6.7. Supplementary data 

 

  

 

Suppl. Figure 6.1. (A) Domain organization of PARP1. PARP1 contains three zinc-finger domains Zn1 (pdb: 3oda), Zn2 (pdb: 3ode) and 

Zn3 (pdb: 2jvn), a BRCT domain (pdb: 2le0), a WGR domain (pdb: 2cr9) and a catalytic domain harbouring an autoinhibitory HD domain 

and the catalytically active ART domain (pdb: 3gn7). The catalytic domain is in complex with veliparib. The catalytic conserved H-Y-E 

motif is highlighted. (B) Representative spectra of immobilized DNAblunt, DNA3’P, DNA5’P and DNAnick. Spectra of streptavidin were 

subtracted. (C) Representative time-dependent spectra of PARP1 binding to immobilized DNA3’P, DNA5’P and DNAnick. 
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Suppl. Figure 6.2. (A) Representative spectra of PARP1 bound to DNAblunt before (‘PARP1 bound’) and after the addition of various 

concentrations (0-500 µM) of NAD+ (‘79 min’) and subsequent washing with 1 M NaCl (‘NaCl wash’) and 1% SDS (‘SDS wash’). (B-D) 

Evaluation of (A). (B) Comparison of the spectrum of (A), bottom right panel (addition of 500 µM NAD+, ‘SDS wash’), with the spectrum 

of ADP-ribose (Figure 6.3A). (C) Quantification of PARP1 binding to DNAblunt. Intensities of amide II bands (1548 cm-1) were analysed. 

‘PARP1 bound’ was set to 100%. Means ± SEM of at least 2 independent experiments. (D) Analysis of ‘trans-PARylation’. Ratio of anti-

symmetric phosphate vibration of PAR (1236 cm-1) and amide II band of PARP1 (1548 cm-1) was calculated. Means ± SEM of at least 2 

independent experiments. 
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Suppl. Figure 6.3. (A) Representative spectra of PARP1 bound to DNA3’P, DNA5’P or DNAnick before (‘PARP1 bound’) and after the addition 

of 100 µM of NAD+ (‘79 min’) and subsequent washing with 1 M NaCl (‘NaCl wash’) and 1% SDS (‘SDS wash’). (B+C) Evaluation of (A) and 

Suppl. Figure 6.2A (100 µM NAD+). (B) Quantification of PARP1 binding to DNAblunt, DNA3’P, DNA5’P or DNAnick. Intensities of amide II bands 

(1548 cm-1) were analysed. ‘PARP1 bound’ was set to 100%. Means ± SEM of 3 independent experiments. (C) Analysis of ‘trans-

PARylation’. Ratio of anti-symmetric phosphate vibration of PAR (1236 cm-1) and amide II band of PARP1 (1548 cm-1) was calculated. 

Means ± SEM of 3 independent experiments. (D) Analysis of automodification of PARP1 via a gel-based assay using fluorescently labelled 

NAD+. PARP1 was activated using various concentrations of DNAblunt, DNA3’P, DNA5’P or DNAnick. PARylation was started by the addition of 

100 µM TAMRA-labelled NAD+. (E) Densitometric quantification of (D). 
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Suppl. Figure 6.4. (A) Average curves and SDs (grey) corresponding to Figure 6.5A. (B) Analysis of enzymatic synthesis of 13C,15N-NAD+ 

via HPLC. 13C,15N-ATP and NMN were incubated with NMNAT1 in the absence (left panel) or in the presence (right panel) of Ppase. (C) 

Representative time-dependent spectra following the addition of 100 µM 13C,15N-NAD+ to PARP1 bound to immobilized DNAblunt. Amide I 

(1645 cm-1) and amide II (1548 cm-1) bands of PARP1 and anti-symmetric (1233 cm-1) and symmetric (1078 cm-1) phosphate vibrations of 

generated isotopically labelled PAR are highlighted. (D) Average curves and SDs (grey) corresponding to Figure 6.5D. 
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Suppl. Figure 6.5. Secondary structure analysis of PARP1 upon addition of various NAD+ concentrations. Difference spectra of amide I 

bands of PARP1 (1710-1595 cm-1) before and after the addition of NAD+ (0, 1, 2, 30 and 60 min) were calculated. Average curves and SDs 

(grey) of 2 independent experiments are plotted respectively. 
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Suppl. Figure 6.6. Time-dependent spectra following the addition of 100 µM NAD+ to PARP1 bound to immobilized DNAblunt in the 

presence of veliparib (left panel) or in the presence of olaparib (right panel). 
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7.1. Record of contribution 

Design and conduction of in vitro experiments including purification of PARP1 variants, 

characterization of enzymatic activity and analysis of PAR. Design and supervision of PARG assay. 

Evaluation of those experiments including preparation of figures (Figure 7.1, Figure 7.2A, Suppl. Figure 

7.1). Writing parts of the manuscript (chapter 7.4.1-7.4.7 and chapter 7.5.1). Significant contributions 

during editing and discussion of the manuscript.   

7.2. Abstract 

The PARP1-mediated post-translational modification PARylation regulates a multitude of cellular 

processes like genome maintenance, transcription, and cell death, thereby contributing to various 

(patho-) physiological conditions. PAR chains vary considerably in lengths and branching frequencies. 

Still, the cellular functions of this heterogeneity remain largely unknown. Here we show that PARG 

preferentially degrades short, linear PAR, leading to an increase in branching ratios of cellular PAR 

during the degradation process. This points to significant structure-specific functions of PAR in cellular 

stress response. To unravel such structure-specific functions of PAR, we employed a set of PARP1 

mutants producing PAR of different qualities, i.e., hyperbranched (PARP1\Y986H), short and 

hypobranched (PARP1\G972R), or short PAR (PARP1\Y986S). Using PARP1-reconstituted HeLa PARP1 

knockout cells as a model system, we demonstrate that PARP1\G972R negatively influences cell 

viability, proliferation, cell cycle progression, as well as the tolerance to genotoxic stress, while 

PARP1\Y986S did not or only mildly affect cellular physiology. PARP1\Y986H, in contrast, conveyed 

higher colony formation capacity compared to PARP1\WT. Laser-micro-irradiation experiments 

revealed that PARP1\Y986H displayed similar recruitment and dissociation kinetics to and from sites 

of laser-induced DNA damage compared to PARP1\WT, while dissociation kinetics of PARP1\G972R 

and PARP1\Y986S mutants were significantly delayed. To uncover, whether those effects become 

apparent in altered gene expression profiles, we analyzed a select panel of genes associated with 

genomic stability, proliferation and cell death. While PARP1\Y986H and PARP1\Y986S mutants hardly 

influenced gene expression profiles, PARP1\G972R upregulated the expression of pro-apoptotic genes, 

cell cycle inhibitors and DNA repair genes, which directly mirrors the observed cellular phenotype. The 

findings that the amount and branching ratios of PAR purified from different mouse organs are tissue- 

as well as age-dependent, provide further evidence for the in-vivo significance of branched PAR. In 

summary, our results provide evidence that chain length and branching essentially influence cellular 

physiology while further alluding to the existence of a ‘PAR code’.   
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7.3. Introduction 

The post-translational modification poly(ADP-ribosyl)ation (PARylation) plays key roles in cellular 

physiology and stress response. The modification is catalyzed by poly(ADP-ribose) polymerases (PARPs 

also known as ARTDs) [134]. It is involved in a host of cellular functions including DNA repair, replication 

fork stability, transcription, chromatin remodeling, cellular stress response, and regulation of cell death 

[115]. PARPs represent important targets in cancer therapy, either as chemosensitizers in combination 

therapy or as stand-alone drugs for tumors deficient in homologous recombination following the 

concept of synthetic lethality [210, 219]. 

The PARP gene family consists of 17 homologs in humans, of which at least four enzymes produce 

poly(ADP-ribose) (PAR) by using NAD+ as a substrate, while the remaining members catalyze mono- 

and oligo(ADP-ribosyl)ation, or are catalytically inactive [134]. Of those that produce PAR, PARP1 and 

PARP2 localize to the nucleus and can be activated by various forms of DNA damage. PARP1 is 

responsible for about 90% of cellular PARylation by producing PAR chains of up to 200 subunits, which 

can be either linear or branched, and which are linked via α-O-glycosidic (1"-2') ribose-ribose bonds or 

α-O-glycosidic (1"'-2") ribose-ribose bonds, respectively [9]. After activation, PARP1 is tightly regulated 

either via posttranslational modifications like SUMOylation [238], acetylation [122], phosphorylation 

[160] or protein-protein interactions [33, 57, 114, 174, 239]. After activation, target proteins are 

covalently modified with PAR at serines, glutamates, aspartates, lysine, and tyrosine residues [36, 205, 

228, 267, 372]. One major target of PARylation is PARP1 itself (i.e., ‘PARP1 automodification’) [97], 

leading to changes in the DNA binding ability and catalytic activity [248]. It has been reported that 

PARP1 can be active as a monomer or a dimer resulting in PARylation in cis or in trans [10, 79, 191, 

209, 214, 233, 277, 321]. In addition to covalent modification of target proteins, proteins can also be 

regulated via non-covalent binding to existing PAR chains [87]. Several different PAR binding motifs 

have been identified which mediate PAR-protein interactions [169]. Among those are the classical PAR-

binding motifs (PBMs) [278], but also glycine- and arginine-rich domains (GAR) [117], PAR-binding zinc 

fingers (PBZ) [4], macrodomains [335], or WWE-domains [359]. Like other post-translational 

modifications, PARylation is tightly regulated by catabolizing enzymes such as PARG and others, which 

hydrolyze PAR shortly after its synthesis [222, 271]. Thereby, the physico-chemical properties and 

spatio-temporal activities of hundreds of target proteins are dynamically regulated. PARP1-dependent 

PARylation is linked to pleiotropic cellular functions. In particular it is involved in the regulation of the 

cellular DNA damage response, because of which it is considered a general caretaker of genomic 

stability [290]. The recruitment of PARP1 to sites of DNA damage is one of the fastest responses upon 

genotoxic stress and PARP1-mediated PARylation orchestrates many downstream processes [8, 248, 

289]. Furthermore, PARP1 is involved in chromatin regulation [299], telomere maintenance [61], 

replication [42], cell cycle control [155, 303], inflammation [123], and cell death [369]. 

DNA damage-induced PAR has a very short half-life of ∼40 s, whereas PAR synthesized constitutively 

in unstimulated cells was reported to exhibit a far longer half-life of ∼7.7 h [14], suggesting that PAR 

may play distinct roles in cellular processes, depending on its quantity and structure. Indeed, 

biochemical data support the existence of a so-called ‘PAR code’, i.e., the hypothesis that PAR chains 

of specific length and branching frequency exhibit specific functions [81, 91, 169, 282]. Thus, e.g., some 

proteins, such as histones, p53, or XPA, prefer binding to PAR of specific chain lengths [81, 91, 173, 

269]. Moreover, PAR branching may serve as a recognition site for non-covalent protein binding and it 

has been reported that certain PAR-binding proteins such as histones show a preference for branched 

PAR [223, 269]. Intriguingly, a recent study revealed that the PBZ domain of the histone chaperon APLF 
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specifically recognizes branched PAR, which appears to be important for the removal of histone H3 

upon DNA damage [50]. Furthermore, the latter study also showed that PARP2 produces a high 

frequency of branched PAR chains. While PARP1 also produces branched PAR, TNKS1 was reported to 

produce only linear PAR chains [294]. Yet, not only binding of target proteins to PAR appears to be 

influenced by the PAR quality, also the stability of the polymer is determined by the chain length and 

branching frequency. Thus, previous results suggested that large polymers are degraded faster by the 

PAR catabolizing enzymes than small ones [124]. Furthermore, PAR branching may lead to stabilization 

of the PAR structure, since branching points appear to be not the preferential targets for PARG-

dependent PAR degradation and may therefore serve as a means for the regulation of PAR half-life 

[39]. Consistent with this, studies by Malanga et al. suggest that branched PAR produced after DNA 

damage are degraded slower than linear polymers [223]. Of note, PAR branching and chain length may 

be regulated by intracellular NAD+ levels [15]. Despite these interesting findings, the cellular and 

organismic relevance of the diversity in PAR structure with regard to chain length and degree of 

branching is largely unexplored. 

Here we addressed the role of PAR heterogeneity on cellular physiology by choosing a genetic 

approach combined with the analysis of cellular and biochemical end-points. Therefore, we 

reconstituted human PARP1 knock-out cells [289] with different PARP1 variants, which produce 

different qualities of PAR [295]. We chose three different variants producing either short PAR chains 

and oligomers (PARP1\Y986S), hyperbranched (PARP1\Y986H) or short, hypobranched PAR 

(PARP1\G972R) [295] and performed a comprehensive analysis of PAR quality and resulting cellular 

consequences. These studies revealed that indeed PAR quality is important for cell survival, 

proliferation and the resistance towards genotoxic stress. Especially the PARP1\G972R mutant 

significantly affected cell physiology, but also the PARP1\Y986S variant resulted in detrimental 

phenotypic changes. In contrast, expression of the PARP1\Y986H mutant increased the plating 

efficiency of HeLa cells and at least partially rescued the phenotype caused by the short PAR chains. 

7.4. Material and methods 

7.4.1. Purification of recombinant PARP1 variants 

Human recombinant (rec.) PARP1\WT, PARP1\G972R, PARP1\Y986H and PARP1\Y986S were purified 

as published previously [173, 196], with modifications. Bacterial pellets [E. coli Rosetta 2 (DE3)] were 

resuspended in 25 mM HEPES (pH 8.0), 500 mM NaCl, 0.5 mM DTT and 10 mM benzamide and stored 

at -80°C. After thawing, the bacterial suspension was supplemented with 0.1% NP-40, Complete 

protease inhibitor (Roche), and 1 mg/ml lysozyme. This was followed by sonication (4 × 20 pulses), the 

addition of 10 µg/ml DNaseI and incubation for 1 h. Cellular debris were removed by centrifugation (2 

h at 50,000 g). The supernatant was filtered and injected into an ÄKTA system equipped with a 1-ml 

HisTrap HP column (GE Healthcare). This was followed by washing with 10 ml low salt buffer [25 mM 

HEPES (pH 8.0), 500 mM NaCl], 10 ml high salt buffer [25 mM HEPES (pH 8.0), 1 M NaCl] and again 10 

ml low salt buffer. Finally, PARP1 was eluted with 30 ml elution buffer [25 mM HEPES (pH 8.0), 500 

mM NaCl, 500 mM imidazole]. In the next step, the eluted protein fractions were diluted with 10 ml 

no-salt heparin buffer [50 mM Na-phosphate (pH 7), 1 mM EDTA] and loaded onto a 1-ml heparin HP 

column (GE Healthcare). PARP1 was eluted by increasing the NaCl concentration up to 1 M (using a 30 

ml gradient). PARP1 containing fractions were further purified via size-exclusion chromatography 

(HiLoad 16/600 Superdex 200, GE Healthcare) in 50 mM Tris (pH 8.0), 150 mM NaCl and 0.5 mM DTT 

at a flow rate of 0.3 ml/min. 
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7.4.2. Differential scanning fluorimetry 

Melting temperatures of rec. PARP1 variants were determined as described previously [258]. 

Therefore, 0.1 mg/ml PARP1 was incubated for 10 min at room temperature (RT) in 50 mM Tris (pH 

8.0), 150 mM NaCl and 0.5 mM DTT. To analyze the effect of DNA/NAD+ binding and/or auto-

PARylation the samples were supplemented with 5 mM MgCl2, 5 µM EcoRI DNA linker oligonucleotide 

(TTCCGGAA) and/or 100 µM NAD+ and incubated for 20 min at RT. All samples were mixed with SYPRO 

Orange solution (ThermoFisher) and fluorescence was measured in a quantitative real-time CFX 

connect thermocycler (BioRad, TET channel) using a gradient from 20 to 95°C at 1°C/min steps. 

7.4.3. In-vitro PAR synthesis and purification 

PAR of PARP1\WT and PARP1 mutants was synthesized and purified as previously described [81, 87]. 

Rec. PARP1 (150 nM) was incubated in 100 mM Tris (pH 7.8), 10 mM MgCl2 and 1 mM DTT 

supplemented with 300 µg/ml histone HIIa, 50 µg/ml EcoRI DNA linker oligonucleotide (TTCCGGAA) 

and 1 mM NAD+ in a total volume of 5 ml at 37°C for 45 min to produce PAR. The reaction was stopped 

by the addition of 5 ml ice-cold 20% TCA, which was followed by incubation on ice for 15 min. PAR 

chains were separated from proteins by alkaline treatment (0.5 M KOH, 50 mM EDTA) for 10 min. 

Afterwards, pH was adjusted to 7.5 -8.0 and DNA was digested by the addition of 50 mM MgCl2 and 50 

µg/ml DNaseI and subsequent incubation at 37°C for 2 h. Proteins were digested via the addition of 1 

mM CaCl2 and 50 µg/ml proteinase K and subsequent incubation at 37°C over-night. The next day, PAR 

was further purified via two steps of phenol/chloroform/isoamyl-alcohol (Roth) extraction and one 

step of chloroform extraction followed by ethanol precipitation. To remove residual phenol, buffer was 

exchanged via Vivacon 2 columns (2,000 MWCO, Sartorius). 

7.4.4. Mass spectrometric analysis of in-vitro generated PAR 

Purified PAR was digested with alkaline phosphatase and phosphodiesterase to nucleosides. Digested 

PAR (2.5 pmol) was subjected to UPLC-MS/MS analysis and Ado, R-Ado and R2-Ado were measured as 

described previously [375]. 

7.4.5. Analysis of chain length distribution of in-vitro generated PAR via HPLC 

Purified PAR was separated via an Agilent 1100 HPLC system equipped with a DNA Pac PA-100 

(ThermoFisher) analytical column. PAR (100 µl of a 100 µM solution) was loaded and eluted with 

increasing NaCl concentrations according to Fahrer et al. 2007 and Fischbach et al. 2018 [81, 87]. Buffer 

A consisted of 25 mM Tris pH 9.0, buffer B consisted of 25 mM Tris pH 9.0 and 1 M NaCl and the 

program was set as follows: 0 min (0% B), 3 min (20% B), 20 min (35% B), 40 min (42% B), 70 min (47% 

B), 110 min (53% B), 120 min (61% B), 131 min (70% B), 132 min (100% B), 152 min (100% B). Elution 

of PAR was detected by measuring the absorbance at 258 nm. 

7.4.6. PARP1 automodification assay 

Rec. PARP1 (1 pmol) was pre-incubated in 9 µl buffer [50 mM Tris (pH 8), 150 mM NaCl, 5 mM MgCl2, 

0.5 mM DTT] in the presence or absence of 50 pmol EcoRI DNA linker oligonucleotide (TTCCGGAA) for 

10 min at 25°C. The PARylation reaction was started by the addition of 1 µl [TAMRA-labeled 

NAD+]/[NAD+] (1/10) at a final concentration of 100 µM [356]. Reactions were stopped by the addition 

of SDS loading dye and subsequent heating at 95°C. Samples were separated on gradient gels (4-20%, 

Bio-Rad) and visualized on a FLA 9000 (GE Healthcare). 
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7.4.7. PAR degradation assay 

The degradation of PAR by PARG was analyzed using based on a method from Putt and Hergenrother 

2004 [285]. Therefore, 5 nmol PAR were pre-incubated for 5 min at 37°C in 55 µl PARG assay buffer 

[50 mM KCl, 50 mM KH2PO4 (pH 7.2)]. The reaction was started by the addition of 10 µl recombinant 

human PARG (AdipoGen) to a final concentration of 60 pg/µl. Reactions were stopped simultaneously 

by the addition of 48 µl 2.5 M KOH and 48 µl 250 mM benzamidine and subsequent incubation at 110°C 

for 10 min. After cooling, samples were centrifuged for 5 min at 17,000 g. A volume of 50 µl was loaded 

in triplicates into a 96-well half-area plate (Corning) and analyzed via a TECAN infinite F200 PRO plate 

reader (λex = 340 nm/ λem = 440 nm). To quantify the generated ADP-ribose units a calibration curve 

was included in each experiment. Therefore, 65 µl of ADP-ribose of different concentrations (0, 4, 8, 

12, 20, 40, 60, 80 µM) was supplemented with 48 µl 2.5 M KOH and 48 µl 250 mM benzamide and 

treated the same way as the PAR samples. 

7.4.8. Purification of cellular PAR for mass spectrometric analysis 

HeLa WT and PARP1 KO cells were seeded in 6-well plates and transfected with different eGFP::N1-

PARP1 constructs. Forty hours after transfection, cells were treated either with 500 µM H2O2 for 5 min 

or left untreated. Cells were lysed by addition of ice-cold TCA, PAR was purified, digested to 

nucleosides and ribyosyl-adenosine (R-Ado) and di-ribosyl-adenosine (R2-Ado) were quantified as 

described previously [375]. 

7.4.9. Cell culture, transient transfection and treatment with PARP inhibitor 

HeLa WT and PARP1 KO cells were cultured at 37°C, 5% CO2 and 95% humidity in DMEM (Gibco) 

supplemented with 10% fetal bovine serum (Biochrom), 0.1 U/µl penicillin, 0.1 µg/µl streptomycin 

(Gibco) and 2 mM glutamine (Gibco). For transient transfections with the PARP1-eGFP constructs, 

Effectene transfection reagent (Qiagen) was used according to the manufacturer’s instruction, except 

for the amount of Effectene, which was reduced to 50%. If necessary, treatment with 10 µM ABT888 

(Selleckchem) was performed immediately before transfection and cells were incubated with ABT888 

until harvesting. 

7.4.10. Detection of PAR, XRCC1 and fibrillarin by fluorescence microscopy 

HeLa WT and PARP1 KO cells were seeded on glass cover slips in 12-well plates. If required, cells were 

transiently transfected with the different eGFP::N1-PARP1 constructs. Cells were treated with H2O2 

either 24 h or 40 h after transfection or left untreated. Concentration and duration of treatment varied 

dependent on the experiment as indicated. Treatment was followed by fixation of the cells with 4% 

paraformaldehyde in PBS (containing 10 µM ABT888 for staining with XRCC1 and fibrillarin) for 20 min. 

The reaction was stopped by washing the cells with 100 mM glycine, followed by washing of the cells 

with PBS and permeabilization for 3 min with 0.4% Trition-X100 in PBS. The cells were washed for 5 

min in PBS (30 min when stained with XRCC1 and fibrillarin) followed by blocking in PBS containing 

20% (w/v) non-fat milk powder and 0.2% (v/v) Tween20 (PBSMT). Primary antibodies were diluted in 

PBSMT: mouse-anti PAR: LP96 (Enzo Life Sciences, 1:1000) and 10H [purified from culture supernatant 

of 10H hybridoma cells, according to [161], 1:300], rabbit-anti XRCC1 (Enzo Life Sciences, 1:1000) and 

mouse anti-fibrillarin (Abcam, 1:1000). The cells were incubated with the primary antibody either for 

1 h at 37°C or overnight at 4°C. The slides were washed thrice in PBS for 10 min and incubated with 

the secondary antibodies for 1 h at 37°C. The secondary antibodies were diluted as followed: Alexa 

546 (ThermoFisher, 1:400 or 1:600) and Alexa647 (ThermoFisher, 1:400) both in PBSMT. The slides 
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were washed thrice in PBS for 10 min followed by staining with 0.1 mg/µl Hoechst33342 in PBS for 5 

min. This was followed by washing the cells for 10 min in PBS thrice, and mounting of the glass slides 

using Aqua Poly Mount (Polyscience). Microscopic images were acquired using either a Zeiss Axiovert 

200M microscope (for detection of PAR) or a Zeiss LSM700 confocal microscope (for detection of 

XRCC1 and fibrillarin). Image data was analyzed using automated KNIME workflows [289] with 

adaptations in case of nucleolar staining. Only cells containing a GFP fluorescence signal >1.5-fold of 

the mean background fluorescence were considered as GFP-positive and thus analyzed for PAR, XRCC1 

and fibrillarin. 

7.4.11. NAD+ cycling assay 

HeLa WT and PARP1 KO cells were seeded in 6-well plates and transfected with the different eGFP::N1-

PARP1 constructs if indicated. Forty hours after transfection cells were either treated for 7 min with 

500 µM H2O2 or left untreated. After treatment, cells were washed once with PBS and detached with 

trypsin-EDTA (Gibco). The harvested cells were counted, and 2 × 106 cells were used for extraction of 

NAD+. The cells were pelleted and resuspended in pre-cooled PBS, lysed by addition of 24 µl 3.5 M 

perchloric acid and incubation for 15 min on ice. Cellular debris was removed via centrifugation for 10 

min at 1,500 g and the supernatant was mixed with 350 µl phosphate buffer (0.33 M K2HPO4, 0.33 M 

KH2PO4, pH 7.5) followed by incubation for 15 min on ice. To clear precipitates, the samples were 

centrifuged twice for 10 min at 1,500 g with 20 min incubation on ice in between. As reference for the 

NAD+ cycling assay, a standard curve with NAD+ concentrations up to 0.48 µM was prepared for each 

experiment. Each sample was measured in technical triplicates. To this end, either 200 µl of the 

standards or 40 µl of the samples diluted with 160 µl diluent (0.5 M H3PO4, 0.5 M NaOH) were 

distributed in a 96 well flat bottom plate (Corning). To each well, 100 µl reaction mix [0.48 M bicine 

(pH 8.0), 4 mg/ml BSA, 0.02 M EDTA, 2.4 M ethanol, 2 mM MTT, 0.96 mg alcohol dehydrogenase and 

5.7 mM phenazine ethosulfate] were added. Absorption was measured at 550 nm after 30 min of 

incubation at 30°C using 690 nm as a reference wavelength. The intracellular NAD+ amount was 

calculated with the help of the standard curve and was normalized to transfection efficiencies 

determined by FACS analysis. For the calculation the following formula was used:  

�(���� �� ��1) ∙ (1 −  !"�#$�% �&� �$$�%���%') + �(���� ��  !"�#$�% �( %�))#)

∙  !"�#$�% �&� �$$�%���%' = �(���� *�"#+!�() 

7.4.12. Analysis of cell viability using Annexin V/PI staining 

HeLa WT and PARP1 KO cells were seeded in 6-well plates and transfected with different eGFP::N1-

PARP1 constructs as indicated. Twenty-four hours after transfection, the cells were either treated with 

different concentrations of camptothecin (CPT; Sigma-Aldrich) for 40 h or left untreated. After 

treatment, cells were harvested using trypsin-EDTA (Gibco) and 2.5 × 105 cells were used for analysis. 

The cells were pelleted and resuspended in 250 µl Annexin V-binding buffer (10 mM HEPES pH 7.4, 140 

mM NaCl, 2.5 mM CaCl2). A volume of 195 µl of the cell suspension was mixed with 2.5 µl Annexin V-

APC (Enzo Life Sciences) and incubated for 15 min in the dark. 200 µl of a propidium iodide solution 

(10 µg/ml PI in Annexin V-binding buffer) were added and the samples were analyzed using a 

FACSCalibur (BD). For each sample, 10,000 transfected cells were analyzed and for transfected samples 

only GFP-positive cells were included in the analysis. 
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7.4.13. Analysis of cell proliferation using cell trace violet cell proliferation kit 

HeLa PARP1 KO cells were seeded in 6-well plates and transfected with different eGFP::N1-PARP1 

constructs. Forty hours after transfection cells were harvested with trypsin-EDTA (Gibco) and 

incubated with CellTrace violet stain (Invitrogen) according to manufacturer’s instructions. Three 

hundred thousand stained cells were seeded in 6 cm plates and allowed to grow for five days. 

Immediately after staining, the remaining cells, corresponding to the time point t0 were analyzed using 

the FACSFortessa (BD). For exclusion of dead cells, SytoxRed dead cell stain (Invitrogen) was used in a 

1:1000 dilution. For tracing proliferation, cells were harvested using trypsin-EDTA, stained with 

SytoxRed dead cell stain and analyzed using the FACSFortessa every 24 h (time points t1-t5). 

7.4.14. Colony formation assay 

HeLa WT and PARP1 KO cells were seeded in 6-well plates and transfected with different eGFP::N1-

PARP1 constructs. Forty hours after transfection, cells were treated with different concentrations of 

H2O2 for 5 min and harvested with trypsin-EDTA (Gibco), pelleted and resuspended in phenolred-free 

medium containing 1:1000 SytoxRed dead cell stain (Invitrogen). For each sample 1,000 GFP-positive 

cells were sorted using the FACSAria (BD) in each well of 6-well plates. The cells could form colonies 

for one week before fixation with PFA and staining with crystal violet. All colonies larger 100 cells were 

counted. 

7.4.15. Cell cycle analysis using propidium iodide (PI) staining 

HeLa WT and PARP1 KO cells were seeded in 6-well plates and transfected with different eGFP::N1-

PARP1 constructs. Twenty-four hours after transfection cells were treated, with different 

concentrations of camptothecin (CPT, Sigma-Aldrich) and incubated for about 40 h. For the PI staining, 

cells were harvested with trypsin-EDTA (Gibco), pelleted and resuspended in 300 µl ice-cold PBS. Ice-

cold ethanol (700 µl) was added and samples were incubated for 20 min on ice. Then, cells were 

washed once with PBS and resuspended in 30 µl PBS. 120 µl DNA extraction buffer (4 mM citric acid, 

0.2 M Na2HPO4 pH 7.8) were added and samples were incubated for 20 min at room temperature on 

a shaker. Afterwards, cells were pelleted, resuspended in DNA staining buffer [PBS, 0.2 mg/ml RNase 

A (Thermo Scientific), 20 µg/ml propidium iodide (Sigma-Aldrich)], incubated for 30 min at RT in the 

dark and analyzed using the FACSCalibur (BD). For samples containing transfected cells, only GFP-

positive cells were analyzed. 

7.4.16. Recruitment analysis of PARP1 to laser-induced DNA damage 

HeLa PARP1 KO cells were seeded in µ-dishes (Ibidi) and transfected with different eGFP::N1-PARP1 

constructs. Forty hours after transfection, medium was exchanged to phenolred-free medium to allow 

microscopic analysis. Microirradiation and subsequent time-lapse imaging was performed in a laser-

scanning microscope (Zeiss LSM700). For each construct, 36 cells were irradiated per replicate. Three 

replicates of each microirradiation experiment were performed. The microirradiation scheme is based 

upon a multi-color-femtosecond fiber laser (setup described in [310]). In-situ bandwidth-limited 

optical pulses with a center wavelength of 1035 nm and a temporal duration of 80 fs were employed. 

The focusing of the laser pulses to subnuclear precision was achieved with a 63× PlanApo objective 

lens (1.4NA, Oil). The laser was scanned along a 4.6 µm long linear path divided into 52 pixel positions. 

The pixel dwell time amounts to 45 ms. An average optical power of 16 mW was set in focal plane. 

Quantitative image data analysis of time-series stacks was performed in FIJI with the ImageJ software 
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macro BIC Macro Toolkit (BIC tool box, University of Konstanz, Germany). The tool box is available for 

download on http://www.bioimaging center.uni konstanz.de. 

7.4.17. FACS analysis to determine transfection efficiencies 

Transfected HeLa PARP1 KO cells were harvested with trypsin-EDTA (Gibco), pelleted by centrifugation 

and resuspended either in phenolred-free medium or in FACS-buffer [PBS, 0.5 mM EDTA, 1% (v/v) BSA]. 

Samples were analyzed using FACSCalibur (BD), FACSFortessa (BD) or FACSVerse (BD) dependent on 

the experiment. 

7.4.18. High-throughput RT qPCR 

HeLa PARP1 KO cells were seeded in 6-well plates and transfected with different eGFP::N1-PARP1 

constructs. Sixty-four hours after transfection, cells were detached with trypsin EDTA and 10% of the 

cells were used for determination of transfection efficiencies via flow cytometric analysis. The 

remaining cells were used for RNA isolation followed by high throughput RT qPCR with Fluidigm 

dynamic arrays on the BioMark system as described previously [88]. To take into account different 

transfection efficiencies (TFE), the ΔΔCq calculation of the respective genes was adjusted using gene 

expression values of PARP1 KO cells, according to the following formula:  

,")+�-�./�0� =
*�"#+!�( ,")+�-�./�0� − *�"#+!�( ,")+��1 ∙ (1 − 234)

234
 

For a complete list of all analyzed genes refer Table 7.1.  

7.5. Results 

7.5.1. Biochemical characterization of PARP1 variants producing PAR of different chain 

length and branching 

To analyze the role of the structural heterogeneity of PAR regarding chain length and branching in 

cellular physiology and pathophysiology, we biochemically characterized different PARP1 mutants 

producing PAR of different qualities. Therefore, we purified rec. PARP1 variants, which were first 

described by Rolli et al. in a mutagenesis screen [295], and analyzed comprehensively biochemical 

properties of the PARP1 variants themselves as well as of the PAR produced by them. We chose the 

variants PARP1\G972R (reported to produce hypobranched PAR), PARP1\Y986H (reported to produce 

hyperbranched PAR), and PARP1\Y986S (reported to produce short PAR). To test if amino acid (aa) 

exchanges, which are all located in the catalytic domain of PARP1 (Figure 7.1A), affect the structural 

stabilities of the proteins, we performed differential scanning fluorimetry (DSF) experiments. 

PARP1\WT showed a melting temperature of 48 °C, which is consistent with previously published data 

[101]. All three variants showed a slightly reduced thermal stability with PARP1\G972R and Y986S 

being more affected than PARP1\Y986H (Suppl. Figure 7.1A and B). This indicates that the introduced 

aa exchanges have slightly destabilizing effects on the structure of PARP1 – a finding which needs to 

be considered when interpreting the results of this study. For PARP1\WT, we observed a slight 

reduction of its thermal stability in the presence of DNA (Suppl. Figure 7.1B). This is caused by the 

allosteric binding mechanism, which results in a destabilization of the HD domain and activation of 

PARP1 [68, 79, 191, 198]. The observed destabilization effect in the presence of DNA was even 

enhanced for all three PARP1 variants. Therefore, DNA binding and resulting allosteric activation are 

probably not impaired by the inserted mutations. Next, we used rec. PARP1 to synthesize PAR 

enzymatically, which was then analyzed regarding branching frequencies and chain length 
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distributions. To analyze branching frequencies, purified PAR was digested to its nucleosides and R2-

Ado/R-Ado ratios were analyzed using a mass spectrometric approach [230, 375] (Figure 7.1B). In 

accordance with results from Rolli et al. [295], PAR produced by PARP1\G972R exhibited a ~30% 

reduced branching ratio in comparison to PAR produced by PARP1\WT, whereas PAR from 

PARP1\Y986H exhibited a 16-fold increase in branching ratio. Moreover, PAR from PARP1\Y986S 

displayed a 1.7-fold increased branching frequency in comparison to PARP1\WT. Next, we analyzed 

the chain length distribution of purified PAR (Figure 7.1C). For all three mutants we observed a shift 

towards shorter chains in comparison to PARP1\WT. While PARP1\G972R produced PAR of medium 

size, especially PARP1\Y986S produced PAR of very short chain length. In the cellular context not only 

PAR quality, but also enzymatic activity of PARP1 itself determines its functionality. Therefore, we 

tested the activity of the rec. PARP1 variants via an automodification assay using TAMRA-labelled NAD+ 

 

Figure 7.1. Characterization of rec. PARP1 variants. (A) Structure of human PARP1 catalytic domain (PDB code 5WRQ). Amino acids 

substituted in the studied variants are highlighted. (B) Mass-spectrometric quantification of the [A.U.C. R2-Ado]/[A.U.C. R-Ado] ratio of 

PAR generated and purified from rec. PARP1 variants. Means ± SEM of n=3 technical replicates. Statistical analysis was performed using 

an unpaired t-test. (C) Analysis of PAR chain length distribution of PAR generated and purified from rec. PARP1 variants by HPLC. 10 

nmol PAR was loaded respectively. (D) Time-dependent automodification of rec. PARP1 variants in the absence or presence of DNA. 

PARylation was started by the addition of 100 µM TAMRA-labelled NAD+ (NAD+: TAMRA-NAD+ = 10:1) and analyzed by SDS-PAGE. (E) 

Amount of PAR purified from rec. PARP1 variants. 
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(Figure 7.1D). While PARP1\WT and PARP1\Y986H strongly automodified themselves in a time-

dependent manner, the automodification activities of PARP1\G972R and Y986S were considerably 

reduced. Furthermore, PARP1\Y986S showed a reduced upwards shift in the gel, indicating the 

preferential formation of short PAR chains. Additionally, we tested effects of automodification on the 

thermal stabilities of PARP1 variants via DSF (Suppl. Figure 1B). The addition of NAD+ to PARP1\WT 

could partially rescue the reduced thermal stability observed in the presence of DNA suggesting a loss 

of DNA binding by automodification. The effect was less pronounced for PARP1\Y986H and even more 

reduced for PARP1\G972R and Y986S, supporting the observations made in the gel assay. These 

differences in catalytic activities were further confirmed by the amounts of PAR produced by the 

different PARP1 variants (Figure 7.1E). The highest amounts of PAR were purified from PARP1\WT 

followed by PARP1\Y986H. Considerably lower amounts were produced by PARP1\G972R and 

PARP1\Y986S. In summary, we generated and characterized three different PARP1 variants, which 

display distinct catalytic activities and produce PAR of different chain lengths and branching 

frequencies. Accordingly, those variants offer an ideal model system to unravel the significance of PAR 

heterogeneity. 

7.5.2. Characterization of enzymatic PAR degradation in vitro and in cells 

In a first attempt, the effect of PAR 

heterogeneity on the PARG degradation 

efficiency was tested. Therefore, in-vitro 

produced PAR was digested for different 

periods of time and the resulting amounts 

of ADP-ribose were quantified (Figure 

7.2A). Interestingly, hypobranched PAR, 

produced by PARP1\G972R, as well as short 

PAR chains, produced by PARP1\Y986S, 

were degraded significantly faster than PAR 

produced by PARP1\WT. In contrast, 

hyperbranched PAR, produced by 

PARP1\Y986H, was degraded slower, at 

least for the early timepoints. These results 

indicate, that indeed PAR quality 

determines the degradation efficiency. 

Thus, it is very likely that not only chain 

lengths, but also branching frequencies, 

change during the degradation process. To 

further examine this hypothesis PAR levels 

and branching frequencies form HeLa cells 

were analyzed at different timepoints after 

H2O2 treatment (Figure 7.2B). Strikingly, 

the R2-Ado/R-Ado ratio strongly increased 

between 5 and 7.5 min after treatment, 

which corresponds to the time window of 

PAR degradation by catabolizing enzymes. This increase in branching frequency was followed by a 

decrease until the basal branching ratio was reached after 20 min. These results suggest that linear 

Figure 7.2. Analysis of enzymatic degradation of PAR in vitro and in cells. 

(A) Time-dependent degradation of PAR purified from rec. PARP1 variants 

by PARG. Generated ADP-ribose units were quantified via an ADP-ribose 

calibration curve according to [286]. Background levels of ADP-ribose 

within the different PAR samples in the absence of PARG are subtracted. 

Means ± SEM of n=3-4 independent experiments. (B) Mass spectrometric 

quantification of R-Ado (black) and the [A.U.C. R2-Ado]/[A.U.C. R-Ado] 

ratio (red) of PAR purified from HeLa Kyoto WT cells after treatment with 

500 µM H2O2 for the time indicated. Means ± SEM of n=3 independent 

experiments. 



Results 

109 
 

parts of PAR were degraded first, leading to an increase in the R2-Ado/R-Ado ratio. In summary, we 

demonstrate that PAR quality indeed influences its degradation efficiency and that PAR branching 

frequencies change during the dynamic processes of genotoxic stress-induced PARylation in the cell. 

7.5.3. Characterization of PARP1 variants producing PAR of different quality in cells 

To test if the biochemically characterized PARP1 variants also produce differently structured PAR in a 

cellular environment, we transiently transfected HeLa PARP1 KO cells [289] with C-terminally eGFP-

tagged versions of the PARP1 variants. To obtain sufficient amounts of cellular PAR for LC-MS/MS 

analysis, we stimulated PARylation by H2O2 treatment before purification of PAR from cell lysates. 

These analyses revealed that GFP-tagged PARP1 variants were catalytically active within cells. As 

already seen in vitro, all three variants displayed a reduced activity, with the strongest reduction for 

PARP1\G972R (Figure 7.3A). The produced PAR was further analyzed with regards to branching 

frequencies by determining the R2-Ado/R-Ado ratio via mass spectrometry. Comparable to the analysis 

of in vitro generated PAR, PARP1\G972R exhibited a 36% reduced branching frequency, whereas it was 

strongly enhanced for PAR produced by PARP1\Y986H (~11-fold). Y986S showed a ~2-fold enhanced 

branching ratio (Figure 7.3B). These data were further supported by the analysis of intracellular NAD+ 

levels. After H2O2 treatment, the levels of NAD+ decreased in cells transfected with the different PARP1 

variants, but the effect was reduced for PARP1\G972R-transfected cells (Figure 7.3C). To further 

analyze the catalytic activities of the PARP1 variants and the PAR formation and degradation dynamics, 

time-course immunofluorescence analyses were performed. The acquired microscopic images were 

analyzed for eGFP-positive cells and PAR-staining-derived fluorescence signals were quantified. Using 

the 10H antibody we observed similar formation and degradation dynamics for the PARP1 mutants 

compared to PARP1\WT (Figure 7.3D and representative images Suppl. Figure 7.2). Still, a slight delay 

 

Figure 7.3. Characterization of PAR formation in HeLa PARP1 KO cells reconstitutes with PARP1 variants. (A) Mass-spectrometric 

quantification of PAR levels (R-Ado) after treatment with 500 µM H2O2 for 5 min. Means ± SEM of n=3-8 independent experiments, each 

normalized to PARP1\WT. Statistical analysis was performed using an unpaired t-test. (B) Mass-spectrometric quantification of the 

[A.U.C. R2-Ado]/[A.U.C. R-Ado] ratio of purified PAR after treatment with 500 µM H2O2 for 5 min. Means ± SEM of n=3-8 independent 

experiments. Statistical analysis was performed using an unpaired t-test. (C) Intracellular NAD+ levels with and without treatment with 

H2O2 (concentrations as indicated) for 7 min as measured by an enzymatic NAD+ cycling assay. Means ± SEM of n= 3-4 independent 

experiments. Statistical analysis was performed using a paired t-test. (D) Single-cell immuno-epifluorescence analysis of PAR-synthesis 

with the 10H antibody. Densitometric quantification of epifluorescence imaging data using a KNIME workflow. Means ± SEM of n= 3 

independent experiments.  
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of PAR dynamics from PARP1\G972R was observed. Moreover, in accordance with the mass 

spectrometric analysis (Figure 7.3A), the maximal PAR signals reached after 5 min were reduced for all 

PARP1 mutants compared to PARP1\WT. In summary, we can conclude that the chosen PARP1 variants 

are also active in a cellular environment and thus, represent suitable tools to analyze cellular 

consequences of different PAR qualities. 

7.5.4. Impact of expression of different PARP1 variants on cellular physiology 

PARP1 is involved in many cellular processes like cell cycle regulation, apoptosis and DNA damage 

repair. To determine the role of different PAR qualities in these processes, we reconstituted HeLa 

PARP1 KO with the different PARP1 variants. As a general, yet very sensitive, read-out for potential 

alterations of cellular physiology, we performed clonogenic survival assays, as this this type of assay 

takes into account a spectrum of cellular processes like cell attachment, proliferation and viability, 

[288]. Intriguingly, we observed that PARP1\G972R-transfected cells produced only half as much 

colonies as PARP1\WT cells. This suggests that hypobranched PAR negatively influences either cell 

attachment, proliferation or viability. In contrast, cells producing hyperbranched PAR by the 

PARP1\Y986H variant displayed more colonies compared to PARP1\WT-transfected cells (Figure 7.4A). 

To analyze in detail, which processes are affected by the PAR quality, we measured cell proliferation, 

using cell trace violet and flow cytometric analysis. These analyses showed that cell growth is delayed 

in PARP1\G972R- and mildly affected in PARP1\Y986S-transfected cells. In contrast, cells with the 

PARP1\Y986H variant displayed normal cell growth compared to cells transfected with PARP1\WT 

(Figure 7.4B). This indicates that short and hypobranched PAR leads to a delay in cell growth, whereas 

 

Figure 7.4. Effects of PARP1 variants and respective PAR quality on cellular physiology. Analysis of HeLa PARP1 KO cells reconstituted 

with PARP1 variants. (A) Colony formation assay. After transfection cells were sorted and 100 GFP-positive cells were plated and 

cultivated for 7 days prior to colony counting. Means ± SEM of n= 3 independent experiments. Statistical analysis was performed using 

two-way ANOVA testing and Bonferroni’s post-test.  (B) Cell proliferation assay via cell trace violet and subsequent flow cytometric 

analysis. Means ± SEM of n=3 independent experiments. (C) Cell cycle analysis via PI staining and subsequent flow cytometric analysis. 

Means ± SEM of n=4 independent experiments. Statistical analysis was performed using one-way ANOVA testing and Bonferroni’s post-

test. (D) Cytotoxicity analysis via Annexin V/PI staining and subsequent flow cytometric analysis of cells before and after treatment with 

10 µM ABT888. Means ± SEM of n=6 independent experiments for untreated and means ± SEM of n=2 independent experiments for 

ABT888 treated cells. Statistical analysis was performed using two-way ANOVA testing with Bonferroni’s post-test.  
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hyperbranched PAR does not influence cell proliferation. The slower proliferation observed for 

PARP1\G972R- and PARP1\Y986S-transfected cells could be the result of a deregulated cell cycle. Thus, 

classical PI staining was performed to analyze the cell cycle profile of HeLa PARP1 KO cells reconstituted 

with the different PARP1 variants. The FACS-analysis revealed that PARP1\G972R-transfected cells 

indeed accumulated in G2 phase (Figure 7.4C). Again, hyperbranched PAR as present in cells 

transfected with PARP1\Y986H did not change the cell cycle profile. Since not only the observed G2 

arrest and impaired proliferation, but also increased apoptosis rates can be responsible for the strongly 

reduced colony formation, we analyzed cell viability of transfected cells using Annexin V/PI staining. 

These experiments revealed that cells exhibiting short and hypobranched PAR, produced by the 

PARP1\G972R variant, have a strongly reduced viability and enhanced levels of apoptosis and necrosis. 

In contrast, cells having short, hyperbranched or normal PAR (PARP1\WT, PARP1\Y986S or 

PARP1\Y986H) showed normal viability and only very low levels of apoptotic and necrotic cells (Figure 

7.4D). The reduced viability observed for cells transfected with PARP1\G972R could be directly linked 

to the production of short and hypobranched PAR chains as inhibition of PAR-production by the PARP1-

inhibitor ABT888 restored normal rates of apoptosis and necrosis (Figure 7.4D). In summary, these 

results revealed that the PARP1 variants producing PAR of different chain length and branching 

frequency indeed influence cell cycle regulation, cell growth and viability. While hyperbranched PAR 

provides slight benefits, especially short and hypobranched PAR negatively affects these processes 

leading to impaired cellular physiology.  

7.5.5. Impact of expression of different PARP1 variants on genotoxic stress response 

One main function of PARP1 is its role in genotoxic stress responses. Thus, to analyze, to which extent 

the PARP1-reconstituted cells can tolerate oxidative stress, a colony formation assay was performed 

after H2O2 treatment. These experiments revealed that for all different PARP1 variants, the lowest dose 

of 1 µM H2O2 slightly increased plating efficiencies. Higher doses showed increasing toxic effects, 

especially for cells transfected with PARP1\G972R, which were hardly capable to form colonies after 

treatment with 5 µM H2O2 (Figure 7.5A). In contrast, cells producing short but branched PAR by 

PARP1\Y986S displayed more viable cells and were at least partially able to form colonies. Cells 

transfected with PARP1\Y986H, producing short but hyperbranched PAR, formed almost as much 

colonies after oxidative stress as cells transfected with PARP1\WT. Next, we were further interested if 

this effect was specific for oxidative stress or if it could also be observed after topoisomerase I 

inhibition by camptothecin (CPT), which induces direct strand breaks, protein-DNA adducts, and 

replicative stress. Cells transfected with PARP1\G972R were highly sensitized even towards the lowest 

dose of 1 µM CPT, showing strongly enhanced levels of apoptosis and necrosis, while PARP1\WT and 

PARP1\Y986H displayed only a 30% reduction in viability. Likewise, PARP1\Y986S-reconstituted cells 

also showed reduced viability compared to PARP1\WT-transfected cells, but not as strong as observed 

for PARP1\G972R-transfected cells (Figure 7.5C). Normalization of the results to untreated controls 

revealed that not only the reduced basal viability is responsible for the strongly reduced viability of the 

PARP1\G972R-transfected cells after CPT treatment, but an additional reduction due to sensitization 

towards CPT treatment was evident (Figure 7.5B). Of note, this effect could be completely rescued by 

pre-treatment with the PARP-inhibitor ABT888 (Suppl. Figure 7.3), which clearly indicates that the 

catalytic activity of the PARP1\G972R variant was responsible for the observed effect. To test if 

impaired viability of PARP1\G972R-transfected cells is accompanied by changes in cell cycle 

distributions, we investigated cell cycle profiles after low-concentration CPT treatment. For all 

different PARP1 variants, cells underwent a G2 arrest upon CPT treatment (Figure 7.5D). Again, the 
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effect was strongest for PARP1\G972R- and PARP1\Y986S-transfected cells, which already showed the 

strongest sensitization towards H2O2 treatment. In summary, these experiments demonstrated that 

the PARP1 variants producing PAR of different chain length and branching influenced cellular 

physiology upon induction of genotoxic stress. Short and hypobranched polymer impaired cell 

physiology remarkably, in contrast to short and moderately or strongly hyperbranched PAR, which 

showed only mild or even beneficial effects on cellular physiology.  

7.5.6. Recruitment of PARP1 and downstream factors to sites of DNA damage 

Since PAR quality strongly influenced cell viability and cell cycle progression after DNA damage, we 

hypothesized that the recruitment of PARP1 to the site of the lesion might already be affected, as this 

recruitment process as well as PARP1 dissociation is known to be PAR-dependent [248, 289]. To test 

this hypothesis, we analyzed the recruitment of the PARP1 variants to sites of laser-induced DNA 

damage. PARP1\WT showed a fast recruitment with maximum fluorescence intensities at the 

irradiated site after 50 s followed by relatively fast dissociation kinetics leading to its almost complete 

release after 400 s post irradiation (Figure 7.6A and B). PARP1\Y986H showed similar behavior like 

 

Figure 7.5. Effects of PARP1 variants and respective PAR quality on genotoxic stress response. Analysis of HeLa PARP1 KO cells 

reconstituted with PARP1 variants. (A) Colony formation assay upon H2O2 treatment. After transfection and respective H2O2 treatment 

cells were sorted and 100 GFP-positive cells were plated and cultivated for 7 days prior to colony counting. Means ± SEM of n= 3 

independent experiments. Statistical analysis was performed using two-way ANOVA testing and Bonferroni’s post-test. (B) Cytotoxicity 

analysis of CPT treatment via Annexin V/PI staining and subsequent flow cytometric analysis. Results were normalized to untreated 

controls. Means ± SEM of n=4 independent experiments. (C) Cytotoxicity analysis of CPT treatment via Annexin V/PI staining and 

subsequent flow cytometric analysis. Means ± SEM of n=4 independent experiments. Statistical analysis was performed using two-way 

ANOVA testing with Bonferroni’s post-test. (D) Effect of CPT treatment on cell cycle analyzed via PI staining and subsequent flow 

cytometric. Means ± SEM of n=4 independent experiments. Statistical analysis was performed using one-way ANOVA testing and 

Bonferroni’s post-test. 
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PARP1\WT but with slightly lower maximal recruitment levels. In contrast, dissociation of 

PARP1\G972R and PARP1\Y986S were strongly impaired and fluorescence signals did not reach basal 

levels during the 400 s observation period. Therefore, dissociation of PARP1 from DNA damage seems 

directly connected to PAR quality being less efficient with short and hypobranched chains. Still, 

differences in enzymatic activity between the tested PARP1 variants should be considered, too. 

Moreover, the maximal recruitment levels of PARP1\Y986S were slightly reduced. Therefore, it is likely 

that PAR-dependent PARP1 recruitment is affected by short PAR-chains produced by PARP1\Y986S. 

The automodification of PARP1 at lesion sites furthermore results in the recruitment of downstream 

factors required for repair. One process PARP1 is involved in, is the translocation of XRCC1 from 

nucleoli to the nucleoplasm in response to oxidative stress [341]. To determine, whether this process 

is dependent on PAR quality, we analyzed immunofluorescence staining for the release of XRCC1 from 

nucleoli. In PARP1\WT-reconstituted cells, XRCC1 was released from nucleoli in response to H2O2-

treatment. The same effect could be observed for both, PARP1\Y986H and PARP1\Y986S, producing 

either hyperbranched or short PAR-polymers (Figure 7.6C and D). For PARP1\G972R, however, the 

process was impaired. Noteworthy, translocation of XRCC1 was shown to be significantly inhibited, but 

 

Figure 7.6. PARP1 recruitment and XRCC1 translocation in HeLa PARP1 KO cells reconstituted with PARP1 variants. (A) Representative 

images of the recruitment of different PARP1 variants to sites of laser-induced DNA damage. (B) Densitometric quantification of imaging 

data from (A). Means ± SEM of n=3 independent experiments, ≥ 10 cells were analyzed per experiment and PARP1 variants. Statistical 

analysis was performed using two-way ANOVA testing and Bonferroni’s post-test. (C) Representative images from single-cell 

immunofluorescence analysis of XRCC1 translocation from nucleoli to the nucleoplasm. (D) Densitometric quantification of confocal 

imaging data from (C) using a KNIME workflow. Means ± SEM of n=4 independent experiments.  
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not completely abolished, by the PARP1\E988K variant, which performs only mono-ADP-ribosylation. 

Only loss of the protein as in HeLa PARP1 KO cells could completely abolish the translocation [341]. 

This leads to the assumption that translocation of XRCC1 is at least partially dependent on the quality 

of PAR. In summary, recruitment of PARP1 to sites of laser-induced DNA damage seems to be 

dependent on PARylation and PAR quality. An altered automodification and impaired recruitment of 

downstream factors might lead to severe effects in DNA damage response pathways, which could 

explain the strongly reduced viability observed for cells reconstituted with PARP1\G972R. 

7.5.7. Impact of PAR quality on gene expression profiles  

To test if the distinct phenotypes of cells producing PAR of different qualities were accompanied by 

specific changes in gene expression, we analyzed gene expression of 75 different genes responsible for 

genomic stability, cell death and proliferation using a very accurate and highly sensitive high-

throughput qPCR approach [88]. We indeed observed subtle changes in the expression profiles for cells 

reconstituted with the different PARP1 variants in comparison to PARP1\WT-transfected cells. For cells 

producing hyperbranched PAR, most altered genes are slightly downregulated (fold regulation < 1.5). 

The strongest changes could be observed for growth factors like EGFR and VEGFA (Figure 7.7A). In 

contrast, for cells reconstituted with PARP1\G972R, most altered genes are upregulated. Interestingly, 

especially the expression of genes regulating apoptosis like BCL2L1 and PMAIP1, cell cycle inhibitors 

like TP53 and PMAIP1 and DNA damage repair genes was increased (Figure 7.7B). This is perfectly in 

line with the observed cellular phenotype, showing a reduced proliferation caused by a G2 arrest and 

 

Figure 7.7. Effects of PARP1 variants and respective PAR quality on gene expression levels. Analysis of HeLa PARP1 KO cells 

reconstituted with PARP1 variants. The volcano plots show the magnitude (fold regulation, x-axis) and the significance (-log10 p-value, 

y-axis) of gene expression changes between PARP1 KO cells reconstituted with the respective PARP1 variant compared to cells 

reconstituted with PARP1\WT. Horizontal lines indicate the statistical significance threshold (p≥0.05, independent samples t-test, n=3 

independent experiments); vertical lines indicate no change in gene expression. Genes that are differentially expressed at a significant 

level are labelled with the corresponding names. All genes included in the analysis are listed in Table 7.1. 
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increased rates of apoptosis and necrosis. In comparison, cells reconstituted with PARP1\Y986S 

showed hardly any changes in their expression profile (Figure 7.7C), suggesting that the observed 

effects for PARP1\G972R-reconstituted cells are caused by hypobranching of PAR-chains and not only 

by reduced chain length as PARP1\Y986S produces even shorter chains than PARP1\G972R. Still, it 

cannot be excluded that the observed effects are partly caused by the reduced enzymatic activity of 

PARP1\G972R. Furthermore, the gene expression profile of cells transfected with the mono-ADP-

ribosylating variant PARP1\E988K, which display a strong cellular phenotype [289], was analyzed as 

well. Comparable to PARP1\G972R-transfected cells an upregulation of genes controlling apoptosis, 

cell cycle and DNA repair was observed (Figure 7.7D). In summary, we can conclude that after 

reconstitution of HeLa PARP1 KO cells with the different PARP1 variants the gene expression profile 

indeed changed. Especially for the reconstitution with PAPR1\G972R, which produces hypobranched 

PAR, the changes in gene expression profile directly mirror the observed cellular phenotype.  

7.5.8. Significance of PAR quality in vivo 

To further elucidate a potential in vivo significance of PAR quality, we analyzed, whether different 

mouse organs produce different amounts and different branching frequencies of PAR. Therefore, 

necropsies were performed on 3-month-old B6 mice, 12 organs were harvested, and PAR was purified 

from the tissues. Quantitative analysis by isotope dilution mass spectrometry revealed that the 

 

Figure 7.8. Characterization of PAR purified from different mouse organs. (A) Mass-spectrometric analysis of PAR-amounts (R-Ado) 

purified from mouse tissues of 3- and 12-15-month-old mice. Means ± SEM of n=3 independent mice. Statistical analysis was performed 

using one-way ANOVA testing and Bonferroni’s post-test. (B) Mass-spectrometric analysis of the [A.U.C. R2-Ado]/[A.U.C. R-Ado] ratio 

of purified PAR from mouse tissue of 3- and 12-15-month-old mice. Means ± SEM of n=3 independent mice. Statistical analysis was 

performed using one-way ANOVA testing and Bonferroni’s post-test. (C) Correlation between PAR amounts of 3- and 12-15-month-old 

mice. Negative values indicate a reduction of the PAR amount during aging. (D) Correlation between the [A.U.C. R2-Ado]/[A.U.C. R-Ado] 

ratio of 3- and 12-15-monuth-old mice. Negative values indicate a reduction in the branching ratio during aging. 
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amount of PAR is strongly tissue-dependent. Especially skin, but also muscle, stomach and brain 

exhibited high PAR levels. In contrast, spleen, lung, small intestine, testis and colon revealed very low 

PAR amounts (Figure 7.8A). To examine if equivalent difference might occur in human tissues, we used 

cell lines derived from different tissues and analyzed the PAR-forming capacity. Indeed, immortalized 

non-tumorigenic human epidermal cells (HaCaT) showed significantly higher levels of PAR compared 

to human embryonic kidney cells (Hek293), liver hepatocellular cells (HepG2) and adenocarcinomic 

human alveolar basal epithelial cells (A549) (Suppl. Figure 7.4A and B). This is in line with the strong 

PAR formation observed in the skin of mice. Analysis of branching ratios revealed that PAR quality 

indeed differs between different organs. Notably, colon and stomach had significantly higher R2-

Ado/R-Ado ratios compared to all other organs (Figure 7.8B). Interestingly, high levels of PAR did not 

correlate with high levels of branching suggesting distinct regulatory mechanisms (Figure 7.8A and B, 

Suppl. Figure 7.4A-C). To analyze if tissue PAR levels and branching frequencies are age-dependent, 

we compared PAR from organs derived from 3- and 12-15-month-old mice. While the amount of total 

PAR was mainly reduced in older mice, the distribution between the different organs remained 

comparable (Figure 7.8A and C). Moreover, no clear age-dependent effect on branching levels was 

observed (Figure 7.8B and D). From these data, we can conclude that physiological PAR levels and PAR 

branching frequencies are indeed dependent on the kind of tissue pointing towards a biological 

significance of PAR heterogeneity.  

7.6. Discussion 

Although PARP1 and PARylation are generally well characterized and their importance especially with 

regards to cancer and DNA repair is widely accepted, little is known about the functions of the 

heterogeneity of PAR regarding chain length and branching. Knowledge from other posttranslational 

modifications like the ubiquitin-system shows that some kind of ‘ubiquitin code’ exists. Here, mono-

ubiquitination as well as poly-ubiquitination with different branches exist, showing distinct functions 

dependent on the structure [184]. These findings indicate that the structure of a post-translational 

modification could certainly determine its functions, making the hypothesis of a ‘PAR-code’ likely. 

Thus, we set out to comprehensively characterize the functions of PAR chain length and branching, 

both in a cellular system as well as in an organismic context. To this end, we used a HeLa PARP1 KO 

cell system reconstituted with different PARP1 variants, which were shown to produce PAR of different 

qualities [295]. 

The detailed biochemical characterization of rec. PARP1 variants confirmed the formation of distinct 

PAR qualities with regards to chain length and branching. Even though all variants exhibited enzymatic 

activity distinct differences were observed. Interestingly, mutations resulting in reduced enzymatic 

activities correlated with reduced thermodynamic stabilities of PARP1 pointing towards an 

interdependence between protein structure and function. This effect was especially pronounced for 

PARP1\G972R. Interestingly, this variant showed the strongest phenotype in reconstituted PARP1 KO 

cells suggesting that combined with PAR quality also PARP1 functionality influences cellular processes.        

As previous publications suggest that the turnover of the polymer is determined by the branching 

frequency [11, 293], the degradation of PAR of different quality was analyzed. Althaus and colleagues 

suggest that histone binding is responsible for a greater stability of branched PAR [11]. We observed 

that hypobranched PAR is less stable and hyperbranched PAR is slightly more stable than normal PAR, 

even in the absence of histones. Moreover, our data suggest that short polymers produced by 

PARP1\Y986S are degraded faster than PAR produced by PARP1\WT. This is in contrast to earlier data 
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suggesting a fast digestion of large polymers into small ones followed by a rather slow degradation of 

short polymers [124]. Analysis of the degradation of PAR in HeLa cells demonstrated that the branching 

frequency increases during degradation, suggesting again that linear parts are degraded faster than 

branching sites. Taken together, these data reveal that PAR-degradation is dependent on PAR 

heterogeneity being more efficient at short and linear PAR.  

As we were able to show that the branching frequency changes at least during the degradation process 

and thus could have distinct cellular functions, we analyzed whether the PAPR1 variants impact cellular 

physiology. Functional analyses revealed that cells expressing the PARP1\G972R variant, thus having 

hypobranched PAR, grow slower, form less colonies, exhibit a G2/M-arrest and exhibit enhanced cell 

death. As HeLa PARP1 KO cells display a normal viability and a similar cell cycle profile than HeLa WT 

cells [289], the observed effects for PARP1\G972R can be attributed to the hypobranched PAR. Hence, 

we can conclude that for basal cellular processes, hypobranched PAR is detrimental and even the loss 

of PARP1 and thereby the loss of the major PAR production could be easier tolerated by the cells than 

PARP1\G972R producing hypobranched PAR. 

A plethora of articles from PARP1 KO mice, cell culture models and from pharmacological inhibition of 

PARP1 describe that loss of PARP1 leads to sensitization towards genotoxic stress [102, 106, 235, 296]. 

Thus, we analyzed whether PAR quality could already influence the ability of cells to respond to 

genotoxic stress. We showed that PARP1\G972R-transfected cells, which can only produce short and 

hypobranched PAR, were much more sensitive towards genotoxic stress then PARP1\WT-transfected 

cells. In addition, short polymer producing, PARP1\Y986S-transfected cells were sensitized towards the 

treatment as well but less severe than PARP1\G972R-transfected cells. In contrast, cells which were 

able to produce short but hyperbranched PAR after the transfection with PARP1\Y986H, behave similar 

than PARP1\WT-transfected ones. So far, it has been shown, that loss of PARP1 leads to a stronger 

induction of the G2 checkpoint due to over-activated Chk1 after ionizing radiation [220] and to an 

G2/M-arrest after genotoxic stress in general [22]. Here, we were able to show that not only the loss 

of PARP1 but also changes in PAR quality could induce a strong G2/M-arrest after genotoxic stress. 

One possible explanation is that the recruitment of PARP1 itself and/or the recruitment of downstream 

repair factors is impaired. Previous results from our lab showed that XPA, as well as p53, preferentially 

interact with long polymer chains [81, 91, 173]. The formation of short PAR chains could therefore lead 

to impaired recruitment and DNA repair and could thus explain the strong induction of cell death after 

treatment with CPT. Our data further indicate that higher branching frequencies can compensate for 

short chains, as PARP1\Y986H-transfected cells were not sensitized towards the genotoxic stress, 

although they produce shorter chains than PARP1\WT-transfected cells. The hypothesis that the 

altered PAR quality leads to defects in DNA repair is further supported by the fact that the recruitment 

of PARP1\G972R and of PARP1\Y986S is strongly impaired. For PARP1\G972R we observed a strong 

persistence at the DNA indicating impaired dissociation. This is further supported by the notion that 

PARP1\Y986S, which also produces short chains, shows a similar dissociation defect as PAPR1\G972R. 

Again, hyperbranching seems to be able to rescue the effects caused by the short and hypobranched 

PAR chains, as PARP1\Y986H shows an almost normal recruitment and dissociation. Together with the 

results from the cytotoxicity and cell cycle analysis, these data suggest that PARP1\G972R and 

PARP1\Y986S are trapped at the site of DNA damage, therefore leading to a manifestation of the 

damage [254]. Remarkably, PARP1\E988K variant, which produces mono-ADP-ribose, shows a similar 

recruitment pattern as PARP1\G972R [289]. This further supports the observation that indeed not only 
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the loss of PARP1 but also the PAR quality strongly influences the recruitment/dissociation of PARP1 

to/from sites of DNA damage. 

As XRCC1 recruitment to sites of DNA damage is strongly PARP1 and PAR-dependent [263], we 

analyzed this process with regards to the role of PAR quality. Previous experiments showed that the 

translocation of XRCC1 from nuclei to the nucleoplasm is completely abolished in the absence of PARP1 

and strongly reduced in cells reconstituted with a PARP1 variant producing MARylation [341]. Here, 

we were able to show that PAR quality influences the translocation of XRCC1 and that the translocation 

is strongly impaired in PARP1\G972R-transfected cells. This perfectly explains the observation that 

PARP1\G972R-transfected cells show stronger induction of a G2/M-arrest and of apoptosis and 

necrosis after DNA damage, as the impaired recruitment of PARP1 and XRCC1 prevents a successful 

repair of the lesions. 

PARP1 is not only involved in DNA damage repair, but also in the regulation of transcription. To 

investigate if PAR quality causes changes in the expression profile of cells, Fluidigm qPCR analyses were 

performed. We could show that especially the expression of genes involved in DNA damage repair, cell 

cycle and cell death, are altered in cells expressing PARP1\G972R. Therefore, it is more likely that 

changes in the expression profile are not directly caused by PARP1-dependent transcription but rather 

by impaired DNA repair.  

Finally, we showed that changes in the branching frequency are not only a result of polymer 

degradation but occur naturally in different organs, supporting a biological significance of branching. 

We demonstrate that colon and stomach exhibit high R2-Ado/R-Ado ratios thus having highly branched 

PAR. Due to nutrition uptake, which can contain potential genotoxins, and the acidic pH, required for 

digestion, those cells are constantly exposed to DNA damage and require an efficient repair system. 

Combined with our cellular experiments revealing a slight beneficial effect for hyperbranching, it can 

be assumed that branching is beneficial for cell survival and the response to genotoxic stress.  In 

addition, skin, which is constantly exposed to UV-irradiation, shows significantly higher PAR levels 

compared to other organs. Both mechanisms, hyperbranching as well as high activity, could protect 

the cells from acquiring mutations and becoming malignant. During the aging process, the total 

amount of produced PAR decreases in most of the organs. This suggests that not only the maximal 

lifespan [113], but also the aging process corelates with PARP1 activity.  

In summary, this study revealed that different PAR qualities are observed in different organs or as 

result of degradation of the polymer. We further show that branching frequency and chain length 

directly influence cellular processes and the response to genotoxic stress. Especially hypobranched 

PAR, but also short chains, impact cellular physiology. In contrast, hyperbranched PAR seems to be 

slightly beneficial. Thus, first evidence for a biological significance of PAR heterogeneity is provided.  
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7.7. Supplementary data 

 

 

Suppl. Figure 7.1. Thermal stability of rec. PARP1 variants determined by differential scanning fluorimetry (DSF). (A) Calculation of 

melting temperatures (Tm).  Means ± SEM of n=3 independent experiments. Statistical analysis was performed using an unpaired t-test. 

(B) PARP1 variants were incubated for 20 min with or without DNA and/or NAD+ before thermal denaturation. 

 

Table 7.1. List of analyzed genes during high-throughput RT qPCR. 
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Suppl. Figure 7.2. Time course of PAR-formation after H2O2 treatment. HeLa PARP1 KO cells were reconstituted with different PARP1 

variants and treated with 250 μM H2O2. PAR-formation was analyzed after distinct time points by immunochemical staining using the 

10H antibody. Representative images of n=3 independent experiments (corresponding to Figure 7.3D). 

 



Results 

121 
 

 

 

Suppl. Figure 7.3. Effect of PARP1 inhibition on viability of reconstituted HeLa PARP1 KO cells after CPT treatment. Cytotoxicity 

analysis via Annexin V/PI staining and subsequent flow cytometric analysis of cells before and after treatment with CPT and with or 

without 10 μM ABT888. Means ± SEM of n = 2 independent experiments.  

 

 

Suppl. Figure 7.4. (A+B) Characterization of PAR from different cell lines. (A) Mass-spectrometric quantification of PAR (R-Ado) under 

non-treated conditions and after treatment with 500 µM H2O2 for 5 min. (B) Mass-spectrometric quantification of the [A.U.C. R2-

Ado]/[A.U.C. R-Ado] ratio of purified PAR  under non-treated conditions and after treatment with 500 µM H2O2 for 5 min. (C) Correlation 

of branching frequencies ([A.U.C. R2-Ado]/[A.U.C. R-Ado]) and PAR amounts (R-Ado) in different mouse organs from 3- and 12-15-month-

old mice. Means ± SEM of n=3-4 independent mice (evaluation of Figure 7.8A and B). 
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8. Discussion 

8.1. Development of an ATR-FTIR spectroscopic approach to study 

PARylation and PAR-protein interactions 

A central objective of this thesis was to develop an ATR-FTIR spectroscopic approach, which allows the 

study of PARylation and PAR-protein interactions under near-physiological conditions and in a time-

dependent manner (Chapter 3). ATR-FTIR spectroscopy is a measuring technique of IR spectroscopy, 

which is especially suited to study biomolecules in aqueous solutions. Measuring biomolecules at the 

surface of an ATR-crystal reduces the otherwise strong absorption of water, which overlaps the 

structure-sensitive amide I region of proteins. Therefore, subtraction of water spectra is significantly 

improved compared to transmission IR spectroscopy. Still, there were also some challenges to 

overcome in order to study PARylation related processes.  

One major challenge was the prevention of non-specific protein adsorption to the silicon crystal 

surface. Proteins have a high tendency to adsorb to solid surfaces. The major driving force is a gain of 

entropy, which is often accompanied by structural rearrangements of proteins [261, 287]. Both 

proteins of interest, including the tumor suppressor protein p53 and PARP1, showed strong and 

irreversible adsorption to the silicon crystal (data not shown), impeding structural studies of dynamic 

processes. Therefore, the silicon crystal surface was covalently modified with PEG-silane linkers, which 

is one of the best-known approaches to prevent non-specific protein adsorption [16, 107, 109]. By 

optimizing the modification procedure, finally, a stable PEG-modified surface was obtained. Besides 

efficiently preventing adsorption of the model protein BSA, also p53 and PARP1 were efficiently kept 

in solution (data not shown).  

The high protein concentrations of >3 mg/ml, which are necessary for reliable signals in ATR-FTIR 

spectroscopy, presented another challenge. Such concentrations are difficult to obtain for 

recombinantly expressed p53 and PARP1 proteins. This issue could be circumvented by specific 

immobilization, resulting in enhanced local surface concentrations. Several methods exist for 

immobilization of biomolecules. It was decided to use the biotin-streptavidin interaction, as it is one 

of the strongest known non-covalent protein-ligand interactions (Kd value of 10-15 M) and as a wide 

spectrum of biotinylated molecules and labelling reagents exist. Modifying the crystal surface with 

biotinylated PEG-silane linkers allowed the immobilization of biotinylated biomolecules via the 

tetrameric streptavidin protein. It was essential that the immobilized streptavidin itself was stable and 

did not undergo structural changes, which would have impeded structural analysis of p53 and PARP1. 

As neither elevated temperatures, nor 8 M urea showed an impact on the structure and stability of 

streptavidin, it could be assumed to remain constant during measurements. In principle, two 

approaches were possible: immobilization of p53/PARP1 or immobilization of the interaction partners 

(DNA/PAR). Both approaches offered several advantages. The main advantage of directly immobilizing 

p53/PARP1, was the access to structural data of those proteins in their unbound/free state. However, 

all attempts to immobilize p53/PARP1 were accompanied with loss of protein function (data not 

shown). Therefore, immobilization of DNA/PAR was preferred. This strategy provided several key 

advantages compared to the immobilization of p53/PARP1: commercially available biotinylated DNA, 

established end-labelling of PAR chains via biotin hydrazide [81], preservation of flexible protein 

structures (not anchored at the crystal surface) and easy subtraction of DNA/PAR spectra, as their 

spectra could be set to background before the addition of proteins. Immobilization of various 
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biotinylated DNA templates on the PEG-biotin modified surface via streptavidin worked very 

efficiently. Addition of p53 or PARP1 resulted in reversible binding, with signal intensities suitable for 

studying small structural changes (~10-30 mOD). To improve the stability of immobilized PAR chains, 

the established end-labelling method was optimized [81]. Alkoxyamine-biotin instead of biotin 

hydrazide was used for labelling, as the resulting oxime bond was expected to be significantly more 

stable [151]. Via this attempt, combined with size fractionation of biotinylated PAR chains, a stable and 

efficient immobilization of distinct PAR chain lengths and a detailed analysis of p53-PAR interaction 

was achieved.  

In summary, the established ATR-FTIR spectroscopic approach, which combines surface passivation 

and specific immobilization, provided the basis for studying PAR-protein interactions and the process 

of PARylation on a molecular and structural level. Performing time-dependent measurements, this 

setup was additionally especially suited for analysis of binding kinetics and competitive binding studies.   

8.2. Non-covalent interactions of the tumor suppressor protein 

p53 and PAR 

In this thesis, the non-covalent PAR-p53 interaction and the interplay with DNA binding was analyzed 

in detail via the established ATR-FTIR spectroscopic approach combined with size exclusion 

chromatography (SEC), differential scanning fluorimetry (DSF) and circular dichroism (CD) 

spectroscopy (Chapter 4 and 5). Strikingly, the data indicate that the previously suggested PBMs [224] 

are negligible in the context of the full-length protein, but that PAR binding is mainly mediated via the 

intrinsically disordered CTD, which plays a central role in regulating p53’s functions. Removal of the 

CTD (p531-355) as well as mutating several positively charged amino acids (p53PBM4) resulted in a 

complete loss of PAR binding ability. As this region within p53 can also be considered a PBM according 

to Pleschke et al. [278], first insights into the so far mostly uncharacterized PAR-PBM interaction was 

provided. 

In a first attempt, the role of the CTD in context of the structure of the full-length protein was analyzed, 

to obtain an idea of the significance of this domain. By comparing elution profiles of p53 variants via 

SEC, it could be shown that changes of the CTD have no impact on the tetrameric structure of p53. 

Potential effects on secondary structure were further examined via DSF, CD-spectroscopy and ATR-

FTIR spectroscopy. As all p53 variants showed similar melting temperatures combined with similar 

amide I band shapes, major structural changes could be excluded. Interestingly, while the melting 

temperature itself was not influenced by the presence or absence of the CTD, the formation of 

insoluble aggregates during the process of denaturation was strongly dependent on the CTD. Changes 

of the CTD shifted the formation of insoluble aggregates to higher temperatures, suggesting that the 

native CTD triggers aggregation formation. Remarkably, the addition of PAR resulted in similar effects 

indicating that not only mutations, but also blocking of the CTD via PAR binding can reduce p53’s 

propensity to form insoluble aggregates. Earlier studies analyzing truncated versions of p53 observed 

similar effects [31]. But as those truncated versions were also lacking the TD, tetramerization was 

suggested for aggregation induction instead of the CTD itself.  

Next, the role of the CTD with regards to sequence-specific DNA binding of p53 was analyzed. While 

earlier data suggested a negative regulatory function of the CTD, impairing DNA binding [138], more 

recent data demonstrated a positive regulatory function, mediating sliding along DNA and downstream 

transactivation of promotors [232, 326]. In this thesis, evidence for a positive regulatory function was 
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provided. Removal or mutations of the CTD impaired sequence-specific DNA binding, which could be 

demonstrated via the ATR-FTIR spectroscopic approach, as well as via DSF. Even though the overall 

structure of all p53 variants was similar, distinct structural differences could be resolved. This suggests 

that the CTD is not an isolated domain but might to some extent impact the structure of other domains 

via inter-domain communications. Moreover, evidence was provided that besides disordered 

structures, the CTD might also from helical or β-turn structures, when p53 is bound to its promotor 

sequence. Several studies could show a disorder-to-order transition of the CTD upon binding to various 

binding partners [94, 251, 302]. However, so far, only CTD peptides have been analyzed and not the 

CTD in the context of the full-length protein. 

Furthermore, the non-covalent p53-PAR interactions, including binding mechanism and structural 

consequences, were examined. Earlier data, applying electrophoretic mobility shift assays (EMSAs) and 

surface plasmon resonance spectroscopy (SPR), suggested a PAR chain length-dependent binding of 

p53. This could be confirmed in this thesis by several methods. Studying the interaction via DSF, a slight 

increase of the melting temperature of p53 in the presence of PAR was observed, which was more 

pronounced with longer chains. This suggests that besides sequence-specific DNA binding, also PAR 

binding can stabilize the structure of p53 to some extent, which is more effective with longer PAR 

chains. The chain length-dependent binding of p53 to PAR could further be supported by binding 

studies via SEC and via the ATR-FTIR spectroscopic approach. Yet, no significant differences of the 

secondary structure of p53 binding to different chain lengths was detected. Those data indicate that 

binding affinities of p53 to PAR increase with increasing PAR chain length, but that the binding 

mechanisms are similar. Presumably, it is mainly an electrostatic attraction-driven interaction between 

the positively charged CTD and the negatively charged PAR chains, which becomes stronger with 

increasing PAR chain length and increasing negative charge. Next, the mechanisms of PAR binding and 

sequence-specific DNA binding of p53 were compared. Distinct structural differences could be 

resolved, suggesting a more compact β-sheet structure when p53 is bound to DNA and a rather loose 

β-sheet structure when it is bound to PAR. Those structural changes are very likely caused by the DBD, 

which has a high content of β-sheet structures. A recent multi-technique approach combining NMR 

spectroscopy, small angle x-ray scattering, computations and electron microscopy, provided evidence 

that p53 has an open, cross-shaped structure with the TD at its center and a pair of loosely coupled 

DBD dimers at the ends in its free state. Upon DNA binding, the structure closes around the DNA and 

becomes more compact [147, 334]. Considering those results, it can be suggested that during PAR 

binding, which is mediated via the CTD and independent of the DBD, the DBDs of p53 stay in a loosely 

coupled state comparable to its free state.  

Finally, the interplay of DNA and PAR binding was investigated by DSF and in a time-dependent manner 

by ATR-FTIR spectroscopy. In both experimental setups, it could be shown that PAR can very efficiently 

abrogate sequence-specific DNA binding. Moreover, this was strongly dependent on the presence of 

the CTD and on PAR chain length. Early data on p53-PAR interaction already suggested competitive 

binding [224]. Yet, evidence at equilibrium conditions was still missing so far. As DNA could not very 

efficiently compete PAR-binding of p53, it can be concluded that PAR is the preferential binding partner 

of p53. Even though sequence-specific DNA binding and PAR binding are mediated via distinct 

domains, infrared spectroscopic analysis indicates no simultaneous binding of both binding partners. 

In summary, the herein provided detailed analysis of the non-covalent p53-PAR interaction via 

biochemical and biophysical approaches improves the understanding of how PAR can control major 

functions of p53, such as the p53-dependent interactome, transcription and replication-associated 
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recombination. In this context, the CTD seems to be the central regulator of p53. While on the one 

hand, the CTD is important for efficient binding of p53 to its promotor sequence, it is on the other hand 

responsible for efficient abrogation of this binding in the presence of PAR. Therefore, PAR might 

function as a temporal regulator of p53 in cells, determining location and activity of p53. The fact that 

this non-covalent interaction also mediates covalent PARylation of p53 by PARP1 even raises the 

significance of PAR binding of p53. Moreover, this thesis provides a basis for understanding PBM-PAR 

interactions in general. The structural flexibility of PBMs compared to other PAR binding modules 

probably allows a more versatile regulation of protein function. By adapting various structures, one 

domain might fulfill multiple functions and mediate binding to different binding partners. As CTD-like 

regions are highly enriched in the PARylated proteome, similar binding mechanisms for other PAR 

binding proteins are expected.  A potential example is the nucleotide excision repair (NER) protein XPA, 

where non-covalent PAR binding exhibits similar characteristics compared to p53-PAR interaction. This 

includes a PBM-mediated PAR binding, which was shown to be  PAR chain length-dependent and which 

can impair DNA binding of XPA [81, 91]. Another potential example is the oncoprotein DEK, which also 

exhibits a PAR chain length-dependent affinity, mediated via PBM interactions [84]. Several other 

potential examples could be mentioned here. Interestingly, a recent study suggested that PAR can 

trigger liquid demixing of positively charged intrinsically disordered proteins, promoting a rapid, yet 

transient assembly of those proteins [13]. Therefore, PAR might function as a general dynamic 

organizer of the soluble intracellular space, by attracting various proteins containing CTD-like regions.  

8.3. PARP1-dependent PARylation 

Over the last years, the knowledge of the mechanisms involved in PARP1-dependent PARylation 

considerably improved by combination of various approaches and the detailed analysis of distinct steps 

during the enzymatic reaction. It has been demonstrated that in the absence of DNA strand breaks, 

the HD domain of PARP1 blocks accessibility of NAD+ to the catalytic center, leaving PARP1 in an 

inactive state [198]. Upon DNA strand break recognition, the HD domain partially unfolds, giving access 

to NAD+ and thereby starting PARylation [68, 79, 191, 198]. Automodification of PARP1 then results in 

the dissociation of PARP1 from DNA, due to electrostatic and steric repulsion [192, 254]. Still, most 

studies only offer snapshots of each process, missing the dynamic interplay. In this thesis, an ATR-FTIR 

spectroscopic approach was developed, which allowed a detailed analysis of all processes during 

PARP1-dependent PARylation in real-time and under near-physiological conditions, including: (i) 

PARP1 binding to different types of DNA strand breaks, (ii) binding of NAD+, (iii) PARylation and (iv) 

PARP1 dissociation from DNA (Chapter 6). Besides kinetic data also access to structural data of PARP1 

during those processes was obtained. Combined with other methods, including DSF and gel-based 

assays and a detailed characterization of the produced PAR via HPLC and LC-MS/MS, this thesis offers 

profound insights into the dynamic molecular processes during PARP1-dependent PARylation. 

In a first step, DNA strand break recognition of PARP1 was examined in detail. Analyzing binding of 

PARP1 to various DNA strand break models, no major differences could be detected. PARP1 showed 

fast and efficient binding, as well as similar secondary structures when bound to DNA. Moreover, there 

was also no significant difference in the absolute amounts of PARP1, which were bound to the DNA 

strand break models, indicating similar binding stoichiometries. Therefore, binding of PARP1 to DNA is 

very likely independent of the type of DNA strand break. The proposed allosteric binding mechanism 

could be confirmed via DSF. Addition of DNA resulted in a reduction of thermal stability of PARP1, 

probably caused by the induced destabilization of the HD domain within the catalytic domain of PARP1 

[68, 79, 191, 198]. Unfortunately, this effect could not be examined further via the ATR-FTIR 
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spectroscopic approach, due to the inaccessibility of infrared spectroscopic data of PARP1 in its 

free/unbound state.  

Interestingly, significant differences were observed between the signal intensities of the amide I bands 

of PARP1 and p53, when bound to immobilized DNA. PARP1 displayed significantly higher signal 

intensities (~20-35 mOD) compared to p53 (~10-15 mOD), which was not expected at similar 1:1 

binding stoichiometries (p53 tetramer (172 kDa), PARP1 monomer (113 kDa)). While the tetrameric 

binding of p53 to DNA was confirmed via SEC experiments, a dimeric action of PARP1 cannot 

completely be excluded. While earlier data suggest a dimeric action of PARP1 [10, 277], increasing 

evidence from structural, biophysical and cell-based analysis favors a monomeric action [79, 191, 209, 

214, 226, 321]. Still, a recent study performing electron microscopy, suggests a dimeric form of PARP1 

in the unbound state [166]. Therefore, not only protein-DNA, but also protein-protein interactions 

might contribute to a dimeric action of PARP1. 

Next, the effect of NAD+ addition and the following process of PARylation was investigated via ATR-

FTIR spectroscopy. Testing increasing NAD+ concentrations, a more efficient dissociation of PARP1 from 

DNA, combined with a more pronounced PAR formation, was observed. Moreover, both processes 

displayed faster kinetics at higher NAD+ concentrations. This indicates that besides PAR formation, also 

dissociation was strongly dependent on catalytic turnover. An increase of PAR signal, which was 

observed during the dissociation of PARP1 from DNA, was very likely caused by the covalent 

modification of molecules at the crystal surface. Two potential targets were present at the crystal 

surface: DNA and streptavidin. On the one hand, several studies provide evidence for a covalent 

modification of DNA [32, 253, 329, 371]. On the other hand, the close proximity of PARP1 to 

streptavidin might render it a target of covalent modification, like it was shown for the CTD mediated 

PARylation of GST (Chapter 4). Unfortunately, all attempts to identify the target of covalent 

modification via gel-based assays failed (data not shown). This is probably caused by the low sensitivity 

of those assays. Alternative approaches offering better sensitivities, such as mass spectrometry, could 

be applied in future experiments. Still, it can be concluded that this PARylation positively correlates 

with a fast and efficient dissociation of PARP1 from DNA. The sensitivity of the ATR-FTIR spectroscopic 

approach enabled the detection of significant differences between the activation of PARP1 at various 

DNA strand break models, which could not be resolved by others so far. PAR formation, as well as 

dissociation, were most effective at 3’ phosphorylated ends and single nicks. This is not surprising as 

3’ phosphorylated ends can occur after ionizing radiation, topoisomerase I inhibition and during BER, 

where PARP1 is known to play a central role [272, 290]. Moreover, PARP1 was shown to be essential 

for a fast and efficient repair of DNA single strand breaks [290]. Notably, PARP2 and PARP3 are mainly 

activated at 5’ phosphorylated ends pointing toward distinct roles for each enzyme.  

In a further attempt, structural changes of PARP1 upon addition of NAD+ were analyzed via the ATR-

FTIR spectroscopic approach. As several bands of the NAD+ spectrum, as well as of the PAR spectrum, 

overlay the structure sensitive amide I region, structural analysis was challenging. Sensitivity could be 

improved by using isotopically labelled NAD+, which leads to the shift of those bands to lower 

frequencies. The resulting data provide evidence for an increase of disordered structures of PARP1 

upon addition of NAD+. Those structural rearrangements are probably caused by a reverse allosteric 

binding mechanism, which was recently suggested for the binding of an NAD+ analogue [198]. 

Furthermore, structural consequences of PARP inhibitor binding and the suggested DNA trapping 

effect, which locks PARP1 on DNA, were investigated via the ATR-FTIR spectroscopic approach. Two 
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main hypothesis exist for the DNA trapping effect in the presence of inhibitors: trapping by catalytic 

inhibition [48, 132]  or trapping by allosteric binding strengthening DNA affinity [254, 255]. The infrared 

spectroscopic data suggest an allosteric binding mechanism, which results in an increase of disordered 

structures similar to the binding of NAD+. Still, this allosteric binding mechanism did not stabilize PARP1 

at DNA strand breaks. The observed trapping effect was mainly caused by catalytic inhibition, which 

prevented dissociation of PARP1, due to inhibition of PARylation. 

To further characterize the process of PARylation with regards to initiation, elongation and branching, 

various PARP1 variants (PARP1\WT, PARP1\G972R, PARP1\Y986H, PARP1\Y986S), which were shown 

to produce PAR of different qualities, such as chain length and branching frequency [295], were 

analyzed in detail (Chapter 7). This included the comparison of thermal stabilities via DSF, analysis of 

the enzymatic reaction via DSF and gel-based assays and characterization of the produced PAR via 

HPLC and LC-MS/MS. The thermal stability of all variants was slightly reduced, indicating that the 

introduced point mutations had a slight impact on the structure of PARP1. This effect was even more 

pronounced in the presence of DNA. As DNA binding mediates structural distortions of the HD [68, 79, 

191, 198], the introduced mutations within the catalytic domain probably caused further 

destabilization. Interestingly, the low thermal stability of PARP1 variants PARP1\G972R and 

PARP1\Y986S in the presence of DNA correlated with a low enzymatic activity. Therefore, enzymatic 

activity seems to be strongly dependent on PARP1 structure and the stability of the catalytic domain. 

Characterizing the structure of purified PAR with regards to chain length and branching frequency 

revealed that all PARP1 variants produce PAR of shorter chain lengths with PARP1\Y986S producing 

the shortest chains. Furthermore, distinct differences with regards to branching frequency could be 

resolved: While PARP1\G972R produced PAR with a slightly reduced branching frequency (28%), it was 

slightly increased for PARP1\Y986S (1.7-fold) and strongly increased for PARP1\Y986H (16-fold). 

Therefore, the residue Y986 seems to play a central role in the branching and elongation reaction. By 

combination of mutagenesis and crystal structures, it was suggested that during the branching 

reaction, the acceptor PAR chain is flipped 180° and that in this position, the residue Y986 interacts 

with the pyrophosphates of the distal ADP-ribose unit. Changing the tyrosine to a histidine might 

strongly stabilize this interaction, due to stronger hydrogen bonds [309], favoring the branching 

reaction. Changing it to serine might result in a slight stabilization and therefore also a slight increase 

in branching frequency. The difference between those two variants with regards to enzymatic activity 

and PAR chain length suggests that this residue not only plays a central role in the branching reaction, 

but also in chain elongation. It might have a general function in stabilizing acceptor PAR chains at the 

catalytic center. The significance of G972 has so far not been elucidated further. The presented data 

suggest that it is essential for stabilizing the catalytic domain. The observed effects with regards to PAR 

chain length and branching frequency are probably caused by defects in protein structure. Accordingly, 

it can be assumed that protein structure, enzymatic activity and the produced PAR chain length and 

branching frequency are highly interdependent.  

The detailed characterization of PARP1 variants with distinct enzymatic activities not only gave insights 

into the structure-function relationship, but also provided the basis to study the biological significance 

of PAR heterogeneity in a cellular context, which is discussed in chapter 7. Interestingly, mutations 

showing a strong impact on enzymatic activity and structural stability correlated with severe cellular 

effects, including decreased cell viability, changes in PARP1 dependent transcription and defects in 

relocalization of repair factors. Furthermore, purification of PAR from those variants offers a direct 

possibility to analyze the effect of branching in in vitro binding studies. Even though several studies 
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addressed the effect of PAR chain length with regards to non-covalent protein binding [81, 84], almost 

nothing is known about the effect of branching sites. Recently, it was suggested that the tandem PBZ 

motifs of APLF specifically recognize branched PAR sites [50]. Yet, direct evidence is still missing so far. 

Moreover, those binding studies could be extended to proteomic approaches to identify potential 

binding partners, which recognize distinct structures of PAR.   

In summary, the herein provided analysis of PARP1 dependent PARylation upon DNA strand-break 

recognition on a molecular and structural level improves the current understanding of the dynamic 

processes that occur in cells after induction of genotoxic stress. Not only the synthesis and degradation 

of PAR are very dynamic processes, but also DNA binding, NAD+ binding and dissociation of PARP1 from 

DNA.  Strikingly, PARP1 recruitment, dissociation and PAR formation in a cellular context displayed 

similar kinetics compared to the spectroscopic setup (chapter 7), strengthening the relevance of this 

data. Moreover, evidence is provided that all processes are accompanied by structural changes of 

PARP1. This highlights the tight control, which cells have evolved to respond to genotoxic stress. 

Moreover, the structural flexibility of PARP1 might explain how one protein can fulfill various functions, 

such as DNA repair [290], chromatin regulation [299], telomere maintenance [61], replication [42], cell 

cycle regulation [303] and inflammation [123]. 
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9. Conclusion and outlook  

The development of an ATR-FTIR spectroscopic approach, combining surface passivation and specific 

immobilization, allowed a detailed analysis of PARP1-dependent PARylation and the PAR-p53 

interaction. Besides information on binding affinities and binding kinetics, also information on protein 

secondary structures, dependent on various binding partners, was obtained. The main advantage of 

the developed approach was the study of full-length PARP1 and p53 in a label-free manner and in 

aqueous solutions, providing information under near-physiological conditions. Moreover, by time-

dependent measurements, the full potential of ATR-FTIR spectroscopy could be exploited, giving 

access to very dynamic processes. Combined with other biochemical and biophysical methods, findings 

from others could be confirmed, topics, which are currently discussed, could be further analyzed and 

moreover, new aspects in the field of PARylation could be revealed. Still, there are many open 

questions left, which could not be addressed in this thesis, such as: How can one PARP1 molecule 

simultaneously modify itself and other molecules? What determines chain length and branching 

frequency of generated PAR? What are the exact structural consequences of PARP1 automodification? 

When PAR chain length affects binding affinity, is there an effect of branching?... By adjusting the ATR-

FTIR spectroscopic approach and combining it with innovative ideas, it offers an ideal platform to 

answer all those questions in future studies. Beyond that, it can be applied to several biological 

questions, where conventional methods currently encounter their limitations. This includes all kinds 

of protein-DNA, protein-RNA and protein-ligand interactions, involving intrinsically disordered regions 

or large multi-domain proteins. The fact that almost 70% of all DNA-binding proteins contain 

intrinsically disordered regions [351], which are essential for distinct key functions, but mainly ignored 

by current structural studies, emphasizes the benefit of the developed ATR-FTIR spectroscopic 

approach.  
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10. Record of contribution - summary 

 

A combined approach of surface passivation and specific 

immobilization to study biomolecules by ATR-FTIR spectroscopy 

Design and conduction of all experiments, data evaluation, preparation of figures and writing of first 

version of the manuscript. Significant contributions during editing and discussion of the manuscript.   

 

The C-terminal domain of p53 orchestrates the interplay between 

non-covalent and covalent poly(ADP-ribosyl)ation of p53 by PARP1 

Design, conduction and evaluation of SEC and DSF experiments (Figure 4.2F, Figure 4.3C, Suppl. Figure 

4.2C+D+E). Significant contributions during editing and discussion of the manuscript. Establishment of 

purification of recombinant p53 variants as well as conduction of PAR overlay assays was performed 

during master thesis (Figure 4.1C).  

 

Interactions of p53 with poly(ADP-ribose) and DNA induce distinct 

changes in protein structure as revealed by ATR-FTIR spectroscopy 

Design and conduction of all experiments apart from the enzymatic synthesis, biotinylation and size-

fractionated of PAR (Figure 5.3C, Suppl. Figure 5.2). Performance of  data evaluation, preparation of 

figures and writing of first version of the manuscript. Significant contributions during editing and 

discussion of the manuscript.     

 

Real-time monitoring of the PARP1 dependent PARylation by ATR-

FTIR spectroscopy 

Design and conduction of all experiments. Evaluation of data, preparation of figures and writing of first 

version of the manuscript. Significant contributions during editing and discussion of the manuscript.   

 

Poly(ADP-ribose) chain length and branching determine cellular 

physiology and stress response 

Design and conduction of in vitro experiments, including purification of PARP1 variants, 

characterization of enzymatic activity and analysis of PAR. Design and supervision of PARG assay. 

Evaluation of those experiments including preparation of figures (Figure 7.1, Figure 7.2A, Suppl. Figure 

7.1). Writing parts of the manuscript (chapter 7.4.1-7.4.7 and chapter 7.5.1). Significant contributions 

during editing and discussion of the manuscript.   
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